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Bacterial cells surface is rich in diverse polysaccharides that encapsulate the cells involved 

in crucial roles such as regulating cell permeability, mediating surrounding interactions, and 

offering protection. Key classes of bacterial surface polysaccharides include teichoic acids (TAs), 

lipopolysaccharides (LPS), capsular polysaccharides (CPS), and exopolysaccharides (EPS). These 

surface polysaccharides are predominately synthesized by three conserved pathways: the 

Wzx/Wzy-dependent pathway, the ATP-binding cassette (ABC) transporter-dependent pathway, 

and the synthase-dependent pathway. The initiation of polysaccharide biosynthesis in the 

Wzx/Wzy-dependent and ABC transporter pathways is well documented to employ a lipid initiator 



  

substrate. However, the initiations of synthase-dependent systems have yet to be eluted, with 

speculation of undergoing a “self-initiating” mechanism by employing a free monosaccharide as 

the first acceptor molecule. 

 Here, we investigate the initiation of poly-β-D-(1→6)-N-acetyl-glucosamine 

(PNAG) in Gram-negative bacteria through synthase-dependent pathway via PgaCD complex. 

PgaCD is a transmembrane heterodimer within the glycosyl transferase (GT) 2 family, catalyzing 

the transfer of GlcNAc residues from activated sugar nucleotides onto an acceptor substrate. We 

begin by isolating active PgaCD complex and measuring its activity in vitro (Chapter 2). First, we 

employ an expression system that successfully incorporates both proteins within the same 

membrane bilayer and demonstrated positive enzymatic activity through the hydrolysis of UDP 

from its cognate substrate UDP-GlcNAc (2.2.1). Additional 13C NMR analysis of in vitro product 

confirmed the polymerization of PNAG and revealed chemical shifts characteristic of unsaturated 

lipids (2.2.4). Localization experiments of the de novo PNAG demonstrated membrane association 

mechanism after polymerization suggesting possible interactions with the membrane lipids (3.2.1). 

Furthermore, high concentrations of free GlcNAc residues had no effect on enzymatic activity of 

PgaCD, ruling out its role as a possible initiator substrate (3.2.2). Taken together, the evidence 

suggests that the PgaCD complex may employ a primer-dependent initiation strategy analogous to 

other surface polysaccharide biosynthetic systems.    

 Stratification of biofilms could impact how EPS is spatially distributed throughout; thus, it 

is imperative to study biofilms in situ, without disrupting their architecture. By utilizing a 

microfluidic device with an integrated cell seeding zone, it allowed for simultaneous cultivation, 

labeling, and dispersal monitoring of bacterial biofilms (4.2.1). Through using this platform, we 

compared PNAG distributions in biofilms produced by different bacteria (4.2.3). Dispersal by 



  

PNAG hydrolysis using DspB wt revealed alternative cohesion profiles between the two species, 

showcasing the versatility of the microfluidic platform for simultaneous cultivation, imaging, and 

targeted dispersal of diverse bacterial biofilms. 
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Chapter 1: Introduction to bacterial cell surface polysaccharides 

and bacterial biofilms 
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1.1 Cell surface polysaccharides in bacteria 

Bacteria surfaces are predominately composed of polysaccharides that encapsulate cells and 

are essential of their survival.1  These surface polysaccharides are highly diverse in structure and 

play crucial roles in regulating cell permeability and mediating interactions with the surrounding 

environment.2  The initial characterization of bacterial surface polysaccharides dates back to the 

early 1900s, with the isolation of a “soluble specific substance” from pneumococcus Type II strains 

associated with pneumonia.3  Subsequent studies have elucidated the precise morphological 

localization and functional significance of these macromolecules. 

Surface polysaccharides are often described as forming a “capsule” around the bacteria, 

contributing to 60% of the bacterial dry weight. This capsule is biochemically and structurally 

distinct from the bacterial cell wall which includes a complex of proteins, lipids, and 

polysaccharides essential for cell integrity and viability. Alternatively, enzymatic 

degradation/removal of these polysaccharides does not compromise cell viability. The capsule is 

highly hydrated, containing as much as 98% water, and possess a characteristic sticky, gelatinous 

texture.4  

These polysaccharide capsules contribute to multiple aspects of the bacterial lifecycle, 

including modulation of immune system interactions, maintenance of structural integrity, and 

control of cellular permeability. Key classes of bacterial surface polysaccharides include teichoic 

acids (TAs), lipopolysaccharides (LPS), capsular polysaccharides (CPS), and exopolysaccharides 

(EPS) (Fig 1.1).5–7  Teichoic acids are anionic polymers found exclusively in Gram-positive 

bacteria, and are subdivided into wall teichoic acids (WTAs), which are covalently linked to 

peptidoglycan, and lipoteichoic acids (LTAs), which are anchored to membrane lipids.8  In Gram-

negative bacteria, LPS molecules constitute a major component of the outer membrane and consist 
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of three distinct regions: Lipid A, serving as the lipid anchor and consisting of a β-1,6-linked 

disaccharide of glucosamine attached to fatty acids; a core oligosaccharide containing residues 

such as 3-deoxy-D-manno-oct-2-ulosonic acid (Kdo) and heptose residues that confer structural 

stability; and the O-antigen, a highly variable polysaccharide chain composed of repeated 

oligosaccharide units.9,10  CPS are tightly associated with the cell surface, linked via lipid anchors 

in Gram-negative bacteria or covalently bound to peptidoglycan in Gram-positive bacteria. These 

large acidic polymers exhibit extensive structural variation, providing the basis for bacterial 

Figure 1.1: Common surface polysaccharides produced by bacteria. Majority of 

surface polysaccharides are displayed on cell surfaces through covalent linkages to lipid 

substrate/peptidoglycans. Abbreviations: FucNAc: N-Acetyl-Fucosamine; ManNAcA: 

N-acetyl-Mannosaminuronate; Gal: Galactose; Nga: N-glycolylneuraminic acid; KDO: 

3‑deoxy-α-D-mannooctulosonic acid; Hep: Heptulose; NGa: Galactosamine; NGc: 

Glucosamine. 
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serotyping.11  EPS are long-chain polysaccharides that contribute significantly to biofilm matrix 

formation in both Gram-positive and Gram-negative bacteria, with structural diversity arising from 

variations in branching, glycosidic linkages, and chemical modifications such as deacetylation, 

succinylation, and phosphorylation.12–14  

Biosynthesis of bacterial surface polysaccharides is primarily mediated through three 

conserved pathways: the Wzx/Wzy-dependent pathway, the ATP-binding cassette (ABC) 

transporter-dependent pathway, and the synthase-dependent pathway (Fig 1.2).15–17  While these 

pathways govern the synthesis and export of polysaccharides, the specific biochemical 

characteristics of the polysaccharide and their final assembly and display determine how they are 

classified and their function. 

Figure 1.2: Biosynthetic pathways for surface polysaccharides. All surface 

polysaccharides in bacteria are biosynthesized by 3 pathways: Wzx/Wzy-dependent, 

ABC transporter-dependent, and Synthase-dependent. Depiction of all 3 pathways in 

Gram-negative bacterium.   
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1.2 Wzx/Wzy dependent pathway 

Of the three pathways responsible for surface polysaccharide biosynthesis, the Wzx/Wzy 

pathway is responsible for the synthesis of the majority of the heteropolysaccharides including the 

LPS O-antigen , CPS, and EPS.18  The initiation of the pathway typically begins with the transfer 

of a monosaccharide 1-phosphate from activated sugar nucleotide (NDP-glycoses) onto 

undecaprenyl phosphate (Und-P) forming undecaprenyl pyrophosphate monosaccharide (Und-PP-

monosaccharide) which serves as the foundational acceptor for the polysaccharide 

assembly.19  Glycosyltransferase polymerizes upon the lipid linked monosaccharide in the 

cytoplasm, after which the growing oligosaccharide is translocated across the cytoplasmic 

membrane by the Wzx flippase into the periplasmic space. Polymerization continues in the 

periplasm, catalyzed by the putative polymerase Wzy.20 Upon completion of polymerization, the 

polysaccharide follows distinct routes depending on the biosynthetic pathway. In LPS 

biosynthesis, the fully assembled O-antigen is attached to the core oligosaccharide by the ligase 

WaaL and incorporated into the outer leaflet of the outer membrane. In CPS biosynthesis, the 

completed polymer is exported through the outer membrane via the translocon Wza.21   

1.3 ABC-transport dependent pathway 

ABC transporters perform diverse functions in biological systems, including the export of 

various polysaccharides. These large transmembrane proteins contain 4 essential domains: two 

transmembrane domains (TMDs) and two nucleotide-binding domains (NBDs). The TMDs 

facilitates polysaccharides export and typically comprise up to 12 transmembrane helices.22  The 

nucleotide-binding domains contain a highly conserved LSGGQ motif, a feature that has aided the 

identification of multiple surface polysaccharide transporters such as Wzt (O-antigen transport), 

KpsT (Group 2 capsular polysaccharides), and TagH (teichoic acid transport).15  



 

 

6 

 

In ABC transporter-dependent pathways, polysaccharide polymerization occurs entirely 

within the cytoplasm. Similar to the Wzx/Wzy pathway, polymer synthesis begins with an Und-

PP-monosaccharide intermediate, which is extended through the action of glycosyltransferase 

(GT) enzymes to assemble a Und-PP-linked polysaccharide product. The completed 

polysaccharide is subsequently transported across the membrane by the ABC transporter through 

ATP hydrolysis-driven translocation.11,23  

1.4 Synthase dependent pathway 

The synthase-dependent pathway represents the third major mechanism for bacterial surface 

polysaccharide synthesis and export.17  Unlike the Wzx/Wzy and ABC transporter systems, 

synthase-dependent systems utilize a GT enzyme that is responsible for both polymerization and 

translocation of the polysaccharide across the membrane.24  The activity of synthase dependent 

systems is often regulated by the second messenger cyclic di-guanosine monophosphate (c-di-

GMP) in response to environmental signals.25  In Gram-negative bacteria, the biosynthetic operon 

frequently contains an outer membrane porin to facilitate polysaccharide export. Many biofilm-

associated polysaccharides, such as alginate in Pseudomonas species, bacterial cellulose in 

Escherichia coli, and poly-N-acetylglucosamine in Staphylococcal species, are synthesized via this 

pathway.26–28 These enzymes typically use nucleotide diphosphate sugars (NDP-glycoses) as 

substrates for polysaccharide polymerization. Notably, certain synthases can produce 

heteropolysaccharides using different substrates. For example, hyaluronic acid synthase (HAS) 

alternately incorporates UDP-glucuronic acid (UDP-GlcUA) and UDP-N-acetylglucosamine 

(UDP-GlcNAc) to generate a polysaccharide with repeating disaccharide units.29 The initiation 

mechanism of polysaccharide synthesis in synthase-dependent pathways remains under 

investigation. Current hypotheses suggest a “self-initiation” process where hydrolysis of the NDP-
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sugar releases a free monosaccharide that serves as the nucleus for chain elongation. In vitro 

studies have demonstrated reconstituted synthase activity for enzymes such as bacterial cellulose 

synthase (Bcs), hyaluronic acid synthase (HAS), and alginate synthase.24,30  However, whether this 

is the mechanism in vivo remains under speculation.  

The Bcs system is responsible for the synthesis and translocation of bacterial cellulose, a linear 

polymer of β-(1→4)-linked glucose (Glc) subunits, across the cellular membrane within Gram-

negative bacteria, including in E. coli and Rhodobacter sphaeroides.31  The BcsA–BcsB complex 

forms the active synthase and translocation pore for bacterial cellulose, and its function is 

allosterically regulated by c-di-GMP binding.30,32  The BcsA–BcsB complex catalyzes the transfer 

of Glc from UDP-Glc to the growing polysaccharide. Studies from the Zimmer lab using purified 

recombinantly expressed BcsA/B from R. sphaeroides have shown that the complex is sufficient 

to produce cellulose polysaccharides in the presence of cellobiose (a dimer of Glc) and UDP-Glc.  

Similarly, HAS catalyzes the alternate transfer of UDP-N-acetylglucosamine (UDP-GlcNAc) and 

UDP-glucuronic acid (UDP-GlcUA) to the growing HA chain, forming repeating disaccharide 

subunits containing alternating β-(1→3) and β-(1→4) glycosidic linkages, respectively.24  
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1.5 PNAG structure, function, and initiation 

Poly-β-(1→6)-N-acetyl-D-glucosamine (PNAG) is a widely distributed EPS found in both 

Gram-positive and Gram-negative bacterial biofilms, with minor structural variations between 

species (Table 1).33,34  In Gram-positive bacteria, PNAG synthesis is regulated by the ica operon,  

which is conserved in Staphylococcal species such as S. epidermidis and S. aureus.35,36  The operon 

is comprised of 4 genes: icaA, icaD, icaB, icaC.35,37,38  The IcaA protein is predicted to contain 4 

transmembrane helices and a cytosolic domain, and function as the GT enzyme responsible for 

PNAG polymerization (Fig 1.3).39  IcaD is a small unknown protein with 2 transmembrane helices, 

that is required for optimal IcaA activity.40  IcaC is a large integral membrane protein that was 

initially predicted to aid in the export of PNAG,37 though more recent studies suggest it might 

serve as a succinyl transferase adding succinate esters to the growing PNAG polysaccharide in 

Figure 1.3: PNAG biosynthetic pathway in Gram-negative and Gram-positive 

bacteria. In Gram-negative bacteria the glycosyl transferase enzyme performs both 

polymerization and translocation through the membrane. In Gram-positive bacteria, 

PNAG is polymerized by the glycosyl transferase then exported out by a separate outer 

porin protein.    
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Staphylococcal species. Lastly, IcaB is classified as a carbohydrate esterase enzyme responsible 

for catalyzing the de-N-acetylation of PNAG generating glucosamine (GlcN) residues in the 

mature polysaccharide.41   

Table 1.1: Different PNAG producing species.56  

SPECIES TYPE SPECIES 

GRAM-NEGATIVE Actinobacillus pleuropneumoniae, Escherichia coli, Acinetobacter 

baumannii, Aggregatibacter actinomycetemcomitans, Vibrio 

parahemolyticus, Yersinia pestis, Bordetella pertussis, Klebsiella 

pneumoniae, B. parapertussis, Shigella spp., B. bronchiseptica, 

Stenotrophomonas maltophilia, Burkholderia cepacia, Yersinia 

entercolitica, Enterobacter cloacae, Yersinia pseudotuberculosis, 

Bacteroides fragilis, Neisseria meningitides, Hemophilus ducreyi, 

Hemophilus influenzae, Neisseria gonorrhoeae 

GRAM-POSITIVE Staphylococcus aureus, Staphylococcus epidermidis, Bacillus subtilis, 

Streptococcus pyogenes, Streptococcus agalactiae, Streptococcus 

pneumoniae, Listeria monocytogenes, Mycobacterium tuberculosis 

EUKARYOTIC 

ORGANISMS 

Candida albicans, Plasmodium spp., Trichmonas vaginalis 

 

In Gram-negative bacteria, PNAG biosynthesis is mediated by the pga operon which also 

encodes four genes: pgaA, pgaB, pgaC, and pgaD (Fig 1.3).42  Of these the PgaC protein is the 

inner membrane-associated GT responsible for the polymerization of PNAG by transferring the 

GlcNAc residue from UDP-GlcNAc to the growing chain.14  PgaD, analogous to IcaD, is essential 
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for the GT activity.14,43  PgaA is a large outer membrane β-barrel porin protein responsible for the 

secretion of mature PNAG through the outer membrane and features a TPR repeat domain within 

the periplasm that has been shown to interact with PgaB.44  PgaB is a soluble, bifunctional 

periplasmic protein with both carbohydrate esterase (CE) and glycosyl hydrolase (GH) activities. 

It is responsible for both the de-N-acetylation of PNAG as well as PNAG hydrolysis. Its hydrolytic 

activity is thought to prevent unwanted aggregation of PNAG within the bacterial periplasm.14   

Despite significant advances in structural and biochemical characterization of PNAG and its 

associated enzymes, a key aspect of the initial process of PNAG polymerization remains unclear. 

While the functions of the individual proteins and the structure of the polysaccharide have been 

elucidated, the identity of the native initiator substrate for PNAG synthase is still unknown. 

To our knowledge, there are no reports of fully reconstituted in vitro activity for the PgaC/D 

complex. Previous work by the Nitz group showed that purified complexes solubilized in detergent 

micelles exhibited much lower activity compared to crude enzyme preparations from membrane 

fractions.45  This observation raises questions about whether synthase-based EPS systems employ 

initiation mechanisms analogous to those of other bacterial surface polysaccharides and whether 

critical initiator molecules are lost during enzyme purification. This thesis will focus on detailing 

the biosynthetic pathway of PNAG in Gram-negative bacteria and developing tools to study its 

function in biofilm assembly, dynamics, and disassembly. 

1.6 Exopolysaccharides in bacterial biofilms 

Bacterial biofilms consist of sessile cells encapsulated in a self-secreted extracellular 

matrix composed of nucleic acids, proteins, and EPS. 46–48 EPS have been found to play a crucial 

role during bacterial biofilm formation by providing physical stability and resistance against shear 

force.49  These polysaccharides function as adhesins, promoting cell-to-cell adhesion and 
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facilitating attachment to surfaces.50  Several distinct EPS including Pel, Psl, alginate, cellulose, 

Vps, PNAG and Bacillus EPS have been linked to the development of mature bacterial 

biofilms.33,51–54  In most studies, mutants lacking the machinery to synthesize these EPS exhibit 

significantly reduced biofilm formation capabilities.35  Beyond conferring physical stability, EPS 

also play important roles in bacterial pathogenicity.49,55,56  For example, alginate, a polysaccharide 

consisting of a linear chain of β-(1→4)-linked D-mannuronic acid that is further modified through 

isomerization and O-acetylation, has been linked to host immune evasion and has been shown to 

contribute to pathogenesis in patients suffering from cystic fibrosis.57   

It is not uncommon for bacteria to contain machinery to synthesize multiple types of EPS 

structures. For example, E. coli harbors at least three distinct synthase pathways encoded by the 

pga, bcs, and nfr operons.14,32,58  Together these pathways are responsible for the biosynthesis of 

PNAG, bacterial cellulose, and a novel poly-N-acetylmannosamine (poly-ManNAc) 

polysaccharide, respectively. For all three pathways, the activity of the synthase enzyme is 

allosterically modulated through binding to the bacterial second messenger c-di-GMP.59  In E. coli, 

the production of c-di-GMP is catalyzed by at least 14 diguanylate synthase (Dgc) enzymes  in 

response to environmental signals, serving as part of the bacterial stress response.60,61  The 

Figure 1.4: Scanning Electron Microscopy of E. coli cells. Biofilm inducing growth 

conditions (left) reveals cells encased in extracellular matrix with planktonic cells 

shown on the right. Imaging studies were performed by Saul Flores. 
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downstream effects of increased c-di-GMP production include decreased cell motility, enhanced 

synthesis of adhesion-related proteins such as pili and fimbriae, and upregulated biosynthesis of 

EPS.62–65  While PNAG and bacterial cellulose are well-established contributors to biofilm 

formation, the precise role of the poly-ManNAc polysaccharide assembled by the proteins encoded 

in the nfr operon remains unclear. If and how these synthase-dependent EPS biosynthesis pathways 

are independently regulated during biofilm formation also remains a mystery, and to date, there 

have been no studies that investigate the interactions, colocalization, or dynamics or these EPS 

systems. 

1.7 Biofilm development and architecture  

Bacterial biofilm formation is typically described as a five-stage process that begins with 

the reversible attachment of planktonic cells to a surface via non-specific interactions, such as van 

der Waals force s(Figure 1.5).66,67  Following this initial attachment, the process advances to stage 

two, irreversible attachment.68,69  Here, bacteria utilize specific proteins or lipopolysaccharides to 

anchor themselves more firmly through ionic interactions with the surface.70,71   During stage 3, 

attached cells begins to proliferate forming microcolonies and begin secreting extracellular matrix 

that includes EPS, proteinaceous fimbriae, and extracellular nucleic acids, including eDNA and 

eRNA.72–74   
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As microcolony matures through further cell division in stage IV, the development of a 

three-dimensional biofilm architecture becomes evident.75  Stratification within the biofilm occurs 

due to nutrient gradients, regulated by both external and internal signals.76  Cell-to-cell 

communication is conducted through quorum sensing (QS) a density-dependent signaling process 

where bacteria secrete and detect extracellular chemical signals.77  In Gram-negative bacteria, QS 

is often mediated by N-acyl-L-homoserine lactones (AHLs), while Gram-positive bacteria 

primarily utilize cyclic peptides.78–81  Additional small molecule signals also include quinolones 

in P. aeruginosa, and diffusible signal factor (DSF) cis-11-methyl-dodecenoic acid in 

Xanthomanas campestris.82,83  

During maturation, biofilms often develop a mushroom-like structure, with immotile cells 

forming the stalk and motile cells migrating to create the characteristic cap.84  The maturation 

timeline is highly variable ranging from hours to weeks depending on bacterial species and 

environmental conditions.85  Mature biofilms contain a complex system of water channels 

responsible for carry nutrients throughout the structure.86   Variations in nutrient availability across 

Figure 1.5: Lifecycle of bacterial biofilm. Stage 1 begins with reversible attachment 

of planktonic cells. Stage 2 is the irreversible attachment through secreting surface 

adhesins (polysaccharides/fimbriae proteins). Followed by stage 3 where cells undergo 

proliferation. As the biofilm matures in stage 4, stratification occurs. Stage 5 cells 

undergo active/inactive dispersal.  
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the biofilm produce distinct microenvironments where cells in the nutrient-poor biofilm core 

display reduced metabolic activity, whereas those at the periphery experience higher rates of 

division due to greater nutrient access.87  These regions may also differ in oxygen, pH, and cell 

density.87  In fully developed biofilms, the extracellular matrix comprises 75–95% of the total 

biomass, the majority of which is water (up to 97%), with the remainder consisting of proteins, 

nucleic acids, and EPS. The bacterial cells themselves constitute only 5–25% of the biomass.88,89  

 The final stage of the biofilm lifecycle is dispersal, in which portions of the biofilm are 

released and cells revert to a planktonic state.90  This mechanism can occur passively, as cells are 

naturally carried away by environmental factors such as shear forces, or actively through matrix 

degradation by secreting enzymes such as glycosidases, proteases, and nucleases.91,92  Active 

dispersal is thought to be a regulatory mechanism in response to changes in nutrient availability, 

oxygen levels, or increases in nitric oxide levels.93,94  Following dispersal, freed cells migrate and 

colonize new, more favorable environments. Notably, even biofilms in optimal environments can 

undergo active dispersal to facilitate expansion and survival.95  

1.8 Biofilm imaging techniques  

 The first recorded observation of biofilms dates back to the late 1600s, when Dutch lens 

maker Antony van Leeuwenhoek used light microscopy to study aggregated microorganisms from 

scrapings of his teeth and tongue.96   This work led to the earliest descriptions of dental plaque and 

the native microbial communities present in oral mucosa. Since then, advances in microscopy have 

enabled high-resolution imaging of bacterial biofilms and their three-dimensional structures. 

Techniques such as fluorescence-based microscopy, electron microscopy, and scanning probe 

microscopy are now commonly used to visualize and study biofilms.97–99  
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Perhaps the most advanced fluorescence-based technique is the confocal laser scanning 

microscopy (CLSM) which employs laser excitation of fluorophores at defined focal planes within 

the sample in situ, enabling 3-dimensional reconstruction of biofilm architecture without 

destroying or disrupting the sample.100  This allows researchers to measure biofilm shape, 

thickness, and volume over time.  Multiple fluorescent probes can used simultaneously to target 

distinct biofilm components in a single sample. Typically, samples are incubated with fluorophores 

or fluorescent stains, and excited by lasers. The emitted signals are converted into grayscale pixel 

values and recorded at different Z-heights, resulting in layered micrographs that are processed into 

complete 3D images.101  

 Examples of confocal images of biofilm extracellular matrix have been achieved by 

implementing fluorophore/stains that target the specific components such as polysaccharides, 

extracellular nucleic acids (eDNA/eRNA), and proteins.100,102 For example, a fusion protein of 

carbohydrate binding module 3 (CBM3) from a Paenibacillus curdlanolyticus cellulase with GFP 

has enabled detection of bacterial cellulose in E. coli.102  A widely adopted stain for eDNA is 3-

dichloro-7hydroxy-9,9-dimethyl-2(9H)-acridinone (DDAO), after the initial reported use to 

visualize eDNA from P. aeruginosa biofilms. However, it was later discovered that propidium 

iodine, TOTO®-1, or SYTOX® Green yielded more reliable results as DDAO exhibits some cell 

permeability in Pseudomonas, Staphylococcus and Bacillus species.100  Extracellular proteins can 

be imaged using nonspecific protein stains (ie. FilmTracer™ SyPro®) or by using monoclonal 

antibodies conjugated to fluorophores for the visualization of specific proteins.100  

 For high-resolution morphological studies, scanning electron microscopy (SEM) remains 

a powerful tool.103  Conventional SEM requires dehydrating samples, heavy metal coating and 

operating under high vacuum, which can cause collapse of the biofilm matrix due to water 
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loss.98  Variable pressure (VP) SEM overcomes this issue by allowing imaging of fully hydrated 

samples under moderate vacuum, without need for heavy metal coating.104  Alternatively, 

ruthenium red is used to visualize extracellular matrix.104  Studies comparing conventional SEM 

and VP SEM have revealed clear morphological differences, with VP SEM offering superior 

visualization of hydrated biofilm structures, such as those formed by P. aeruginosa.105  

While fluorescence and electron microscopy methods excel in identifying biofilm 

morphology and volume, they provide limited information on the chemical and physical properties 

of the sample. Atomic force microscopy (AFM) addresses this by scanning the sample surface 

with a physical probe that measures interactive forces, such as van der Waals interactions, and 

surface roughness.106  AFM can be performed on untreated biological samples, preserving their 

native structure, and allows for in situ measurements. The technique has been successfully used to 

monitor changes in biofilm height, surface topography, and roughness during biofilm growth, 

aging, or in response to antimicrobial agents in S. aureus, P. aeruginosa, and Nocardia 

brasiliensis.106  

1.9 Thesis Overview 

This section outlines the scope, goals, and experimental approaches addressed in this thesis. 

Exopolysaccharides serve a pivotal role in bacterial biofilm formation, providing essential 

structural support and protection. Biofilms formation poses a threat in modern medicine with 

higher antibiotic resistance compared to planktonic variants as well as industrial disruptions such 

as biofouling. These properties are largely attributed to the extracellular matrix that surrounds and 

protects the cells with EPS, which are often produced through synthase-dependent biosynthetic 

pathways, being the dominant component. Despite their importance, the mechanism by which 

synthase-dependent EPS secretion systems initiate polysaccharide biosynthesis remains poorly 
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understood. This work seeks to elucidate the mechanism of initiation for PNAG biosynthesis using 

a combination of in vitro kinetic measurements and blotting analyses, and to develop tools and 

approaches that enable us to monitor the utilization, 3D distribution, and dissociation dynamics of 

PNAG within live bacterial biofilms via fluorescence microscopy. 

 In Chapter 2, I will describe our initial objective to design an optimal plasmid construct for 

the recombinant overexpression of a functional PgaC/D glycosyltransferase complex, which is 

responsible for PNAG biosynthesis in Gram-negative bacteria. Enzyme activity was quantified by 

measuring the conversion of native UDP-GlcNAc substrate to free UDP following glycosyl group 

transfer for polysaccharide elongation. Once minimal requirements for observable enzymatic 

activity were established, we aimed to purify the glycosyl transferase complex. Chapter 2 will 

detail the methods used for solubilization of membrane proteins including using traditional 

detergent micelle solubilization, which encases proteins in synthetic lipid environments, and the 

use of amphiphilic polymers that preserve native membrane lipids in nano discs.107   

Since most surface polysaccharides are initiated via lipid-linked substrates, in Chapter 3 

we examined whether the PNAG produced in vitro contained evidence of a lipid initiator. Solid-

state NMR comparisons were made between de novo synthesized PNAG and endogenous PNAG 

isolated from S. epidermidis RP62A, a Gram-positive bacterium. Due to Gram-positive bacteria 

possessing a thick peptidoglycan layer, surface-attached PNAG was sheared off by sonication, 

enabling high-purity isolation without cell lysis.108  Localization studies of synthesized PNAG 

post-polymerization were performed using dot blot analysis. To detect PNAG, we utilized a fusion 

protein composed of catalytically inactive DspB (E184A mutant), a PNAG hydrolase enzyme, 

fused to ascorbic acid peroxidase APEX2 (DspBE184A–APEX2).109 This enabled direct detection 

of PNAG through dot blot analysis. To further investigate initiation mechanisms, kinetic studies 
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were conducted in the presence and absence of free GlcNAc monosaccharides, assessing their 

impact on enzymatic activity. 

Finally, in chapter 4 we sought to develop tools that would allow us to understand EPS 

distribution within biofilm colonies. As synthase-based exopolysaccharide synthesis is regulated 

by the second messenger c-di-GMP, we were interested in exploring how spatial stratification 

within biofilms influences polysaccharide localization. To address this, we developed a platform 

for in situ cultivation, labeling, and observation of biofilm dispersal.110  Flow-based devices are 

ideal for biofilm cultivation, mimicking natural shear forces and enabling direct visualization 

through integrated glass windows. However, traditional biofilm flow cells rely on the random 

association of bacterial cells to the flow cell surface. Using a custom-designed microfluidic device, 

we established specific seeding zones to predict biofilm formation and coupled these studies with 

fluorescent labeling of PNAG using DspBE184A–eGFP.111  This allowed us to observe the spatial 

distribution of PNAG in biofilms formed by Gram-negative E. coli and Gram-positive S. 

epidermidis, highlighting differences in utilization and organization of PNAG within these distinct 

bacterial communities. 
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2.1 Introduction  

Bacterial biofilms can accumulate in diverse medical environments ranging from dental 

plaques to prosthetics, and other medical instruments, resulting in chronic and persistent infections 

that remain an issue in modern medicine.1,2  Biofilm formation occurs when planktonic bacterial 

cells adhere to a biotic or abiotic surface, where they transition into a sessile multicellular 

community encased in a self-produced extracellular cellular matrix (ECM) containing secreted 

proteins, extracellular DNA, and exopolysaccharides (EPS).3,4  Previous studies have attributed 

the protective nature and virulence factor of biofilms to the EPS within the ECM.5–7  

Many biofilm exopolysaccharides have been identified from various bacterial species.8 

These include highly anionic alginate9 neutral polysaccharides such as cellulose10 and cationic 

poly-(1,6)-β-N-acetylglucosamine (PNAG).11,12  Of these different exopolysaccharides, PNAG is 

of particular interest due to its prevalence within common human pathogens. This includes Gram-

positive Staphylococcus aureus, where it is also referred to as the polysaccharide intercellular 

adhesin (PIA), and Gram-negative bacteria such as Escherichia coli and Klebsiella 

pneumoniae.13,14  While PNAG biosynthesis was first identified in Staphylococci, pioneering work 

by the Romeo lab lead to the identification and characterization of genes responsible for PNAG 

biosynthesis in Gram-negative bacteria and established the role of PNAG biosynthesis in biofilm 

formation.12,15 The lab was able to initially identify the pgaABCD genes (formally ycdSRQP) as 

the operon responsible for PNAG production and export.15  PgaA is an outer membrane porin 

responsible for PNAG secretion, PgaB is a periplasmic localized deacetylase/hydrolase enzyme. 

PgaC and PgaD complex is classified as a GT2 family enzyme which is responsible for PNAG 

polymerization and is allosterically activated by second messenger c-di-GMP.15 Polymerization of 

of the polysaccharide by GT enzymes can undergo an inverting or retaining mechanism (Fig 
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2.1).16  Retaining mechanism involves a double displacement mechanism with the formation of 

the glycosyl-enzyme intermediate.16  While the inverting mechanism involves a SN2-like 

displacement of the nucleotide involving an enzymatic base catalyst that activates the incoming 

glycosyl residue, forming an oxocarbenium ion-like transition state.16  GT2 enzymes typically 

employ the inverting mechanism as most nucleotide activated sugars exist in the ⍺-anomeric form 

while its products are in the β-anomeric form.16  

Characterization of the polysaccharide confirmed its shared structure with previously 

described Staphylococcal PIA. In E. coli, PNAG biosynthesis is heavily regulated, with one of the 

most critical factors being the RNA-binding protein carbon storage regulator A (CsrA).17  CsrA 

functions as a global regulator, exerting broad influence over cellular processes in bacteria. It 

promotes motility, glycolysis, and virulence while simultaneously repressing biofilm-associated 

Figure 2.1: Schematic of inverting and retaining mechanism of glycosyltransferase 

enzymes.  



 

 

36 

 

phenotypes, including exopolysaccharide (EPS) production.17  The duality of CsrA helps balance 

bacterial adaptation between planktonic growth and surface-associated lifestyles.  

CsrA functions as a homodimer, with each subunit containing an identical RNA‑binding 

site, which bind to mRNA and directly compete with ribosomal binding.18  Repression of PNAG 

biosynthesis by CsrA is multifaceted. At the post-transcriptional level, CsrA binds to six regions 

within the 5′ untranslated leader sequence of the pga operon mRNA and destabilizes the pgaABCD 

transcript, thereby reducing its stability and overall translation efficiency.18 In addition to this 

direct regulation, CsrA indirectly downregulates PNAG production by targeting cation-responsive 

protein (NhaR), a transcriptional regulator that binds to the promoter region of the pga 

operon.19  NhaR is required for adaptation to alkaline pH and high-salt conditions.19  By interfering 

with NhaR, CsrA provides an additional layer of control over pga operon expression under stress 

conditions. Another mechanism by which CsrA represses PNAG biosynthesis is through the 

regulation of c-di-GMP production. The PgaCD complex, which is responsible for PNAG 

polymerizing from activated UDP-GlcNAc sugar nucleotide substrates, requires c-di-GMP 

binding for activation.20  Synthesis of c-di-GMP occurs through the cyclization of two guanosine 

triphosphates (GTP) performed by diguanylate cyclase (DGC) enzymes containing a conserved 

GGDEF motif.21  Repression of DGC enzymes leads to decreased intracellular c-di-GMP 

concentrations, thereby limiting PgaCD complex activation and reducing PNAG 

synthesis.22 Together, these overlapping regulatory mechanisms–direct mRNA binding, control of 

transcriptional regulators, and modulation of second messenger signaling–underscore the central 

role of CsrA in repressing biofilm matrix production and fine-tuning bacterial adaptation to diverse 

environments. 
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Although the genes that biosynthesize PNAG and regulate its production have been well 

characterized, the exact mechanism for how the PgaCD complex initiates PNAG biosynthesis 

remains unknown. PNAG polymerization is facilitated by the PgaCD complex, which transfers a 

glycosyl group from UDP-GlcNAc to a glycosyl acceptor substrate. During polymerization, this 

acceptor is the growing PNAG polymer, but it is unclear what serves as the native acceptor to 

initiate PNAG biosynthesis by this enzyme.  Many cell surface polysaccharide pathways often 

utilize a lipid intermediate to serve as primers for polymerization. For instance, group II and III 

CPS synthesis is initiated by a conserved glycolipid anchor composed of phosphatidylglycerol 

linked to 5-9 Kdo sugars.23  Additionally, LPS and TA are added onto undecaprenyl phosphate 

(Und-P) and undecaprenyl pyro phosphate (Und-PP) carriers.24,25 

Here we aimed to investigative the initiation of PNAG EPS by PgaCD complex in Gram-

negative bacteria. Enzymes were expressed and characterized through HPLC assays, followed by 

isolation of de novo synthesized PNAG to confirm EPS polymerization. Various membrane protein 

solubilization methods were performed to isolated purified variants of the enzyme complex within 

detergent micelles and native lipid nano discs. However, quenching of the enzymatic activity 

following purification suggest the loss of an initiator substrate supported by solid state 13C NMR 

analysis of the de novo PNAG.          
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2.2 Results 

2.2.1 Overexpression of PgaCD complex and its variants  

Previous studies have demonstrated the synthesis of PNAG is dependent on the presence 

of both PgaC and PgaD. To build upon the previous findings, we aimed to determine if co-

localization of the protein within the same membrane is required for the activation of the complex. 

Investigation of the glycosyltransferase enzyme begins by isolating PgaC and PgaD proteins under 

various expression conditions. PgaC and PgaD were co-expressed from a pETduet vector, 

facilitating the integration of both membrane proteins into the same membrane, and were also 

expressed individually from separate plasmids. In addition, a previous report by the Jenal lab 

demonstrated that a direct C-teminual to N-terminal the fusion of the PgaC and PgaD proteins, 

hereafter referenced as PgaCDf,  was functionally active and yielded a similar biofilm phenotype 

as the native PgaCD complex.20  AlphaFold prediction revealed the unstructured regions of the C-

Figure 2.2: AlphaFold prediction of PgaCD complex in lipid bilayer. PgaC (green) 

C-terminal Gly144 and Pga (orange) D N-terminal Met1 in close proximity within 

cytoplasmic region.  
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terminus from PgaC and N-terminus of PgaD coincide within the cytosolic space in close 

proximity (Figure 2.2).  Thus, we generated a fusion protein of PgaCD complex by direct C-to-N 

terminal fusion to ensure proper oligomerization ratio (Figure 2.3). To more easily assess proper 

protein expression and folding, we additionally prepared a PgaCDf construct containing a C-

terminal enhanced green fluorescent protein (eGFP) fusion.   

 

2.2.3 PgaCD enzymatic activity characterization by HPLC 

Following the isolation of the proteins, enzyme activities were measured using a high-

performance liquid chromatography (HPLC) based assay. The activity of each protein was 

measured based on conversion of the substrate UDP-GlcNAc to form free UDP upon 

polymerization of the GlcNAc residues. Notably, UDP production, and thus enzymatic activity 

was only observed in membrane fractions containing both PgaC and PgaD in the presence of c-di-

GMP. Importantly, no activity was observed for membrane fractions containing PgaC and PgaD 

in the absence of c-di-GMP, indicating that the release of UDP in this assay is exclusively the 

result of the PgaCD complex, and activity is only observed when it is allosterically activated by c-

di-GMP. Moreover, membrane fractions containing PgaC alone or PgaD alone displayed no 

activity in the presence or absence of c-di-GMP, highlighting the importance of both proteins for 

Figure 2.3: Different PgaCD plasmid constructs. PgaCD wt, direct C-N fusion of 

PgaC to PgaD (PgaCDf), and a fluorescent fusion protein conjugate (PgaCDf-eGFP). 
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PNAG biosynthesis. Finally, when membrane fractions containing either PgaC alone or PgaD 

alone were combined in the same reaction mixture, no observable enzymatic activity was detected. 

This finding indicates that both PgaC and PgaD proteins must be present within the same 

membrane environment for catalytic activity to occur (Figure 2.4A).  

We also evaluated the activity of membrane fractions expressing either PgaCDf or the 

PgaCDf-eGFP fusion protein. Both fusion proteins exhibited similar enzymatic activity in this 

assay (Figure 2.4C), and any differences in the rates measured are likely the result of slight 

differences in the concentration of the recombinant protein present in each membrane fraction.  

Figure 2.4: Enzymatic acitivty of PgaCD. (A) Reaction time course of various 

plasmids encoding PgaC, PgaD, or both PgaC and PgaD in a pETduet vector. Reactions 

were performed with or without the presence of c-di-GMP, a known allosteric activator 

of the GT enzyme. (B) Enzymatic rates for the different protein variant with/without the 

addition of c-di-GMP. (C) Enzymatic rate comparison between PgaCD WT, fusion 

protein PgaCDf, and fluorescent tagged fusion conjugate PgaCDf-eGFP. 
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2.2.4 Solid State NMR analysis of de novo PNAG isolated from active PgaCD complex  

Previous measurements of PgaCD enzymatic activity relied on quantifying the release of 

free UDP. To ensure PNAG polymerization, we sought to isolate the de novo product for structural 

analysis. Isolation of the de novo synthesized PNAG begun with incubating 10mM UDP-GlcNAc 

with 200 mg of membrane fraction containing PgaCD. Following overnight incubation, the 

reaction mixture was quenched by the addition of a 1:1 ratio of MeOH, resulting in the 

precipitation of the polysaccharide as an insoluble white fibrous solid. The solid was separated 

from the soluble reaction mixture by centrifugation and washed using both water and methanol. 

The isolated solid material was subsequently treated with DNase1 followed by proteinase K to 

digest any DNA or proteinatious contaminants, respectively.  

Table 2.1: 13C chemical shift comparison of de novo PNAG vs endogenous isolates.  

 

CARBON de novo E. coli 15  S. aureus 26   

C1 103.3 104 104 

C2 54.9 58 59 

C3,C5 75.2 76-78 76-77 

C4,C6 70.5 71-73 72-73 

CH3 23.5 24 -- 

C=O 173.4 -- -- 

 

The solid material was then lyophilized before being subjected to analysis by solid state 

cross polarization magic angle spinning (CP-MAS) 13C NMR spectroscopy. The one-dimensional 

13C CP-MAS NMR spectrum of our de novo synthesize PNAG sample displayed chemical shifts 
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() consistent with those previously reported for authentic PNAG exopolysaccharide isolated from 

E. coli and S. aureus (Table 2.1). In addition to the expected CS, the NMR spectra from the de 

novo PNAG displayed additional peaks observed at 30.4, 60.9, 129.8 ppm. These  do not 

correspond to protein carbonyl (172-176 ppm) or alpha carbon regions (53-56 ppm), making 

protein contamination unlikely.27  Instead, the observed  are characteristic of unsaturated lipid 

carbons, glycerol backbone, and aliphatic carbons which are typically located between 124-134, 

60-72, and 10-35 ppm, respectively.28   
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2.2.2 Purification of glycosyl transferase complex solubilized in detergents/amphipathic 

polymers 

We first sought to isolate and purify the recombinant PgaCD complex after overexpression 

in E. coli. To facilitate the purification, we conducted a detergent screen using various neutral or 

zwitterionic membrane solubilizing detergents (Fig 2.5). The results identified n-Dodecyl-

phosphocholine (FC-12) and n-dodecyl-ß-D-maltoside (DDM) as the best surfactants for efficient 

solubilization of both PgaC and PgaD. Purification of the complex was achieved using 

immobilized metal chromatography (IMAC) with Ni-NTA. Interestingly, despite PgaD lacking a 

poly-His tag, it co-purified with PgaC, suggesting a protein-protein interaction (PPI) between 

PgaC and PgaD was preserved during the purification process. However, when the purified PgaCD 

Figure 2.5: Detergent screen of PgaCD complex. Equal volumes of inverted 

membrane vesicles were incubated with various detergents with the final percentages 

shown above. Mixed on rotator overnight at 4oC. Reactions were centrifuged at 60,000 

x g to isolate solubilized complex. Abbreviations: DDM: n-dodecyl-β-maltoside; B-

OG: n-Octyl-β-D-glucoside; FC12: fos-choline-12; DIMBA: Diisobutylene-maleic 

acids; LDAO; N,N-Dimethyl-n-dodecylamine N-oxide. 
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complex was incubated with UDP-GlcNAc no consumption of the substrate was observed (Fig 

2.6B). This result was also true for the fusion variant of the enzyme, PgaCDf.  

There have been reports of reconstituting enzymatic activity of other membrane associated 

GT2 family synthase dependent polysaccharide biosynthesis systems. This includes the bacterial 

cellulose synthase (Bcs) and the hyaluronic acid synthase (HAS). Similar to PgaCD, BcsAB and 

HAS are transmembrane glycosyltransferases that facilitate the polymerization and 

transmembrane export of the polysaccharide.29,30  BcsAB synthesizes cellulose by polymerizing 

UDP-Glc to form β-1→4 glucose while HAS utilizes both UDP-GlcNAc and UDP-GlcA to form  

the heteropolysaccaride composed of D-glucuronic acid and N-acetyl-D-glucosamine, with 

alternating β-(1→4) and β-(1→3) linkages.31–33  Both enzymes have been successfully purified 

Figure 2.6: Chromatogram of PgaCD activity. A) mechanism of transferring glycosyl 

group onto acceptor, releasing UDP. B) HPLC chromatogram of UDP conversion from 

UDP-GlcNAc of various PgaCD samples. Crude membrane fraction contained 

glycosyltransferase activity while detergent/polymer solubilized complex did not 

exhibit observable activity.   
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using resolubilization in detergent micelles, lysoFosCholine Ether 14 for BcsAB and dodecyl 

maltoside for HAS, followed by reconstitution in lipid nano discs or proteolipososmes.29,34–

36  Adding UDP-GlcNAc and UDP-GlcA to purified HAS was sufficient to restore activity, while 

BcsAB activity could be measured in the presence of UDP-Glc and  cellobiose.  

A possible explanation is the solubilization of the PgaCD complex through detergent 

micelles could potentially create a non-native lipid environment for the enzyme, thereby inhibiting 

its activity. The solubilization of membrane proteins using polymeric detergents to generate native 

lipid nano-discs has emerged as a promising strategy to isolate membrane proteins in the presence 

of native lipids.37    

This approach involved the use of an amphiphilic polymer (AMPHIPOL) to encapsulate the 

enzyme within its native lipids, forming lipid nano discs (Fig 2.7).38 The direct fusion variant of 

Figure 2.7: Solubilization methods of PgaCD complex. A) Amphiphilic polymer 

solubilization through nano disc particle comprised of native phospholipids. B) 

Detergent micelle solubilization, encasing transmembrane regions with hydrophobic 

tail groups.  
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PgaCD ensures proper 1:1 oligomerization ratio during expression for subsequent reactions.  The 

lipid nano discs were purified by the same immobilized metal affinity chromatography as 

described previously. Cryo-electron microscopy (cryo-EM) images of the purified sample revealed 

uniform nano disc particles averaging 18 nm in diameter (Figure 2.8). However, despite this effort 

to preserve the complex within its native lipid environment, the purified complex did not yield any 

observable catalytic activity. It is important to note that activity assays after detergent/polymer 

solubilization were conducted both prior and after IMAC purification. This includes all detergents 

and polymers used during screening. 

2.3 Conclusion 

Given the widespread integration of EPS within bacterial biofilms, the biochemical 

mechanism that initiates the biosynthesis of these polysaccharides remains an area of active 

investigation with speculations that synthase-dependent polysaccharide synthesis undergoes self-

initiation process. Specifically, the pga operon encodes the machinery for PNAG biosynthesis in 

Figure 2.8: Cryo transmission electron microscopy (Cryo-EM) image of uniform 

nano discs containing PgaCDf-eGFP after purification. Particles are estimated to be 

around 18 nm in diameter. Scale bar 100nm. 
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Gram-negative bacterial biofilms.15   The biosynthesis is performed by the PgaCD complex. While 

there has been a number of studies on the role of PgaCD in PNAG biosynthesis, there are 

conflicting reports about how To date, there have been no reports of fully rescuing enzymatic 

activity after purification.  

There have been reports of reconstituting enzymatic activity of other membrane associated 

GT2 family synthase dependent polysaccharide biosynthesis systems including Bcs and HAS. 

While activity was rescued within these systems, it remains unclear if these mechanisms occur in 

vivo. In the case of the PgaCD complex, efforts to reconstitute its activity in vitro have largely 

been unsuccessful. Initially, the lack of activity was attributed to improper lipid environment and 

oligomerization state after purification. This was addressed by solubilizing the complex within 

native lipids using amphiphilic polymer (AMPHIPOL) as well as fusing the PgaC and PgaD 

enzyme to ensure proper oligomerization. However, neither approach was able to rescue enzymatic 

activity. Subsequent NMR characterization of de novo synthesized PNAG from activity revealed 

additional peaks characteristic to unsaturated lipid carbons, glycerol backbone, aliphatic carbons 

which are typically located between 124-134, 60-72, and 10-35ppm, respectively.28  It is entirely 

possible that the additional signals observed originates from a lipid-based initiator. WbbF is a O-

polysaccharide synthase found in Salmonella enterica has been identified to utilize a lipid initiator 

substate undecaprenyl pyro phosphate (Und PP) GlcNAc similar to other cell surface 

polysaccharides in Wzx/Wzy and ABC transporter dependent pathways.39  The combination of 

expression and purification conditions suggests that PgaCD complex does not utilize a self-

initiating mechanism. Instead, the loss of activity is due to the lack of an acceptor substrate, which 

is likely involves a lipidated molecule based on NMR spectra of de novo PNAG.    
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2.4 Experimental Procedures   

General procedure  

All chemicals were purchased as reagent grade and used without further purification, unless 

otherwise noted. Regents, pipettes, and collection tubes were sterilized (unless sterile from 

manufacture) for any work involving cells and DNA/RNA. Cell work and PCR reactions were 

performed in biosafety cabinets. Protein overexpression was performed using BL21 (DE3) cells 

cultured in Luria Broth (LB). Ampicillin (100µg/ml) was used for cells containing pET21/pETduet 

vectors while Kanamycin (50µg/mL) was used for cells carrying pET28 vectors. Antibiotic 

solutions were sterilized via syringe filter (0.22µm) and stored in -20oC. 

SDS-PAGE samples were prepared from loading dye and 20x reducing agent from Bio-

rad. Heat denatured at 95oC for 5 mins, followed by centrifugation. 10µL of sample were loaded 

onto 12% Mini-PROTEIN TGX Stain-Free polyacrylamide gel (Bio-Rad). Gels were run in 1x 

Tris-Glycine-SDS running buffer (Bio-Rad) for 35 min or until completion at 200 V.  

Plasmid construction 

PgaCD wt is encoded within a pETduet vector, containing dual T7 promotor regions to 

accommodate the individual expression of PgaC and PgaD within the same cell line. PgaCDf 

(direct C-N fusion of PgaCD) was encoded within a pET28 vector. PgaCDf-eGFP was generated 

by amplifying the PgaCDf sequence and inserted into a pET28 vector containing eGFP. Restriction 

sites include Ncol (Fwd) and EcoRI (Rev). 

Table 2.2 PgaCDf primers 

PgaCDf primer pair Fwd 5’- 

CAGTCCATGGTCAACCGTATCGTTAGCTTCTTTATTCTGTGCC 

Rev 5’- CTGAGAATTCCGCACGCACCAGCGCTTTTTC 
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Protein expression and preparation of inverted membrane vesicles 

Starter cultures were prepared by inoculating 50 mL of Luria broth (LB) from a glycerol 

stock and incubating at 37 oC while shacking at 200 rpm for 18 hrs. 5 mL of the overnight starter 

culture was used to inoculate 500 mL of LB and the cells were grown at 37 oC until reaching an 

OD600 of 0.5-0.6. The culture was cooled to room temperature for 10 min before inducing by 

adding 200-400 µM isopropyl-β-D-thiogalactopyranoside (IPTG). The culture was then incubated 

at 18 oC at 200 rpm for an additional 18 hrs.  

Cells were harvested through centrifugation at 5500 x g and resuspended to 10 g cell/mL 

of phosphate buffered saline (PBS). The cells were lysed by sonication, and inverted membrane 

vesicles (IMV) were prepared as previously described.29  Briefly, cells were harvested and 

resuspended to 1g/10mL of 1x PBS and lysed using the FisherbandTM Model 505 Sonic 

Dismembrator set at; 1 sec on, 3 sec off, 30% amp for 2:30. Lysate was centrifuged at 13,000 x g 

for 20 mins to remove cell debris. Supernatant was floated on 1.8M sucrose solution and 

centrifugation at 60,000 x g for 1 hr. After centrifugation, 3 layers will be observed with the middle 

layer containing the membrane vesicles. The middle layer was removed and centrifuged for an 

additional 60,000 x g for 1 hr before resuspension in storage buffer at 200mg/mL.  The IMV 

fraction pellet was resuspended to a final concentration of 200 mg of pellet/mL of 50 mM Tris-

HCl, 150 mM NaCl, 5 % glycerol, pH 7.4 and stored at –80 oC until use.  

Reconstitution in detergent micelles/nano discs for IMAC purification 

IMV fractions were incubated with FC-12 (1 % w/v) and AMPHIPOL polymer (1 % w/v) 

overnight with gentle rotation. The mixture was centrifuged at 60,000 x g for 1 hr, and the 

supernatant containing the solubilized membrane protein was collected. The solubilized proteins 
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were incubated with Ni-NTA resin overnight at 4 oC with gentle rotation. The resin was then 

loaded onto a spin column and subject to a stepwise imidazole gradient (10, 30, 50, 70, 100, 

200mM) elution in 25mM Sodium phosphate, 150mM NaCl, pH 7.4 in 400µL fractions. Each 

imidazole concentration was performed twice to obtain the purified membrane proteins verified 

by SDS gel electrophoresis. All proteins were aliquoted and stored in –80 oC for future use.  

Cryo-TEM 

IMAC column purified nano discs containing 1mg/mL PgaCD complex was added to 

copper grid and submerged into liquid ethane. The grid was blotted for 5 seconds then imaged with 

JEOL JEM 2100 LaB6 TEM assisted by Dr. Wen-An Chiou at the Advanced Imaging & 

Microscopy laboratory (AIM Lab) located in the Jeong H. Kim Engineering Building. 

Activity assay 

Reaction progress was monitored through HPLC. Reactions were conducted in 50mM Tris-

HCl buffer pH 7.5 containing 1 mM UDP-GlcNAc, 2 mM c-di-GMP, and 1 mM MgCl2. Reactions 

were initiated through the addition of membrane proteins (5 µL) and incubated at 37 oC. To analyze 

reaction progress, a 10 µL of the reaction mixture was removed after 1–30 min incubation and 

quenched by adding 10 µL of MeOH followed by centrifugation at 17,000 x g for 2 min to remove 

any insoluble material. The quenched mixture was diluted 3-fold with Milli-Q water before HPLC 

analysis. 20µL of the diluted samples were injected in Kinetex 5µm C18 reverse phase column. 

Analytes were resolved using a gradient of Buffer A (20mM potassium phosphate, 2mM tetrabutyl 

ammonium persulfate, pH 6.0) and Buffer B (10 mM potassium phosphate, 1mM tetrabutyl 

ammonium persulfate, and 50% HPLC-grade acetonitrile, pH 6.0) shown below. Reaction 

progression is monitored though the conversion of UDP-GlcNAc to free UDP.  
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Table 2.2 HPLC conditions for resolving UDP and UDP-GlcNAc 

 

Time (min) Flow rate  

(mL/min) 

% Buffer B 

0 1 0 

1 1 0 

6 1 100 

10 1 100 

11 1 0 

15 1 0 

15.5 0 0 

 

Isolation of de novo synthesized PNAG  

A 10 mL reaction containing 200 mg of PgaCD containing IMV was incubated in 50 mM 

Tris-HCl pH 7.4 containing 10 mM UDP-GlcNAc and 2 µM c-di-GMP overnight at 37oC. The de 

novo synthesized PNAG was precipitated upon the addition of MeOH (10 mL). The precipitate 

was washed and vortexed with 1:1 ratio of MeOH:water before being thoroughly dried using 

vacuum centrifugation. The dried pellet was resuspended in 500uL of 50 mM Tris-HCl, at pH 7.4, 

containing 1 mM of MgCl2 and 1 mM CaCl2 before treating with DNAse1 (50 µg/mL) and 

proteinase K (100 µg/mL) for 60 mins at 37oC. The polysaccharide pellet was again washed and 

dried with the same method described above and stored in –20 oC until use. 

CP-MAS NMR 
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De novo PNAG was analyzed using a Bruker AVANCE NEO solid-state 500 MHz (SS500) 

NMR spectrometer. 15 mg of the polysaccharide was grounded, packed into a CP-MAS probe, 

and analyzed at 5, 7, and 12 kHz. Adamantane was used as the reference compound for chemical 

shift calibration. 
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Chapter 3: PNAG localization and initiation studies 
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3.1 Introduction  

Synthase-dependent exopolysaccharides (Fig. 3.1) are recognized as key components of 

bacterial biofilms, contributing to both cellular adhesion and virulence.1  It is estimated that 

approximately 65% of all microbial infections involve biofilm formation, underscoring their 

significance in modern medicine.2,3  Despite this importance, the precise mechanism of 

polysaccharide initiation in synthase-dependent systems remains unsolved, as no initiator 

molecule has yet been conclusively identified.  

 

Both primer-dependent and primer-independent mechanisms have been proposed. 

Evidence for primer involvement includes early findings in 1995, when extracts of Agrobacterium 

tumefaciens harboring mutations in the bacterial cellulose synthase operon were shown to 

incorporate radiolabeled substrate onto a lipid-linked intermediate.4  This was later supported in 

2002, when yeast membrane fractions expressing recombinant cellulose synthase A subunit 1 

(CesA1) extended radiolabeled sitosterol-β-glucoside in the presence of UDP-glucose.5  More 

recently, studies on O-antigen biosynthesis demonstrated that O:54 synthase (WbbF), a GT2-

family enzyme with homology to PgaC, CesA1 and BcsA (Fig. 3.2), was shown to initiate 

Figure 3.1: Different exopolysaccharides from synthase dependent pathways. 
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polymerization using an undecaprenyl-diphosphate (Und-PP) linked disaccharide as the acceptor 

substrate.6  Given the sequence similarity of PgaC to both cellulose synthase and WbbF, it is 

plausible that PNAG synthesis may also require a lipid- or sterol-linked primer.  

In contrast, accumulating evidence also supports primer-independent, self-initiation 

mechanisms, particularly from in vitro reconstitution studies of enzymes such as Bacterial 

cellulose synthase A (BcsA) and Hyaluronic acid synthase (HAS).7,8 Both of these enzymes have 

been proposed to “self initiate” polymer biosynthesis through the hydrolysis of the first equivalent  

 

of sugar-nucleotide substrate, generating a free reducing sugar monosaccharide as the initiator. 

Whether these self-initiating activities reflect the physiological mechanism of polysaccharide 

initiation in vivo remains an open question requiring further investigation.   

 

 

 

Figure 3.2: Sequence alignment of GT 2 family enzymes. Highlighted conservative 

motifs with GT enzymes including magnesium ion stabilizer (DXD), reaction catalytic 

site (TED), and the polymer stabilization (QXXRW). 
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3.2 Results  

3.2.1 PNAG remains associated to membrane fraction after polymerization 

As we described in Chapter 2, cross polarization magic angle spinning (CP-MAS) 13C 

NMR analysis of PNAG polysaccharide produced via the de novo reaction of the PgaCD complex 

in E. coli inverted membrane vesicles (IMVs), revealed additional peaks corresponding with 

unsaturated lipids within the de novo synthesized PNAG spectra. Thus, we decided to investigate 

the localization of de novo synthesized PNAG following the polymerization via dot blot analysis. 

Reaction mixtures of IMVs containing PgaCD, PgaCDf or PgaCDf-eGFP incubated with UDP-

Figure 3.3: PNAG localization after polymerization. A) Reaction workflow for 

separating proteoliposomes after reaction. B) Different reaction fractions were spotted 

onto nitrocellulose membrane and blocked with 5% BSA for 1 hour while rotating at 

room temperature. After blocking, the membrane was washed 3 times with PBS tween 

then incubated with catalytically inactive DspBE184Q mutant conjugated to ascorbate 

peroxidase APEX2 (DspB-APEX2) for 1 hour rotating at room temperature. The 

membrane was washed 3 times with PBS tween before visualization by Opi-4CN from 

Bio-Rad. 
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GlcNAc and c-di-GMP were incubated for 0.5 hrs and then centrifuged to separate the supernatant 

from the membrane fraction (Fig 3.3A). The pellet, containing the IMVs, was then resuspended in 

the same reaction buffer and both fractions were incubated in the presence (+) or absence (–) of 

the PNAG hydrolase enzyme DspB to ensure that signals correspond to the presence of PNAG and 

no other unrelated glycans potentially present in the IMVs. Aliquots from each fraction were 

spotted on nitrocellulose membrane and probed with previously reported PNAG detection reagent 

DspB-APEX2 and visualized with Bio-Rad Opti 4CN substrate.9 The DspB-APEX2 is a fusion 

protein of catalytically inactive DspBE184A fused with an engineered ascorbic acid peroxidase, 

which maintains the ability to bind to and detect PNAG in biological samples. Densitometric 

analysis of the spots was performed using Fiji (ImageJ), with pixel densities converted to relative 

gray values (GV) for comparison. Each spot was analyzed in technical replicate, and error bars 

represent the variance in spot pixel density among replicates. This dot blot analysis revealed that 

the majority of the de novo synthesized PNAG remained associated with the membrane fraction 

(Fig. 3.3B). 

It is possible that the de novo synthesized PNAG was not directly membrane-associated 

but instead became encapsulated within the proteoliposome (PL) IMVs formed during sonication, 

thereby co-localized with the membrane fraction. To obtain active PgaCD enzyme complexes, 

cells harboring the overexpression vector were harvested and lysed by sonication, followed by 

sucrose density-based centrifugation to isolate IMVs. It has been well established that spontaneous 

vesicle formation will occur upon bacterial lysis, and sonication is known to induce the formation 

of IMV PLs containing membrane proteins.10   

If PNAG were sequestered within PLs, the polymer would be inaccessible and resistant to 

degradation by an exogenously added glycosyl hydrolase enzyme like DspB. However, we 
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observed robust hydrolysis of PNAG in both the crude reaction mixture and the centrifuged 

membrane pellet without prior membrane disruption. These results indicate that PNAG was not 

encapsulated within PLs and thus must be association with the IMV via an alternative mechanism.    

3.2.2 Presence of free GlcNAc does not influence enzymatic activity 

 Many proposed “self-initiating” mechanism involves the hydrolysis of the UDP-sugars, 

leaving the free sugar to serve as the initial acceptor for polymerization. This concept is supported 

by the observed activity from purified glycosyl transferase enzymes incubated with just their 

cognate nucleotide-sugar substrates. For example, HAS catalyzes HA polymerization upon 

addition of UDP-GlcNAc and UDP-GlcA. In this system, the inclusion of free GlcNAc 

monosaccharides has been shown to enhance UDP-GlcA hydrolysis, thereby accelerating HA 

polymerization.11   

 

 

 To investigate whether a similar mechanism applies to PNAG biosynthesis, we examined 

the activity of the PgaCD complex in the presence or absence of exogenous free GlcNAc. Due to 

Figure 3.4: Effects of free GlcNAc on PNAG polymerization. A) Membrane vesicles 

containing either PgaCD wt or PgaCDf were incubated in the presence of UDP-

GlcNAc, MgCl2, c-di-GMP, and (+/-) 50 mM of free GlcNAc. B) Precipitation of 

PNAG by isopropanol. Comparison of product after DspB (+/-) hydrolysis.  
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the loss of enzymatic activity upon purification, assays were performed using membrane fractions 

containing active PgaCD complex or active PgaCDf. Reactions containing an excess of free 

GlcNAc (50 mM) and 1 mM UDP-GlcNAc were ran in parallel with reactions containing the same 

concentration of IMV but lacking free GlcNAc as controls. No significant differences were 

observed in enzymatic activity between the two conditions (Fig. 3.4A). This result was consistent 

for both wild-type PgaCD complex and using a PgaCDf variant. These findings suggest that free 

GlcNAc monosaccharide does not serve as a primer substrate for PNAG biosynthesis catalyzed by 

PgaCD. 

3.2.3 PNAG is associated to cell surface S. epidermidis RP62A  

Solid-state NMR analysis of de novo synthesized PNAG revealed additional peaks that 

suggested a possible lipid-linked intermediate could be used in the mechanism of PNAG 

biosynthesis. To investigate this, PNAG was isolated from S. epidermidis for comparison with the 

in vitro product (Fig. 3.4B). The clinical strain S. epidermidis RP62A exhibits a robust biofilm 

phenotype when grown at 37 °C under slow agitation for 72 hours. Although previous reports have 

primarily detected PNAG in the culture supernatant, we hypothesized that a fraction of the polymer 

remains associated with the cell surface and contributes directly to biofilm formation.  

To isolate surface-associated PNAG, S. epidermidis cells were harvested and resuspended 

in low-salt buffer, followed by sonication. In Gram-positive bacteria, sonication can effectively 

shear surface polysaccharides from the thick peptidoglycan matrix without causing cell lysis. 

Following sonication, cells were pelleted, and the clarified supernatant was subjected to dialysis, 

followed by DNase1 and proteinase K treatments. PNAG was subsequently precipitated by 

isopropanol and recovered as an off-white powder. 
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Solid-state NMR spectra of the isolated material revealed characteristic signals consistent 

with purified PNAG and minimal background peaks (Fig. 3.5). PNAG isolated from 

Staphylococcus species is known to undergo O-succinylation at the 3′ position, and in the NMR 

spectra we observed weak but distinct resonance contributions from the succinate group: 

methylene carbons at ~29 ppm and a shoulder carbonyl peak at ~175 ppm overlapping with the 

acetyl signal. These signals were relatively minor, consistent with previous estimates that only ~6 

% of PNAG residues carry the succinyl modification.12  

 

Solid-state NMR spectra of the isolated material permitted direct comparison with de novo 

synthesized PNAG which revealed the lack of signals corresponding to lipids. It is important to 

note the yield for this method was relatively low (5-10 mg of PNAG per liter of culture). This was 

Figure 3.5: Solid State NMR comparison of in vitro vs endogenous cell surface 

PNAG from S. epidermidis. Lipid corresponding peaks found in de novo PNAG. 

Succinate modification can be found at 175 ppm (carbonyl) and 29 ppm (methylene).  
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not unexpected, as mechanical shearing during sonication likely disrupted only fragments of the 

polymer rather than extracting intact cell surface material. 

Despite the modest yields, the isolation of PNAG tightly associated with the cell surface 

supports the hypothesis that S. epidermidis biofilm formation involves a mechanism of cell surface 

display. In fact, the presence of both cell surface displayed PNAG and secreted PNAG is consistent 

with initial reports on PNAG characterization in S. epidermidis. The retention of PNAG at the cell 

envelope raises the possibility of covalent linkage, analogous to teichoic acids in Gram-positive 

bacteria.  

3.3 Conclusions 

To date, no initiator substrate has been conclusively identified for PNAG biosynthesis. 

Both primer-dependent and primer-independent mechanism have been proposed for synthase-

dependent polysaccharide systems. Our data strongly suggest that PNAG biosynthesis in Gram-

negative bacteria does not proceed via a self-priming mechanism. 

Our localization studies demonstrated that PNAG biosynthesized in vitro remains 

membrane associated after polymerization. This observation was not due to encapsulation within 

PLs, as PNAG hydrolysis by DspB occurred without any prior membrane disruption. In contrast, 

previous studies with hyaluronic acid synthase (HAS) demonstrated that intact PLs provided 

significant protection, up to 80% against hyaluronidase degradation, with polysaccharides 

becoming accessible only after solubilization with detergents (Triton X-100).8  Given that DspB 

is unlikely to permeate proteoliposome bilayers and PNAG itself would not freely cross the 

membrane, the observed hydrolysis suggests that nascent PNAG does not translocate into PLs but 

rather remains exposed and membrane associated. 
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Self-priming mechanisms in glycosyltransferases are often supported by in vitro 

reconstitution using their cognate UDP-sugars. For example, HA synthase exhibits enhanced UDP-

GlcA hydrolysis in the presence of free GlcNAc, and the purified BcsA/B complex from bacterial 

cellulose synthesis can polymerize cellulose when supplied with cellobiose.7,11  However, when 

active PgaC/D complexes in membrane fractions were supplied with excess GlcNAc, no change 

in enzymatic activity was observed. These results indicate that free GlcNAc does not function as 

a priming acceptor in PNAG biosynthesis, effectively ruling out a self-priming mechanism for 

PgaC/D. 

Taken together, the evidence suggests that the PgaCD complex may employ a primer-

dependent initiation strategy analogous to other surface polysaccharide biosynthetic systems. 

Specifically, it is plausible that PNAG biosynthesis is primed by a lipid-linked monosaccharide, 

such as undecaprenyl pyrophosphate (Und-PP)–GlcNAc, or glycerol-phospholipid linked 

GlcNAc, which has been observed as an intermediate providing a mechanism consistent with other 

bacterial polysaccharide initiation pathways. 

3.4 Experimental Procedures 

Isolation of endogenous PNAG from S. epidermidis 

S. epidermidis exopolysaccharide was isolated using a method adapted from a previous 

report.13  Briefly, S. epidermidis glycerol stock was used to inoculate 500mL TSB buffered with 

20mM Tris-HCl pH 7.5. The culture was grown for 72 hours rotating at 100 rpm and incubating 

at 37oC. Cells were harvested by centrifuging at 2500 x g for 20mins and the pellet resuspended 

in 25 mL of cold PBS. The resuspended cells were sonicated using the FisherbandTM Model 505 

Sonic Dismembrator set at; 5 seconds on, 10 seconds off, 3mins, 30% amp. The suspension was 

centrifuged at 6000 rpm for 20 mins to remove whole cells, and the supernatant was centrifuged 
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for an additional 12,000 rpm for 60 mins. The supernatant was dialyzed against 2L of 50mM Tris-

HCl pH 7.5 overnight at 4oC.  

PNAG can be isolated as a precipitate by mixing the supernatant to ice cold isopropanol at 

a 1:3 ratio, respectively. The mixture was centrifuged at 4000 rpm to obtain the PNAG. The pellet 

was washed multiple times with Milli Q water before suspended in a buffer containing 1mM 

MgCl2, 1mM CaCl2, and 20mM Tris-HCl pH 7.4 followed by sonication bath to break up the 

precipitate. The suspension was then treated with DNase1 (50µg/mL) and Proteinase K 

(100µg/mL) for 2 hours at 37oC. The pellet was washed with MilliQ water and isopropanol mixture 

described above and the solid was stored in -20oC until use. 

Dot blot analysis of PNAG localization 

A reaction mixture previously described in the isolation of de novo synthesized PNAG was 

centrifuged at 17,000 x g for 10 minutes to pellet the membrane fraction. The pellet was 

resuspended in a buffer containing 1mM MgCl2 in 50mM Tris-HCl pH 6. Fractions of the 

supernatant and pellet were treated with DspB (+/-) for 1hr rotating at room temperature. 1µL of 

each fraction was spotted on a nitrocellulose membrane and allowed to dry. The membrane was 

blocked using 5% BSA solution in PBS containing 0.05% tween for 2 hours at room temperature. 

PNAG localization was then determined by treating the membrane with a PNAG detection protein 

previously described, then visualized with Opti-4CN.  

Densitometric analysis of the spots was performed using Fiji (ImageJ), with pixel densities 

converted to relative gray values (GV) for comparison. Each spot was analyzed in technical 

replicate, and error bars represent the variance in spot pixel density among replicates. Two-way 

ANOVA analysis were performed between DspB(+) and DspB(-) samples. Bar graphs of relative 

values were plotted in prism GraphPad.  
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Chapter 4: Unveiling PNAG dynamics in bacterial biofilms through 

microfluidics and fluorescence microscopy 
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4.1 Introduction 

Bacterial biofilm cultivation methods have evolved significantly, encompassing techniques 

ranging from microtiter plate assays to microcolony biofilm assays on agar plates.1  Although these 

static systems are inexpensive and require minimal equipment, they fail to accurately model the 

dynamic conditions inherent to biofilm formation. Alternatively, flow-based platforms such as 

flow cells and microfluidic devices more closely emulate the native growth environment by 

introducing shear forces, constant nutrient supply, and waste removal.2  A major limitation of 

conventional flow cells is the reliance on random bacterial adhesion within the growth chamber, 

introducing experimental variability. However, a recent study addressed this limitation by 

employing a dedicated seeding chamber adjacent to growth chamber enabling controlled cell 

seeding and reliable biofilm cultivation.3  This improvement permits precise differentiation of 

internal and peripheral biofilm zones, thereby yielding spatial information critical for downstream 

analysis. One limitation of this design, however, is that the shallow growth chamber depth limits 

biofilm growth to two dimensions, which may not as accurately reflect the biomolecule 

distributions observed in native three-dimensional biofilm environments. The present work adapts 

this seeding approach to enable enhanced visualization of exopolysaccharide (EPS) distributions 

within bacterial biofilms using microfluidic flow devices with increased growth chamber depth. 

Historically, EPS visualization included the use of lectin-based probes such as wheat germ 

agglutinin (WGA) for detection of N-acetylglucosamine (GlcNAc), Concanavalin A (ConA) for 

detection of mannose/glucose (Man/Glc), and griffonia simplicifolia lectin (GSL) for galactose 

(Gal) detection.4,5  However, these lectins are often non-specific for EPS and bind to other glycans 

containing similar carbohydrate residues.6  Small molecule fluorescent dyes such as Calcofluor 
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white, which binds cellulose and other β-glucans, and Congo red, which labels amyloids and -

linked polysaccharides, are similarly limited by non-specific interactions.7  

An emerging strategy for developing EPS-specific probes involves mutating the catalytic 

residue of glycosidases, thereby preserving substrate binding while abolishing hydrolytic activity. 

For example, DspB a PNAG specific hydrolase, was inactivated via E184A mutation allowing 

targeted PNAG recognition in S. epidermidis and E. coli when fused with green fluorescent 

protein.6 However, these imaging studies are still limited as they require stochastic attachment of 

the bacterial cells to a surface to enable imaging, limiting the reproducibility of these studies. 

The combination of EPS specific probes with a microfluidic platform for biofilm growth 

aims to unveil the distributions of these exopolysaccharides within bacterial biofilms, provide 

novel insight on biofilm structure, and lead to new strategies for biofilm disruption.   
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4.2 Results  

4.2.1 Microfluidic flow cells for three-dimensional biofilm growth  

Microfluidic devices function as miniaturized analogs of traditional flow cells, possessing 

lower internal volumes and thereby reducing the consumption of media and reagents. Conventional 

flow cells typically use a single inlet for both media flow and cell introduction, which results in 

random bacterial adhesion to the surface of the flow cell and thus, significant variability between 

experiments (Fig 4.1A). In an attempt to address this, Jintao Liu and co-workers introduced an 

additional seeding chamber into the design of their microfluidic devices, providing a dedicated 

channel for cell introduction and enabling precise spatial placement of bacteria in the growth 

chamber (Fig 4.1B).3,8  We further modified this design by increasing flow cell depth to enable the 

capacity for increased three-dimensional biofilm growth. 

Figure 4.1: Design of microfluidic device. A) Conventional flow-device with single 

inlet and outlet. B) Improved design with the addition of seeding chamber, allowing for 

specific cell seeding. C) Photomask containing microfluidic device design. Yellow 

represents chromium plating and reflects incoming light, while the design is etched 

(white) to allow passing of UV light.    
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The microfluidic device design comprises two primary aspects: two-dimensional planar 

layout and three-dimensional height. The overall architecture was designed in AutoCAD and 

adapted from the original report with expanded dimensions to fit a standard glass slide 

foundation.3  Inlet and outlet ports were elongated to reduce mechanical stress on tubing interfaces 

during operation. Device patterns were transferred onto a chromium-coated glass substrate to 

create the photomask (Fig 4.1C). 

After the photomask was created, a mold (often referred to as the master) was fabricated using 

photolithography.  A viscous photoresist (SU-8) was spin-coated onto a wafer to create the 

Figure 4.2: Microfluidic device fabrication. A) Master mold is created through spin-

coating photoresist (SU-8) onto wafer, followed by exposing UV through photomask. 

The wafer is then rinsed with solvent to remove non-crosslinked SU-8, leaving behind 

the microfluidic design. B) PDMS is added onto the master and heat cured at 60oC, 

before removal and trimming. C) Trimmed cells are plasma treated, oxidizing the 

surface, and ready for glass adherence yielding the completed device. 
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negative mold, where the final device height depended on the spin-coating speed (Fig 4.2A). While 

previous versions featured a 6 μm channel height suitable for imaging biofilm layers ~3-6 cells 

thick, our design increased the height to ~300 μm, verified by profilometry, thus supporting three-

dimensional biofilm growth and analysis. The resulting growth chamber measured 23 mm in 

length, 2.4 mm in width, and 0.1–0.3 mm in height, yielding an internal volume of ~15 μL.  

Individual microfluidic cells are cast from this mold using polydimethylsiloxane (PDMS), 

a non-toxic transparent silicone polymer. The PDMS alongside a curing agent were combined, 

poured onto the master, and cured at 60 oC (Fig 4.2B). The cured polymer is then carefully removed 

and sectioned to size. At this point thin ~1mm scotch tape is placed at the wall that separates the 

growth and seeding chamber, preventing oxidation by oxygen plasma thus maintaining an 

accessible entry point for precise bacterial seeding (Fig 4.2C). 

4.2.2 Biofilm cultivation conditions in microfluidic device     

Common biofilm assays, such as those using microtiter or agar plates, often fail to replicate 

the dynamic physiological conditions found in natural environments. In contrast, microfluidic 

devices enable culturing, labeling, and real-time observation of biofilms in situ, facilitating a more 

authentic representation of biofilm structure. Using this approach, we sought to compare the 

PNAG exopolysaccharide distributions within model Gram-negative and Gram-positive bacterial 

biofilms. We selected E. coli MG1655ΔcsrA and S. epidermidis RP62A strains as model Gram-

negative and Gram-positive biofilm forming bacteria, respectively, as both display well 

documented PNAG production.9,10  

Traditionally, laboratory strains of E. coli have demonstrated a diminished capacity to form 

robust biofilms which has led many researchers to utilize the E. coli MG1655ΔcsrA strain for 

studies of PNAG biosynthesis due to its enhanced biofilm phenotype.11,12 The csrA gene encodes 
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for a global transcriptional regulatory protein, CsrA (carbon storage regulator), which represses 

several biofilm inducing pathways decreased motility and exopolysaccharide 

biosynthesis.13,14 Collectively, the loss of these regulatory functions in the ΔcsrA mutant resulting 

in high exopolysaccharide production and reduced motility has led to its wide adoption in E. coli 

biofilm research. 

S. epidermidis RP62A was originally isolated in the early 1980s during an outbreak of 

intravascular catheter-associated sepsis. Christensen and colleagues first described the strain's 

robust ability to adhere to smooth plastic surfaces.15  Subsequently, complete genome sequencing 

of the RP62A strain confirmed the presence of the ica operon essential for PNAG biosynthesis.  

This genomic characterization provided a high-resolution map for transcriptomics (RNA-Seq) and 

proteomics, facilitating more precise genetic knockouts and regulatory studies compared to 

uncharacterized wild-type strains.16,17  

Distinct cultivation protocols were optimized for each bacterial species to yield 

characteristic biofilm morphologies within the microfluidic device. For S. epidermidis, starter 

cultures were grown in Tryptic Soy Broth (TSB) and incubated at 37°C with continuous agitation 

at 100 rpm overnight. To prepare the inoculum for the microfluidic device, these cultures were 

concentrated to 1/10 of their original volume. Following seeding, the biofilms were matured at 

ambient temperature for 18–20 hours under a constant flow rate of 15 chamber volumes per hour.  

The E. coli protocol utilized Luria-Bertani (LB) broth and a two-stage initial growth phase: 

an initial 5-hour incubation at 37°C with high-speed shaking (200 rpm), followed by a static 

overnight incubation at 37°C. The resulting cultures were concentrated ten-fold prior to seeding 

the microfluidic channels. Maturation of the biofilms were established after 18–20 hours at 

ambient temperature with a continuous flow of 15 chamber volumes per hour. All experimental 
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stages, including fluorescent labeling, were performed using TSB to maintain a consistent nutrient 

environment. 

After the biofilms had matured, we next sought to visualize the distribution of PNAG 

within the biofilms and subsequently monitor the disruption of the biofilm upon treatment with a 

PNAG specific hydrolase enzyme DspB. For this the biofilms were subjected to a three-phase 

labeling, washing, and disruption protocol (Fig 4.3). In the initial labeling phase, PNAG within 

the biofilms was visualized by introducing growth media containing an appropriate concentration 

of a catalytically inactive DspBE184A mutant containing a C-terminal enhanced green fluorescent 

protein tag (inDspB-eGFP). This same protein design has previously been used shown to be highly 

specific for labeling PNAG in both S. epidermidis and E. coli biofilms.6  The labeling was allowed 

to proceed under flow for 90 min, during which the fluorescence intensity within the biofilm was 

monitored at regular intervals. The labeling was subsequently followed by a washing phase to 

evaluate the retention of fluorescent probes within the biofilm matrix under continuous flow 

conditions. Finally, the labeled biofilms were treated with either catalytically active DspB or an 

inactive DspBE184Q mutant to observe structural and morphological changes in the biofilm 
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architecture upon the hydrolysis of PNAG. In addition to the catalytically active DspB or 

DspBE184Q, inDspB-eGFP was also included in the growth media during this disruption phase to 

aid in monitoring PNAG distribution during disruption phase. For each phase of this labeling 

protocol, we continuously monitored the biofilms for 90 min.  Time-laps images of the biofilm 

Figure 4.3: Total biofilm area. Biofilm area progression was monitored across three 

stages: labeling, washing, and dispersal. A) Schematic of the 3 phases. All experimental 

phases were conducted in growth media supplemented with the appropriate proteins. B) 

Each phase lasted approximately 90 minutes, with images captured at 10-minute 

intervals during labeling and washing, and at a higher frequency during the dispersal 

phase. The 30-minute gaps between phases account for the void volume during media 

exchanges. The total biofilm area was quantified using Fiji (ImageJ) by defining a 

region of interest around the biofilm and measuring the total gray value (GV) from 

brightfield images over time. By adjusting image thresholds, GVs were isolated for the 

cells while excluding background signal.  
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were recorded on 10 min intervals during the labeling and washing stages, while the frequency of 

image acquisition was increased to every 1.5 min (for E. coli) or 3 min (for S. epidermidis) during 

the disruption phase. This accelerated acquisition rate was necessary to capture the rapid 

architectural shifts occurring during the dispersal process. 

4.2.3 Effects of PNAG hydrolysis in S. epidermidis biofilms 

To track the morphological shifts across each of the three growth phases, we measured the 

biofilm cross-sectional area. The biofilm cross-sectional area was quantified in Fiji (ImageJ) by 

defining a region of interest around the biofilm and applying a pixel density threshold to isolate 

gray values of the cells from the background. Perhaps unsurprisingly, we observed that the cross-

sectional area of S. epidermidis biofilms expanded at a constant rate through both the labeling and 

washing stages (Fig 4.3B and Fig 4.4A). The biofilm areas were then compared before and after 

90 min of treatment with the PNAG hydrolase DspB, or inactive DspBE184Q during the disruption 

phase (Fig 4.4B. As expected, we also observed no phenotypic changes when the biofilms were 

treated with inactive DspBE184Q during the disruption phase and the biofilm continued to grow at 

a near constant rate (Fig 4.4C). Previous publications have shown that treatment of S. epidermidis 

RP62A biofilms with DspB is sufficient to affect significant biofilm disruption. 18 Thus it was a 

surprise that we observed no loss in biofilm cross-sectional area for S. epidermidis biofilms treated 

with DspB. Instead, we observed an initial rapid increase in the biofilm cross-sectional area, 

despite visible cell shedding observed at the periphery of the biofilm, which eventually slowed to 

expand at the same rate as observed for the biofilm treated with DspBE184Q (Fig 4.4C and E). 

Throughout this disruption with DspB, we observed visible evidence of cells shedding from the 

surface of the biofilm, which was not observed when treated with DspBE184Q, yet the core of the S. 

epidermidis biofilm remained intact and expanded in cross-sectional area upon prolonged DspB 
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treatment. These observations suggest that while PNAG hydrolysis effectively removes surface-

associated cells, additional adhesion factors likely contribute to the overall integrity of the S. 

epidermidis biofilm core. This is perhaps unsurprising as both proteins, like Aap, Embp1, and 

BHP, and extracellular nucleic acids, have both been shown to contribute to biofilm cohesion in 

S. epidermidis biofilms.19–22 
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Figure 4.4: Effects of S. epidermidis biofilm area from PNAG hydrolysis by DspB. 

A) Total area of S. epidermidis biofilms after each phase; Label, wash, and DspB 

(wt/E184Q) treatment. Biofilm area was quantified in Fiji based on GV mentioned 

previously. B) White dotted line represents biofilm area prior to DspB(wt/E184Q) 

addition. C) Biofilm area over prolonged DspB (wt/E184) treatment. D) Biofilm sample 

treated with DspBE184Q exhibited no observable dispersal. E) Biofilm sample treated 

with DspB displayed peripheral cell shedding, but no decrease in overall size. Scale bar 

100 µm. 
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4.2.4 PNAG distribution in S. epidermidis biofilms 

To better visualize the PNAG distribution within the biofilm architecture, the S. 

epidermidis biofilms were labeled with growth media containing 0.5 µM of inDspB-eGFP under 

continuous flow for a total of 90 min. As seen in Fig 4.5B, the fluorescent signal initially increases 

at the biofilm perimeter before diffusing deeper into the biofilm core. However, even after 

prolonged exposure, the S. epidermidis biofilms exhibited the highest PNAG labelling primarily 

at the periphery (Fig 4.5), with significantly lower concentrations in the center. This localization 

Figure 4.5:  Fluorescent signal profiles of S. epidermidis biofilms after labeling 

with inDspB-eGFP (0.5 µM) for 90 mins under continuous flow. A) The center of 

the biofilm base was established by identifying the midpoint of a line drawn along 

the attachment surface. Radial lines were then extended through the biofilm at 5° 

intervals from this center point, with fluorescent signal intensity plotted along each 

path to map the protein distribution. Biofilm perimeter is highlighted by white 

dotted line. B) High concentrations of inDspB-eGFP localized at the peripheral of 

the biofilm structure during labelling phase. Scale bar 100 µm. 
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correlates with the observed dispersal pattern, in which cell shedding was restricted to the outer 

edges while the primary biofilm core remained intact. These findings suggest that PNAG may 

serve as a primary cohesive factor within the expansion zone of S. epidermidis biofilms, but that 

other adhesive factors, which may include protein and nucleic acids contribute to cohesion within 

the biofilm core. 

Previous reports have characterized several S. epidermidis strains as either 

exopolysaccharide-dependent (1457) or protein-dependent (5179-R1 and 1585v).23  Biofilms 

formed via protein processing, involving either extracellular matrix-binding protein (Embp1) or 

accumulation-associated protein (Aap), demonstrated dispersal only upon proteinase K treatment 

and remained resistant to DspB.23  Additionally, confocal microscopy reveals that 

exopolysaccharide-dependent biofilms possess PNAG localized at the intercellular interface, a 

feature absent in protein-dependent biofilms.  

4.2.5 Effects of PNAG hydrolysis in E. coli biofilms 

 A similar approach was applied to study PNAG contributions to E. coli biofilms. The 

addition of DspBE184Q to mature E. coli biofilms resulted in no phenotypic changes to the biofilm 

architecture, and the biofilm area grew consistently throughout the treatment (Fig 4.6B). 

Conversely, when E. coli biofilms were treated with active DspB, > 50% of the initial mass was 

lost within the 90 min dispersal phase (Fig 4.6B). The final frame of the DspB treatment revealed 

a loss of cells from both the exterior and interior of the structure, accompanied by a decrease in 

overall biofilm density. This result is consistent with the role of exopolysaccharide hydrolysis in 

other Gram-negative bacterial biofilms. For example, the use of endogenous endoglycosidase PslG 

effectively cleared Pseudomonas aeruginosa biofilms under flow conditions. In those studies, 

time-lapse imaging demonstrated a uniform loss of biomass throughout the entire biofilm 
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structure.24  These results suggest that PNAG is a critical component for structural integrity within 

E. coli biofilms lacking the crsA transcriptional regulator. However, hydrolyzing the 

exopolysaccharide alone does not result in complete degradation, as roughly half of the biomass 

remained compared to pre-treatment levels (Fig 4.6A). Although PNAG hydrolysis disperses a 

large portion of the biomass, it does not achieve complete dissolution, as the center remains 

partially attached. These findings demonstrate the importance of PNAG while highlighting the 

heterogeneity of the biofilm matrix. Since the matrix consists of various materials, such as 

extracellular DNA, proteins, and exopolysaccharides, the degradation of a single component may 

not be sufficient for total dispersal.  

Figure 4.6: Effects of E. coli biofilm area from PNAG hydrolysis by DspB. A) 

Total area of E.coli biofilms after each phase; Label, wash, and DspB (wt/E184Q) 

treatment. B) Biofilm areas quantified by GV over the course of Dsp (wt/E184Q) 

treatment. Images display the final frame of the biofilm post-treatment, with the 

initial biofilm size indicated by a white dotted line. C) E. coli biofilm treated with 

inactive DspBE184Q displayed no observable dispersal. D) Biofilm treated with 

DspB exhibited significant dispersal of both internal and external regions. Scale 

bar 100 µm.   
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4.2.6 PNAG distribution in E. coli biofilms 

 For the labelling of E. coli biofilms, the fluorescent probe concentration was decreased to 

0.2 µM of inDsp-eGFP. This lower probe concentration was selected to minimize background 

fluorescence. The probe localized primarily to the center of the biofilm structure (Fig 4.7), which 

is consistent with our dispersal observations. These findings highlight that E. coli biofilms lose 

significant biomass upon PNAG hydrolysis, underscoring the critical role of PNAG in maintaining 

their structural architecture.  

Additionally, E. coli biofilms exhibited distinct regions of high PNAG concentration, 

characterized by punctate labeling following prolonged fluorescent probe exposure (Fig 4.7A).  

Figure 4.7:  Fluorescent signal profiles of E. coli biofilms after labeling with 

inDspB-eGFP (0.2-0.5 µM) for 90mins under continuous flow. Biofilm 

perimeter is highlighted by white dotted line. A) Larger biofilm sample 

possessed punctate labeling near center of the structure. B) Smaller, less 

developed sample retained labeling at the center with no punctate labeling. Scale 

bar 100 µm. 
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4.2.7 Differences in PNAG distribution in S. epidermidis vs E. coli biofilms 

Distinct differences in localization are evident when comparing the PNAG distribution of 

S. epidermidis and E. coli biofilms. In S. epidermidis, the PNAG concentration is highest in the 

peripheral zones (Fig 4.8). This localization correlates with the observed dispersal pattern, in 

which cell shedding was restricted to the outer edges while the primary biofilm body remained 

intact. These findings suggest that alternative cohesion factors maintain the structural integrity of 

the S. epidermidis core. Previously, Luan Vo from our lab identified the cell surface protein elastin-

binding protein (EbpS) as a mediator of cell-matrix interactions in a PNAG-dependent manner, 

whereas the known S. epidermidis biofilm protein Aap does not interact directly with PNAG.25 

These findings, combined with the dispersal patterns observed on our microfluidic platform, 

highlight the heterogeneity of cohesion factors within a single biofilm structure. The observation 

that biofilm cross-sectional area expands upon hydrolysis of PNAG suggests that PNAG may play 

a central role in mediating the compaction and cell–cell interactions within the biofilm. Thus, 

blocking the interaction of PNAG with other cell surface components like EbpS may prove a viable 

strategy to prevent efficient biofilm formation in S. epidermidis. However, combinations of PNAG 

hydrolase enzymes with proteins capable of degrading other biofilm protein and nucleic acid 

components may be required for effective S. epidermidis biofilm disruption. 

Conversely, E. coli biofilm labeling demonstrated that PNAG is predominantly localized 

within the core. This is consistent with dispersal observations in which E. coli biofilms undergo 

significant biomass loss throughout the biofilm structure and not simply from the periphery. While 

it was already known that the pga operon is required for E. coli biofilm formation, the spatial 

distribution of this polysaccharides throughout the structure had not been previously 

characterized.10  The Liu laboratory has performed spatial transcriptomics on E. coli MG1655 
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biofilms by fluorescently tagging cells during biofilm growth, and sorting the cells based on their 

localization within the biofilm prior to performing RNA-seq.8 In this study, they were able to 

identify that some genes that modulate biofilm formation, such as those encoding diguanylate 

cyclase (DGC) and phosphodiesterase enzymes (PDE) responsible for the production and 

breakdown of c-di-GMP, differed in their expression profiles in different regions within the 

biofilm.8 Their results showed elevated levels of transcripts for diguanylate cyclase enzymes at the 

E. coli biofilm center, which correlates with our observations of concentrated PNAG production 

in the same region. Moreover, our own analysis of this spatially resolved transcriptomics data 

suggests that expression of the pgaABCD operon responsible for PNAG biosynthesis is also 

highest in the middle regions of the biofilm. 

Beyond the spatial distribution of PNAG, a notable difference in fluorescent intensity for 

PNAG labeling was also observed between the two species. S. epidermidis biofilms exhibited 

higher probe binding than those of E. coli, suggesting increased PNAG biosynthesis in this Gram-

Figure 4.8: Fluorescent signal changes overtime following DspB treatment. 

Comparison of overlay images from the final frame of the labeling phase (top row) vs 

the final frame of the dispersal phase (bottom row). Both S. epidermidis and E. coli 

biofilms saw a loss in fluorescent signal after DspB treatment. S. epidermidis biofilm 

treated with DspBE184Q shows a lack of labeling at the perimeter of the biofilm and 

higher labeling near the center while E.coli biofilm treated with DspBE184Q exhibited a 

lower fluorescence signal near the center at significantly lower signal intensity. Scale 

bar 100 µm.   
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positive bacteria. Furthermore, S. epidermidis biofilms displayed a higher overall cell density than 

E. coli biofilms. This density was evident during the labeling phase, where the fluorescent probe 

required significantly more time to penetrate the S. epidermidis biofilm structure, as documented 

in the time-lapse data (Appendix). These density variations also impacted probe retention. E. coli 

biofilms lost all observable fluorescence after only 20 minutes of washing, whereas S. epidermidis 

biofilms retained the probe until the onset of the dispersal phase. Since binding between the 

inDspB-eGFP probe and PNAG and its retention in biofilms is at least partially dependent on the 

effective PNAG concentration within the biofilms, we can conclude that S. epidermidis biofilms 

produce significantly greater PNAG than similar sized E. coli biofilms. Although it is important 

to note that the E. coli MG1655csrA strain used in these studies is a mutant derived from the 

laboratory E. coli K12 strain MG1655 and thus may not produce PNAG to the same extent as other 

E. coli clinical isolate strains. 

During the disruption of S. epidermidis biofilms with DspB, the absence of fluorescence 

within the DspB treated biofilms demonstrates that PNAG has been effectively hydrolyzed 

throughout the biofilm and that little to no new deposition of PNAG is occurring, despite the 

observation that the biofilm structure remains largely intact and expands in cross-sectional area 

during DspB treatment. Interestingly, upon treatment of these same S. epidermidis biofilms with 

DspBE184Q the PNAG labeling around the periphery of the biofilm observed during the initial 

labeling phase shifted more towards the interior of the biofilm (Fig 4.8). This phenomenon can 

likely be attributed to the competitive binding between the higher concentration of DspBE184Q (2 

µM) and the fluorescent probe (0.5 µM). However, due to the higher density of cells within the S. 

epidermidis biofilm, the rate of rebinding of the larger inDspB-eGFP fluorescent probes likely 

exceeds the rate of diffusion leading to its retention. Whereas the rate of diffusion of the smaller 
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unlabeled inactive DspBE184Q protein prevented its similar retention. Thus, this microfluidic 

labeling approach may provide a mechanism to measure diffusional dynamics within biofilms.  

 Results for the E. coli biofilms followed a similar pattern where samples treated with DspB 

showed a complete loss of fluorescence signal accompanied by significant dispersal. While 

biofilms treated with the inactive DspBE184Q mutant exhibited a decrease in signal intensity, likely 

due to competitive binding between the probe and the mutant enzyme, the overall architecture 

remained intact and expanded during this period. Collectively, these fluorescence labelling 

patterns suggest that PNAG mediates the cell-matrix interactions of S. epidermidis biofilms 

primarily at the periphery and does not play a major role in central cohesion. In contrast, PNAG is 

required for initial cell–cell cohesion in the core of E. coli biofilm architecture, serving as a primary 

cohesion factor for the overall stability of the structure. 

4.3 Conclusion 

Bacterial biofilms are commonly defined as three-dimensional microbial communities 

encased within a self-secreted extracellular matrix composed of various components, including 

EPS and filamentous proteins that contribute structurally.9,26–28  These macroscopic communities 

exhibit stratification, creating microenvironments with gradients in oxygen, pH, and nutrients, 

which influence cellular metabolism and behavior.29–32  Given these spatial heterogeneities, it is 

critical to study biofilms in situ, without disrupting their architecture, to obtain biologically 

relevant insights. Understanding the spatial distribution of EPS within biofilms is particularly 

important, as these polymers are fundamental to biofilm formation and represent potential targets 

for biofilm inhibition or dispersal strategies.  

In this work, we report the cultivation of PNAG-producing bacterial biofilms in 

microfluidic devices to compare the spatial distribution of the polysaccharide between the Gram-
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negative E. coli MG1655ΔcsrA and the Gram-positive S. epidermidis RP62A.9,10  Through this 

approach combined with fluorescence microscopy, we were able to identify the differences in 

PNAG distribution in different species and its effects on overall biofilm structure when degraded. 

It is well known that PNAG serves as an important matrix component during biofilm formation 

and contributes to the three dimensional architecture.10,33,34 However, the comparative role of 

PNAG across different bacterial strains has not been thoroughly investigated. Our study suggests 

that while both species produce PNAG in mature biofilms, the specific role of the polysaccharide 

differs. S. epidermidis biofilms appear to utilize PNAG primarily in the peripheral or growing 

zones. This suggests that only the more metabolically active cells produce PNAG, likely using the 

adhesin to anchor themselves to the primary structure as the biofilm expands. Consequently, 

hydrolyzing these polysaccharides causes the release of peripheral cells while the overall structure 

remains stable (Fig 4.8). The opposite is true for E. coli biofilms, where the polysaccharides 

concentrate at the center of the structure, corresponding to the region where the translation of 

diguanylate cyclase enzymes is highest.8 In this case, PNAG degradation results in significant 

dissolution of the entire biofilm structure (Fig 4.8). 

Although the present study captured the progressive effects of PNAG hydrolysis in S. 

epidermidis and E. coli biofilms, the roles of additional matrix components in the overall system 

remain unclear. For example, extracellular DNA (eDNA) is found ubiquitously in bacterial 

biofilms and serves as a primary component of the matrix.27,35,36 Earlier studies of S. epidermidis 

biofilms suggested two distinct pathways: the polysaccharide morphotype and the eDNA/protein 

morphotype.37,38 However, recent work by Mlynek and colleagues proposed that these biofilm 

matrices are not mutually exclusive. Instead, the expression of various matrix materials is governed 

by specific growth conditions.22 It is possible that matrix composition varies depending on 
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environmental factors, creating zones in which certain areas of the biofilm utilize a particular 

component more than others. This would explain our observation of biofilm stability even during 

the complete degradation of the PNAG polysaccharide. Additionally, interactions between eDNA 

and polysaccharides have been reported for other strains, such has Pseudomonas aeruginosa, 

which produces a cationic exopolysaccharide (1→4 glycosidic linkages of N-acetylgalactosamine 

and N-acetylglucosamine) known as Pel.39 Jennings and coworkers identified interactions between 

anionic eDNA and cationic Pel that create an interlocking system serving as a primary structural 

scaffold.39 A similar interaction may occur within PNAG-producing biofilms, as one study 

reported the colocalization of eDNA and PNAG in Staphylococcus aureus UAMS-1 under 

confocal microscopy.40 These previous studies, however, were performed under static conditions 

in Petri dishes where old and new cells were indistinguishable. In contrast, spatial mapping of both 

polysaccharides and eDNA would be possible using our microfluidic approach. 

This technique can be extended to study the protein-polysaccharide interactions that occur 

during biofilm formation. Research into the interplay between proteins and polysaccharides is an 

expanding field, and several reports have demonstrated the importance of these interactions for 

robust biofilm development. For instance, CdrA is a large, secreted protein from Pseudomonas 

aeruginosa that serves as a "molecular tether" between Psl and Pel exopolysaccharides.41 

Additionally, our lab recently identified that the cell surface protein EbpS interacts with PNAG to 

facilitate cell-matrix attachment.25   

Collectively, this microfluidic device serves as a versatile tool for the reproducible 

cultivation, labeling, and dispersal of bacterial biofilms. We successfully adapted the system's 

dimensions to accommodate the formation of larger, more complex three-dimensional biofilm 

structures. Moving forward, our goal is to expand the labeling and dispersal parameters to include 



 

 

92 

 

proteins and eDNA, which will allow us to uncover the specific spatial relationships between each 

of these critical matrix components. 

4.4 Experimental Procedures 

Bacteria strains and growth conditions:  

Gram-positive (Staphylococcus epidermidis RP62A) and Gram-negative (Escherichia coli 

MG1655∆crsA) were chosen for the following labeling experiments. These strains have been used 

previously to study EPS dependent biofilm formation. S. epidermidis biofilms were cultured in 

Tryptic Soy broth, while E. coli biofilms were grown in Tris buffered Luria-Bertani broth, pH 7. 

 S. epidermidis cultures were grown under continuous shaking at 100 rpm at 37. oC, 

overnight before harvesting. E. coli MG1655∆crsA were grown in LB shaking at 200 rpm for 5 

hours before allowing to grow statically overnight at 37 oC. 

Microfluidic cell device, design and manufacture: 

Microfluidic design and manufacture were previously described in with small adaptations 

to the dimensions.3  Original study described a 6-micrometer depth for thin uniform biofilm 

formation. The depth of the device described in this study was increased to 300 micrometers to 

enable larger 3-dimensional biofilm growth. Devices were made using PDMS and 3M scotch tape 

(0.5-1mm) was used to mask the seeding zone prior to plasma treatment. Oxygen plasma treatment 

of both glass and device was performed using the March O2 plasma system (200 V for 30 seconds). 

The tape was quickly removed, and the device and glass were firmly pushed together for 30 secs 

before finishing on hot plate 97oC for 5 mins.  

Device growth, labeling, and dispersal: 

The device was first secured to a flat surface using masking tape and growth media was 

introducing into the seeding chamber at 60 µL/min. Once the chamber and tubing were filled, the 
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seeding chamber outlet was closed, and the rate was reduced to 20 µL/hr. The media was 

introduced until the liquid was observed to enter the main growth chamber at the designated 

seeding zone. At that time the seeding chamber outlet was opened, and media was introduced to 

both inlets at 20 µL/min until the device was completed filled.   

Overnight starter cultures were harvest and resuspended in 1/10x of final growth media 

and introduced through the seeding chamber at 20 µL/min. Once the seeding chamber was 

saturated, the seeding outlet was closed while both inlets are continuously flowing at 5-10 µL/min 

for 2 mins, allowing cells to enter the growth chamber. The seeding chamber outlet was then 

opened, and buffer was flown through the seeding chamber at 20 µL/min for 20 min or until most 

cells were removed.   

The cells that were introduced to the device were then left to grow at room temperature for 

20 hrs before labeling. Biofilms were grown at a flow rate of 250 L/hr for 300  m devices and 

85 L/hr for 100 m devices, equating to roughly 15 chamber volumes per hour. 

Biofilms were labeled using a catalytically inactive hydrolase-fluorescent protein 

conjugates at 0.2-0.5µM and imaged on through the ECHO revolve microscope. The fluorescent 

probe was flowed in the device via syringe pump until the fluorescent intensity saturates within 

the biofilm. Dispersal was conducted with the use of active hydrolase enzymes until biofilm fully 

dissipates or no continued degradation was observed. 
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Chapter 5: Summary and Future Directions 
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5.1 Summary and Future directions 

Bacteria surfaces are predominately composed of polysaccharides that encapsulate cells 

and are essential of their survival. These surface polysaccharides are highly diverse in structure 

and play crucial roles in regulating cell permeability and mediating interactions with the 

surrounding environment.1  Among these surface polysaccharides are exopolysaccharides (EPS) 

serve primarily as a cell adhesin during bacterial biofilm formation, often synthesized through the 

synthase dependent pathway.2  Given the widespread integration of EPS within bacterial biofilms, 

the biochemical mechanism that initiates the biosynthesis of these polysaccharides remains an area 

of active investigation with speculations that synthase-dependent polysaccharide synthesis 

undergoes self-initiation process. This hypothesis has largely been supported by the reconstitution 

of activity of synthase dependent glycosyltransferase enzymes such as bacterial cellulose synthase 

(Bcs) and Hyaluronic acid synthase (HAS).3,4   

A common EPS found in both Gram-positive and Gram-negative bacteria is Poly-β-(1→6)-

N-acetylglucosamine (PNAG), has been proposed to undergo a self-initiation process. However, 

attempts at rescuing its activity from previously employed strategies has remained unsuccessful 

suggesting alternative mechanisms for initiation analogous to other surface polysaccharides. 

Revealing the molecular events underlying the onset of PNAG polymerization and to advance our 

understanding of synthase-dependent EPS biosynthesis in bacteria. Future studies should focus on 

the identifying the utilization of lipid substrates by these synthase-dependent pathways. 

 In additional to PNAG biosynthesis, E. coli possesses two additional biosynthetic pathways 

(Bsc and Nfr) capable to polymerizing alternative forms of EPS. Due to the innate stratification of 

biofilms and alternative roles of EPS such as the suppression of immune response by cellulose, it 

is possible that different EPS can also undergo differences in spatial distribution. By unveiling 
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how these EPS are utilized within biofilms could reveal additional regulatory mechanisms, leading 

to novel strategies for combating biofilm formations.  

5.1.1 Initiation of PNAG biosynthesis by PgaCD complex  

PgaCD is a GT2 family enzyme that facilitates the polymerization of PNAG within Gram-

negative bacteria by catalyzing the glycosyl transfer from activated sugar nucleotides onto an 

acceptor substrate.5   We begin our investigation by obtaining active PgaCD complex through 

expressing the proteins within the same membrane through a pETduet vector expression system. 

Generation of the PgaCD fusion protein (PgaCDf) retained its enzymatic activity while ensuring 

the proper oligomerization of the enzyme. The activity of each protein variant was measured based 

on conversion of the substrate UDP-GlcNAc to form free UDP upon polymerization of the 

GlcNAc residues by HPLC through reverse phase chromatography. To confirm the polymerization 

of the GlcNAc residues, de novo synthesized PNAG was isolated and analysis by CP-MAS NMR 

and revealed δ are characteristic of unsaturated lipid carbons.  

Further investigation of the de novo PNAG revealed its localization with the membrane 

after polymerization. To ensure the PNAG association with the membrane was do due to 

encapsulation within the proteoliposome (PL) IMVs formed during sonication, we treated the 

reaction with DspB wt. Robust hydrolysis of PNAG in both the crude reaction mixture and the 

centrifuged membrane pellet without prior membrane disruption indicating the association of 

PNAG was not due to encapsulation, rather via an alternative mechanism.  

Previous evidence of self-initiation involves the hydrolysis of the UDP-sugars, leaving the 

free sugar to serve as the initial acceptor for polymerization. This concept is supported by the 

observed activity from purified glycosyl transferase enzymes incubated with just their cognate 

nucleotide-sugar substrates.6  However, attempts at reconstituting activity within purified PgaCD 
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variants did not rescue its activity. Additional incubation of free GlcNAc residues with active 

PgaCD had no significant impact, suggesting that free GlcNAc monosaccharide does not serve as 

a primer substrate for PNAG biosynthesis catalyzed by PgaCD. 

5.1.2 Spatial distribution of EPS in bacterial biofilms 

 Due to the stratification of bacterial biofilms, it is important develop techniques that can 

accurately capture the architecture of the biofilms. Flow-based devices coupled with confocal 

microcopy has been an emerging strategy for studying biofilms under dynamic conditions without 

disturbing its architecture.7,8  Conventional flow devices rely on random adherence of bacterial 

cells during growth initiation, leading to variances between experiments. Here we were able to 

incorporate a novel microfluidic device with an integrated cell seeding mechanism to produce 

predictive biofilm profiles, allowing for direct comparison.   

 The utilization of the microfluidic device coupled with PNAG specific probe (catalytically 

inactive PNAG specific hydrolase Dispersin B mutant (DspBE184), fused to eGFP (DspBinactive-

eGFP)) unveiled differential PNAG distribution within Gram-positive (S. epidermidis RP62A) and 

Gram-negative (E. coli MG1655ΔcsrA) bacterial biofilms.9  In E. coli biofilms, PNAG 

predominantly localized within the biofilm core, whereas S. epidermidis biofilms showed higher 

peripheral PNAG concentrations. Biofilm dispersal assays additionally revealed differences in 

PNAG hydrolysis and biofilm disruption between the two biofilm-forming bacterial species. 

Compete dissociation was observed for E. coli biofilms while the core of the S. epidermidis biofilm 

remained largely intact after initial shedding of the peripheral cells suggesting additional adhesion 

factors contribute to the cohesion and integrity of the S. epidermidis biofilm. We were able to 

demonstrate the versatility of the microfluidic platform for simultaneous cultivation, imaging, and 

targeted dispersal of diverse bacterial biofilms.   
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5.2 Closing remarks 

 During this dissertation, we investigated the initiation mechanism of PNAG biosynthesis 

by PgaCD complex through a combination of enzyme kinetics and polysaccharide analysis. 

Collectively, our results challenged the previous notion of a self-initiating mechanism employed 

by glycosyl transferases. Specifically, PgaCD activity is not affected by the presence of free 

GlcNAc residues and de novo synthesized PNAG revealed lipid corresponding peaks while 

demonstrating membrane association after polymerization. Due its prevalence and vital role in 

promoting biofilm formation identifying how these EPS are initiated would be instrumental in 

unveiling novel strategies at combating formation. In addition to PNAG initiation, we uncovered 

differential PNAG distribution and dispersal within commonly studied biofilms by utilizing a 

microfluidic platform that permitted the cultivation, labeling and dispersal of biofilms in situ. 

Revealing the differences of PNAG utilization between bacterial species demonstrates the 

diversity of EPS disruption and its role in cellular cohesion.  
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Appendix 

 

Supplemental Figure 1. Overexpression of pga proteins. Proteins were overexpressed in 

BL21(DE3) cells. 500mL LB cultures were grown until OD600 reached 0.5-0.6 and cooled on ice 

for 10-15mins. ITPG (200µM) was added, and the culture was left shaking at 200rpm for 20 hours. 

Cells were harvested through centrifugation at 5,500 x g and lysed through sonication. Lysate was 

centrifuged at 13,000 x g to remove large cell debris. The supernatant was floated on top of 1.8M 

sucrose solution and centrifuged at 60,000 x g for 1 hour. The middle layer was removed and 

centrifuged at 60,000 x g to pellet the membrane fraction and resuspended to 200mg/mL and stored 

in -80oC until use.  
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Supplemental Figure 2. Nano-disc solubilization screening of PgaCDf using various 

polymers. Crude membrane fractions containing PgaCDf were incubated in 1% w/v polymer final 

concentration in 25mM Tris-HCl 150mM NaCl pH 7.4 at 4oC overnight on rotator. The mixture 

was centrifuged at 60,000 x g for 1 hour before the supernatant containing the solubilized protein 

was removed and analyzed by SDS-PAGE. Abbreviations; DIBMA: Diisobutylene-maleic acids, 

AMPHIPOL: Amphiphilic polymer, SMALP: Styrene maleic anhydride, AASTY: Poly(acrylic 

acid-co-styrene), mf: membrane fraction. 
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Supplemental Figure 3. Solubilization efficiency of PgaCD in Fos-choline 12 vs AMPHIPOL. 

Both solubilization strategies were able to co-purify PgaC and PgaD, with AMPHIPOL having 

efficiency.   

 

Supplemental Figure 4. Stepwise gradient elution purification. Purification of PgaCDf-eGFP 

by Ni-NTA column using step gradient elution of imidazole. AMPHIPOL nano discs containing 
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PgaCDf-eGFP were incubated with Ni-NTA resin overnight at 4oC while rotating. Resin was 

transferred to spin column and eluted using 400µL of elution buffers. Columns were centrifuged 

at 0.7 x g for 2 mins. Elution buffer: 25mM sodium phosphate, 150mM NaCl, pH 7.4.  
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