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Cardiovascular complications are the leading cause of morbidity and mortality in 

individuals with diabetes, yet strategies that reduce cardiovascular disease (CVD) risk 

beyond glycemic control remain limited. Endothelial cells and red blood cells (RBCs) 

become dysfunctional under diabetes-associated hyperglycemia, partly due to 

increased oxidative stress and impaired vasodilation. These effects may be further 

influenced by interactions between RBCs and endothelial cells through extracellular 

vesicles (EVs), which can transfer bioactive cargo that alters endothelial function. 

Glutamine, the most abundant amino acid in the body, is reduced in individuals with 

diabetes and has reported antioxidant and anti-inflammatory effects. However, its 

impact on endothelial cells and diabetic RBCs remains poorly understood. In this 

thesis, the impact of glutamine on endothelial cells and RBCs was investigated. I 

showed that glutamine supplementation increased NADPH production and glutathione 

synthesis in endothelial cells under both normal and hyperglycemic conditions, thereby 

reducing oxidative stress. Glutamine also systemically altered endothelial metabolism 

by increasing oxidative respiration, succinate dehydrogenase activity, and UDP-

GlcNAc synthesis,  while decreasing polyunsaturated fatty acids and one-carbon 

metabolites. In contrast, RBCs from diabetic subjects showed similar basal ROS levels 

compared to controls but exhibited reduced antioxidant capacity, evidenced by lower 



  

intracellular glutamate and a greater increase in oxidative stress following oxidant 

exposure. Glutamine supplementation did not improve RBC oxidative stress or 

enhance glutathione synthesis. Finally, mechanically generated RBC-EVs from 

diabetic and non-diabetic subjects did not induce oxidative stress or inflammation in 

endothelial cells, highlighting the potential impact of EV generation methods on their 

pathological effects. This work increases our understanding of how glutamine impacts 

endothelial cells and RBCs and suggests that glutamine supplementation alone may 

have limited beneficial effects. Instead, metabolic engineering of glutamine-related 

pathways in both endothelial cells and RBCs may be required to optimize therapeutic 

strategies for CVD. 
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Chapter 1: Introduction 

1.1 Clinical motivation 

Cardiovascular disease (CVD) includes a broad range of disorders affecting the heart and 

blood vessels, and it remains the leading cause of death worldwide1. Major forms of CVD are 

coronary artery disease (CAD), cerebrovascular disease, peripheral arterial disease (PAD), and 

heart failure (HF). Coronary artery disease results from atherosclerotic plaque formation in the 

coronary arteries. When the plaque bursts and occludes the entire coronary artery, a condition 

referred to as myocardial infarction (MI), downstream blood supply is restricted leading to 

myocardial cell death due to ischemia. Characteristic electrocardiographic changes and a rise in 

cardiac troponin biomarkers typically are used to diagnose MI. Cerebrovascular disease, 

commonly referred to as stroke and defined as an acute neurologic deficit caused by interruption 

of blood flow to the brain, is similarly caused by atherosclerotic plaques and is diagnosed with 

neuroimaging2. Peripheral arterial disease is a condition in which atherosclerosis narrows arteries 

in the legs to reduce the blood flow to the limbs, leading to symptoms like leg pain and slow 

healing wounds3. Heart failure, a syndrome of impaired cardiac pump function leading to 

symptoms such as shortness of breath, fatigue, and edema, is identified by clinical exam and 

imaging evidence of structural or functional cardiac abnormality4. Each of these CVD conditions 

have well-established diagnostic criteria and represent a significant clinical burden in affected 

patients. The dysfunction of endothelial cells, which cover the innermost surface of blood vessels, 

is an initiating event and early sign of atherosclerotic CVD; however endothelial function testing 

is not part of routine clinical evaluation for CVD risk5. This highlights the necessity of research 



 

2 

 

on prevention or reversal strategies for endothelium dysfunction in pathological conditions that 

increase the risk of CVD.  

Diabetes mellitus (DM) is a chronic metabolic disorder characterized by hyperglycemia 

due to impairment in insulin secretion, insulin action, or both. Diabetes is highly prevalent and its 

prevalence is rising. By 2030 the global diabetes burden is projected to increase by approximately 

25%. Diabetes incidence increases with age and in populations with obesity and certain genetic 

predispositions6. There are two types of diabetes: type 1 diabetes (T1D) and type 2 diabetes 

(T2D)7. T1D, an autoimmune destruction of pancreatic β-cells leading to insulin deficiency, often 

arises in childhood. T2D, which accounts for ~90% of cases, is caused by insulin resistance 

combined with inadequate insulin secretion6,7.  

Diabetes is a well-known risk factor for endothelial dysfunction through the detrimental 

effects of persistent hyperglycemia. Epidemiological studies have shown that individuals with 

diabetes have about two-fold higher risk of coronary artery disease, stroke, and other 

cardiovascular events compared to non-diabetic individuals6. Approximately one-third of adults 

with diabetes have coexisting CVD8. Chronic hyperglycemia in diabetes leads to both micro- and 

macrovascular complications. Examples of common microvascular complications are diabetic 

retinopathy, nephropathy, and neuropathy, while coronary artery disease, cerebrovascular disease, 

and peripheral arterial disease are macrovascular complications that impact the larger vessels9. 

Notably, coronary artery disease is present in roughly 21% of diabetes patients, cerebrovascular 

disease in about 8%, and heart failure in about 15%10. Hyperglycemia, combined with dysregulated 

lipid metabolism, lead to endothelial dysfunction and increased plaque formation in arteries. 

People with diabetes also commonly have hypertension, high triglycerides, and low HDL 

(dyslipidemia), which further exacerbate atherogenesis9. These systemic impacts make diabetes a 
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leading cause of CVD6,7. This strong epidemiological and biological link between diabetes and 

CVD highlights the need for cardiovascular risk management in diabetic patients. 

Currently, treatment for diabetes aims not only to control blood glucose but also to prevent 

or mitigate cardiovascular complications by co-treating patients to lower blood pressure, lipid 

levels, and platelet aggregation (thrombosis). T1D is treated with lifelong insulin replacement, 

along with blood glucose monitoring and lifestyle modifications. T2D treatment typically begins 

with lifestyle management to maintain normal weight and cholesterol, alongside first-line diabetic 

medications such as metformin to improve insulin sensitivity. As diabetes progresses, additional 

drugs may be added to maintain glycemic control as well as vascular health6. For example, statin 

trials in people with diabetes show ~30% or more relative risk reductions in major cardiovascular 

events with between 10 to 40 mg statin per day for an average of 4 years11. In recent years, sodium–

glucose cotransporter-2 inhibitors (SGLT2) and GLP-1 receptor agonists, two glucose-lowering 

medications, have shown promise in improving cardiovascular outcomes. Specifically, in patients 

with T2D at high cardiovascular risk, SGLT2 inhibitors and GLP-1 agonists significantly reduce 

rates of major adverse cardiovascular events, cardiovascular mortality, and hospitalization for 

heart failure12.  

Despite the advances in integrated glucose lowering and vascular protection therapy, gaps 

remain in targeting diabetic CVD. Diabetic patients continue to face a higher risk of CVD. Many 

patients do not reach risk factor targets in practice, and even when they do, the risk of CVD, while 

reduced, is still higher than in the non-diabetic population due to persistent inflammation, 

dyslipidemia and other metabolic abnormalities. Moreover, no therapy reverses endothelial and 

vascular damage from years of hyperglycemia. This gap is a major clinical and research priority, 
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highlighting the necessity for continued research in treatments and more targeted approaches to 

diabetes-specific CVD. 

1.2 Endothelial cells in health and disease 

1.2.1 Healthy endothelial cell function 

Endothelial cells (ECs) cover the innermost layer of blood vessels (intima) and form a 

dynamic endocrine organ that helps maintain vascular homeostasis by releasing a broad range of 

signaling molecules. In healthy vessels, ECs produce vasodilators and vasoconstrictors in a 

balanced manner, and they secrete both pro- and anti-inflammatory mediators as well as oxidants 

and antioxidants to regulate vascular tone, inflammation, and thrombosis13,14.  ECs produce nitric 

oxide (NO) via endothelial nitric oxide synthase (eNOS), which is essential for vasodilation and 

vascular homeostasis 15. eNOS phosphorylation at regulatory site (Ser1177) is required for its 

activity. Once activated, eNOS uses L-arginine as a substrate with nicotinamide adenine 

dinucleotide phosphate (NADPH) and tetrahydrobiopterin (BH₄) as cofactors to produce NO and 

L-citrulline. Generated NO then diffuses to adjacent smooth muscle cells and activates soluble 

guanylate cyclase, raising cGMP and causing vasorelaxation15. Endothelial NO is anti-

thrombotic by inhibiting platelet adhesion and aggregation as well as anti-inflammatory by 

reducing chemokines and leukocyte adhesion molecules 15. Thus, NO signaling plays a crucial 

role in maintaining EC function and protecting against atherogenesis.  

ECs continually generate reactive oxygen species (ROS), including superoxide (O2
¯), and 

hydrogen peroxide (H2O2) from sources like mitochondrial respiration and NADPH oxidase 16. 

Under healthy conditions, ECs maintain a low basal ROS level by matching generation with 

powerful antioxidant systems 17. When ROS production exceeds antioxidant capacity, ECs 

experience oxidative stress. Common antioxidant defenses in ECs are reduced glutathione 
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(GSH), superoxide dismutase (SOD), and catalase. GSH is essential in maintaining redox 

hemostasis. Glutathione peroxidase (GPx) uses GSH to convert H2O2 into water and GSSG. 

Then, glutathione reductase regenerates GSH using NADPH 18. SOD converts O2
¯ to H2O2, 

leaving it for catalase and GSH to convert to water and harmless byproducts. Another important 

class of EC antioxidant defense is the transcription factor Nrf2-dependent signaling. A major 

Nrf2 target is heme oxygenase-1 (HO-1). When there is oxidative stress, Nrf2 gets 

phosphorylated and translocated into the nucleus, where it interacts with antioxidant response 

elements (AREs). The AREs promote HO-1 transcription. HO-1 then degrades the pro-oxidant 

molecule heme and produces the antioxidant molecule biliverdin along with carbon monoxide 

and iron 19. Together, in healthy vasculature these antioxidant systems ensure cellular redox 

homeostasis. 

1.2.2 Endothelial cell dysfunction in hyperglycemia  

Endothelial dysfunction is a critical early step in the development of atherosclerotic 

plaques20,21. Endothelial dysfunction is marked by reduced endothelium-dependent vasodilation 

(reduced NO) and an excessive production of pro-oxidants (oxidative stress) and pro-inflammatory 

(inflammation) signals21,22. EC dysfunction initiates plaque formation through increased 

permeability, which allows circulating lipoproteins to pass through the ECs and into the vascular 

wall. These lipoproteins accumulate and become oxidized, which triggers an inflammatory 

response. Monocytes adhere to the EC surface due to increased EC adhesion molecule expression, 

and these adhered monocytes then transmigrate into the arterial wall where they differentiate into 

macrophages, take up modified lipids, and finally become lipid-laden foam cells. Gradually, 

accumulation of these foam cells forms atherosclerotic plaques. Over time, persistent 
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inflammation, oxidative stress, reduced vasodilation and endothelial activation lead to plaque 

rupture resulting in acute cardiovascular events such as myocardial infarction or stroke 23.  

Long-lasting high glucose or even glucose fluctuations in people with diabetes leads to 

endothelial oxidative stress, inflammation, and reduced NO and vasodilation, making 

hyperglycemia a major initiator of endothelial dysfunction in diabetes13,24,25. Many studies have 

shown that high glucose increases endothelial oxidative stress in vitro and in vivo. Kemeny et al. 

measured 50.6% increase in ROS in primary porcine aortic endothelial cells (PAECs) after two 

days exposure to 30 mM glucose 26. Incubation of human aortic endothelial cells with 25 mM 

glucose for 24 hours doubled NADPH oxidase (NOX) expression, which was accompanied by 

increased oxidative stress. Inhibition of NOX1 using the chemical inhibitor GKT137831 and 

siRNA reduced oxidative stress by 30% and 77% in normal and high glucose, respectively27. In 

vivo, oxidative stress increased by around 80% in the rat aortic endothelium after 48 hours of 

infusion with continuous 50% glucose in saline to keep the blood glucose at 20 mM28.  

High glucose promotes a pro-inflammatory endothelial state. Hyperglycemia activates the 

nuclear factor kappa-B (NF-κB) signaling pathway, causing endothelial cells to produce cytokines 

and chemokines29. In HUVECs, 24 hour incubation with 25 mM glucose significantly increased 

p65 in the nuclear fraction and reduced it in cytosolic fraction, indicating NF-κB activation. In 

addition, this high glucose condition significantly increased both mRNA and secreted protein 

concentrations of the inflammatory molecules ICAM-1, VCAM-1, E-selectin, and IL-1β 30. In 

vivo, rats infused with 50% glucose for 48 hours exhibited elevated plasma concentrations of IL-

6, TNF-α, and ICAM-1, along with increased endothelial mRNA expression of these inflammatory 

mediators28. 
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Hyperglycemia decreases vasodilation by increasing NO scavenging and decreasing its 

production. In clinical studies, flow mediated dilation (FMD) is used to measure endothelium 

dependent vasodilation, and reduced NO dependent vasodilation is an indicator of increased 

cardiovascular risk 31. In a clinical study, fasting brachial artery flow mediated vasodilation was 

assessed in 33 control subjects and 43 patients with newly diagnosed T2D. Flow mediated 

vasodilation  was significantly reduced in the T2D group, indicating impaired endothelium-

dependent vasodilation32. Hyperglycemia and glycemic fluctuations elevate oxidative stress which 

directly interacts with NO to form peroxynitrite (NOO-), a potent oxidant25. This reaction both 

reduces NO bioavailability and increases oxidative stress by generating NOO- to cause a double 

hit on EC function. Aljofan et.al measured 50% decreased NO in mouse microvascular endothelial 

cells incubated with 40 mM glucose for 3 days 33. In vivo, in streptozocin-induced diabetic rats, 

acetylcholine induced endothelium dependent relaxation was significantly impaired34. 

Additionally, hyperglycemia-induced oxidative stress promotes oxidation of BH4, forming 

dihydrobiopterin (BH2), which destabilizes the eNOS homodimer resulting in eNOS uncoupling. 

In uncoupled eNOS, electrons flow from NADPH to oxygen, forming superoxide, instead of NO. 

This further increases oxidative stress35. Together, these mechanisms sharply reduce endothelial 

NO bioavailability and vasodilation. 

 

1.3 Red blood cells in health and disease 

1.3.1 Healthy red blood cell function 

Red blood cells (RBCs) are the most abundant cells in circulation. RBCs are traditionally 

recognized for oxygen and carbon dioxide delivery between the lungs and peripheral tissues, a 

function enabled by their high hemoglobin (Hb) content36. Beyond gas transport, RBCs have 
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specialized structural and vascular roles among which mechanical flexibility and low adhesion are 

important for vascular function. RBCs deform readily under shear stress so they can squeeze 

through capillaries even narrower than their resting diameter37. RBC deformability is vital for 

circulatory flow. In healthy conditions, although RBCs interact with endothelial cells, they do not 

adhere to endothelial cells or to each other. Their surfaces are coated with negatively charged sialic 

acids on glycoproteins and glycolipids, and removal of these sialic acids increases RBC adhesion38. 

Together, these factors ensure RBCs flow smoothly without sticking to endothelium. 

RBCs have also recently been investigated for their ability to regulate vascular function 

due to their potential interactions with ECs36,39,40. Indeed, RBCs are now shown to exert an 

‘erythrocrine’ function by acting as an endocrine organ, releasing signaling molecules like ATP 

and NO, which can regulate vascular tone and blood flow41. RBCs primarily release ATP in 

response to mechanical deformation or hypoxia. In a study on young individuals (25±3 years, 

n=12), RBC ATP release increased in hypoxia compared to normoxia42 . ATP released from RBCs 

can act on endothelial purinergic P2 receptors to cause endothelium‑dependent vasodilation. In a 

clinical study, vasodilation was measured using forearm blood flow (FBF) and vascular 

conductance. In young adults (n=10), hypoxia increased plasma ATP, forearm blood flow, and 

vascular conductance versus normoxia. In older adults (n=8), hypoxia failed to increase venous 

ATP, and local vasodilation, measured as forearm blood flow and vascular conductance, was 

essentially absent, indicating an age related impairment in RBC ATP release43 . 

 Recent studies in our lab and others have identified endothelial nitric oxide synthase 

(eNOS) within RBCs. RBC eNOS generates NO, and this RBC-derived NO may have a functional 

role in blood flow regulation in hypoxia44–46. Early work by Ulker et al. showed that shear stress 

activates eNOS within RBCs, and perfusion of sheared RBCs induced vasodilation of 
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endothelium-denuded resistance arteries specifically under hypoxic conditions44. Our group 

demonstrated that RBC eNOS activation is mechanosensitive and mediated by the ion channel 

Piezo1. Piezo1 stimulation with agonist yoda1 increased intracellular Ca²⁺ and phosphorylated 

eNOS at its activating Ser¹¹⁷⁷ site via a protein kinase C (PKC)–dependent pathway. This signaling 

mechanism is distinct from the canonical Akt-dependent eNOS activation pathway in endothelial 

cells 47. Leo et al. provided in vivo evidence that RBC eNOS plays a physiologically relevant role 

in vascular regulation. In mice, deletion of RBC specific eNOS resulted in hypertension and 

reduced circulating nitrite/nitrate, indicative of reduced NO 45. Despite these studies, the capacity 

of RBCs to produce and export NO remains a subject of debate. RBC hemoglobin scavenges 

available NO to form methemoglobin and nitrite, diminishing NO availability for the vasculature. 

Notably, if NO is bound to hemoglobin’s heme in a more stable form like S-nitrosothiol, it may be 

able to escape from scavenging and contribute to vasodilation48–50.  Hence, whether the RBC-

derived NO can successfully escape the RBC cytosol to act on the vasculature is uncertain. 

 

1.3.2 Dysfunctional red blood cells in hyperglycemia 

Prolonged hyperglycemia in people with diabetes significantly affects RBC function. High 

glucose interacts with Hb in RBCs to form glycated hemoglobin (HbA1c). This altered form of 

Hb exhibits an increased affinity for oxygen, subsequently reducing oxygen delivery to tissues. 

Consequently, diabetic RBCs deliver oxygen less effectively, and higher HbA1c levels correlate 

with tissue hypoxia and microvascular complications like retinopathy36. Hyperglycemia also 

increases RBC adhesion to the vascular wall51. Glycation of band3 protein on RBC membranes 

promotes their binding to the AGE receptors on ECs. This mechanism increases RBC sticking to 

the endothelium in diabetes, leading to flow disturbance especially in the microvasculature52. 
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Normally, RBCs release ATP in response to external stimuli like shear stress or hypoxia to aid in 

endothelial cell NO production. Mahdi et al. incubated healthy and T2D RBCs with rat aortic rings 

for 18 hours and then measured endothelial dependent relaxation by wire myography using 

increasing doses of acetylcholine. They observed a significant reduction in endothelial-dependent 

relaxation in vessels incubated with T2D RBCs. They showed that T2D RBCs exhibit reduced 

ATP release, limiting ATP-mediated activation of endothelial purinergic receptors and subsequent 

NO production, consequently impairing endothelial dependent vasodilation and vascular tone53.  

Oxidative stress is a contributing factor to diabetic RBC dysfunction 40. RBC-derived ROS 

can exacerbate endothelial oxidative stress along with scavenging vascular NO. Zhuge et al. co-

incubated RBCs from global eNOS knockout (KO) and wildtype (WT) mice with healthy aortic 

rings and measured a significant increase in superoxide in aortic rings incubated with eNOS KO 

compared to WT RBC. Inhibition of NOX4 using a chemical inhibitor during the co-incubation, 

but not after RBC removal, reduced the ROS signal in the aortic rings. Additionally ROS 

scavenging with TEMPOL during indirect contact of RBCs and aortic rings using 0.4 µm pore 

Transwell inserts reduced ROS in the aortic rings in indirect contact with WT compared to eNOS 

KO RBC. Because TEMPOL selectively rescued vessels exposed to eNOS KO RBC, and 

separation of RBCs from the vessel wall completely prevented oxidative stress, the authors 

concluded that RBC oxidative stress increased endothelial oxidative stress when RBCs were in 

close proximity 54.  

Multiple studies confirm that arginase 1 (Arg1) is present in RBCs. Arg1 hydrolyzes L-

arginine to ornithine and urea, which limits arginine availability for eNOS55 . Arg1 is significantly 

elevated in RBCs under diabetic conditions. Zhou et al. showed that RBCs from people with T2D 

had significantly elevated Arg1 protein and activity. Jiang et al. also reported ~1.55 fold higher 
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arginase activity in RBC from T2D patients vs age matched healthy subjects 56,57. The increased 

RBC Arg1 content and activity hydrolyzes more L-arginine in the RBCs, causing eNOS 

uncoupling and ROS generation. There is strong evidence that oxidative stress mediates the 

diabetes-induced increase in RBC Arg1. When T2D RBCs were co-incubated for 24 hours with 

N-acetylcysteine (NAC), which can directly scavenge ROS, the rise in RBC Arg1 activity and 

expression was prevented56. 

Thus, RBCs become dysfunctional in diabetes, as indicated by increased HbA1C, increased 

endothelium adhesion, reduced ATP, increased ROS, and decreased NO. These dysfunctional 

RBC may contribute to vascular complications in diabetes. Targeting specific pathways in RBCs, 

like antioxidant defense pathways, may serve as a strategy to overcome diabetic cardiovascular 

complications.  

1.4 Interaction between red blood cells and endothelial cells via extracellular vesicles 

RBCs secrete extracellular vehicles (EVs) under both pathological and physiological 

conditions46,58. RBC-EVs are small lipid-membrane-bound particles (40 – 1000 nm) loaded with 

active signaling biomolecules including proteins, miRNAs, lipids, and metabolites. Once released, 

RBC-EVs can be taken up by other recipient cells, enabling them to serve as messengers in 

intercellular communication 59. RBC-EVs have been associated with and studied in various 

vascular diseases such as pulmonary hypertension, obstructive sleep apnea, and acute coronary 

artery syndrome60,61. Researchers examining RBC-EVs reported that these vesicles display 

externalized phosphatidylserine and carry Hb, making them highly pro-coagulant. For instance, 

Sweeney et al. confirmed the presence of phosphatidylserine on RBC-EVs isolated from stored 

RBCs via flow cytometry. They showed RBC-EVs facilitate thrombin formation in human plasma 

under thromboelastographic conditions 62,63. In another study, An et al. exposed human pulmonary 
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microvascular endothelial cells to sickle cell RBC-EVs for 2 hours using a microfluidic flow assay. 

They then perfused sickle RBCs through the microfluidic channel and observed increase sickle 

RBC adhesion to endothelium, which can mediate vascular injury64 . RBC-EVs can also cause EC 

dysfunction by scavenging NO, which occurs even faster than with RBCs due to the small size and 

higher membrane permeability of RBC-EVs 65.  RBC-EVs also may promote excess ROS 

production in vascular cells by carrying pro-oxidants like hemoglobin, phosphatidylserine, iron, 

and NOX. RBC-EVs can transfer these to other circulating cells. For example, RBC-EV heme and 

oxidized hemoglobin activated TLR4-dependent signaling in neutrophils and monocytes, leading 

to NF-κB activation and NOX upregulation. This then led to a respiratory burst, defined as a rapid 

induction of oxidative stress, which triggered inflammatory signaling and pro-inflammatory gene 

expression58,66. RBC-EVs also deliver Arg 1 to the endothelium and cause eNOS uncoupling, 

which not only reduces NO production but also increases oxidative stress67. Such observations 

suggest that RBC-EVs can actively transfer bioactive molecules to the recipient cells and impact 

their function.  

 Chronic hyperglycemia can impact RBC biology by altering protein glycation, metabolic 

pathways, and oxidative stress, which in turn impacts RBC-EV contents and characteristics. 

Freeman et al. examined serum EV concentration from 38 individuals (16 healthy and 22 T2D), 

and they found 50% higher EV concentration (from ~1.0 x 1012 to 1.5 x 1012), particularly CD235a-

positive EVs from RBCs, in the serum of T2D patients68 . In vitro, Sukati et al. found that RBCs 

incubated with hyperglycemic media (45 mM and 100 mM) for 24 hours at 37°C increased RBC-

EV release two to three times compared to RBCs incubated with 5 mM glucose. This was 

connected to increased oxidative stress in RBCs exposed to high glucose, as the addition of N-

acetylcysteine (NAC) reduced EV formation 69.   
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In addition to the quantity of EVs, RBC-EV composition may change with diabetes. Recent 

studies have shown that diabetic EVs have higher Arg167. Additionally, in diabetes, glycation of 

RBC-EV surface proteins may enhance EV internalization by ECs. A recent study by Collado et 

al. revealed that RBC-EVs derived from T2D patients were taken up by EC and internalized more 

avidly than RBC-EVs from healthy patients. They demonstrated that due to the transfer of Arg1, 

RBC-EVs from T2D patients impaired endothelium-dependent vasodilation by depleting L-

arginine and increasing oxidative stress67. Inhibition of Arg1 or ROS scavenging protected the ECs 

from T2D RBC-EV induced dysfunction. So in diabetes, EVs may have changes in their content 

and protein post-translational modifications that enhance their pathogenic potential.  

In summary, RBCs become dysfunctional in diabetes. These dysfunctional RBCs shed 

more EVs with different content that impacts recipient vascular cells such as EC. However, our 

understanding of how hyperglycemia alters RBC-EV production, EV internalization, and EC 

impact remains limited. Understanding the mechanisms behind hyperglycemia-induced changes 

in RBC-EVs could potentially enable RBC manipulation to generate EVs that are beneficial to the 

vasculature in diabetes.  
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1.5 Endothelial cell metabolism in health and hyperglycemia 

1.5.1 Endothelial glucose metabolism 

Healthy ECs rely mainly on glycolysis for their energy production, converting the majority 

of glucose taken up by glucose transporters (GLUT1) into lactate rather than oxidizing it in the 

form of pyruvate in mitochondria (Figure 1-1)70,71. For example, in cultured quiescent aortic ECs, 

almost 99% of glucose was converted to lactate72 . Only a small fraction is delivered into glycolytic 

side branches, including the polyol pathway, pentose phosphate pathway (PPP), and hexosamine 

biosynthesis pathway (HBP). In a study by Moiz et al. using stable isotope assisted metabolic flux 

 

Figure 1-1: Overview of endothelial cell glucose and glutamine metabolism. Glucose and glutamine 

supply interconnected pathways regulating energy production, redox homeostasis, and amino acid 

metabolism, including glycolysis, the polyol, pentose phosphate and hexosamine biosynthesis pathways, 

TCA cycle, glutathione synthesis, and arginine–citrulline cycling. 



 

15 

 

analysis in untreated HUVECs, their model showed that only 11% percent of glucose flux was 

incorporated into the PPP 73.  

Despite their overall dependence on glucose metabolism, in specific situations ECs also 

metabolize fatty acids and glutamine. Fatty acids are taken up by transporters like FATP3 or CD36 

and then transported to the mitochondria by carnitine palmitoyltransferase 1A, where they undergo 

β-oxidation and are cleaved into acyl-CoAs. These acyl-CoAs then enter the TCA cycle to generate 

dNTPs for biomass formation 74. Glutamine metabolism, a primary focus of this thesis, is discussed 

in detail in the next section. Thus, in EC glucose metabolism provides rapid ATP via glycolysis 

while fatty acids and glutamine are essential for TCA cycle, macromolecule synthesis and redox 

balance 71,74. 

 

1.5.2 Endothelial glutamine metabolism 

Glutamine, the most abundant amino acid in the body, becomes conditionally essential 

during stress or injury as it is important for many cellular metabolic and signaling pathways. 

Specifically, glutamine serves as a precursor for non-essential amino acids (e.g., glutamate, 

arginine, asparagine) and nucleotide and protein synthesis. Glutamine also supports redox balance 

by serving as a precursor to antioxidants (Figure 1-1)75.  

Glutamine is taken into the cell via the alanine-serine-cysteine transporter 2 (ASCT2)76. It 

is then deaminated to glutamate and NH4
+ by the enzyme glutaminase (GLS). Glutamate can then 

enter the TCA cycle after converting to α-ketoglutarate (α-KG). Most of the α-KG provides 

carbons for oxidative phosphorylation, while a portion of α-KG can undergo reductive 

carboxylation (reverse TCA cycle) to citrate for lipid and biomass synthesis77.  
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Glutamine entry into the TCA cycle is crucial for EC proliferation and angiogenic growth, 

as demonstrated by genetic, pharmacological, and metabolic flux approaches 77,78. By incubating 

human umbilical vein endothelial cells (HUVECs) with 2 mM 13C-glutamine for 24 hours, Kim et 

al. showed that glutamine supplies ~70% of TCA cycle carbons. Genetic knockdown or 

pharmacological inhibition of GLS1 depleted TCA intermediates, leading to suppression of EC 

proliferation and increased apoptosis while migration remained intact. Importantly, 

supplementation with cell permeable α-KG restored TCA intermediates and fully rescued EC 

proliferation and survival, directly demonstrating that glutamine supports proliferation primarily 

through maintenance of TCA cycle flux and biosynthetic capacity. They also extended these 

findings in vivo and showed that endothelial-specific GLS1 deletion impaired retinal angiogenesis 

by reducing EC proliferation and vessel sprouting77.  

In parallel, Huang et al. showed that glutamine deprivation or GLS1 inhibition impaired 

EC sprouting both in vitro and in vivo but revealed an additional, nitrogen-dependent mechanism 

underlying the proliferative defect. While glutamine withdrawal did not induce an energetic crisis, 

it disrupted TCA anaplerosis, reduced non-essential amino acid pools, impaired nucleotide and 

protein synthesis, and activated endoplasmic reticulum stress pathways. Notably, replenishing 

TCA intermediates alone was insufficient to restore proliferation; full rescue required combined 

supplementation with α-KG and asparagine, identifying glutamine-derived nitrogen flux through 

asparagine synthetase as a critical parallel pathway supporting biomass synthesis and mTOR 

signaling during angiogenesis78. Together, these studies established that glutamine metabolism 

fuels endothelial proliferation and angiogenesis through TCA cycle metabolism to support 

biosynthesis and maintaining nitrogen balance for amino acid and macromolecule production. 
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Beyond fueling growth, glutamine‐derived glutamate in combination with glycine and 

cysteine forms glutathione (GSH) in a two-step enzymatic reaction, making glutamate rate limiting 

for GSH formation 79. In the first step, glutamate–cysteine ligase (GCL) catalyzes the formation 

of γ-glutamylcysteine from glutamate and cysteine80. In the second step, glutathione synthetase 

(GSS) catalyzes the ATP-dependent addition of glycine to γ-glutamylcysteine to form GSH 81. 

Glutamine also contributes to the formation of NADPH, an important cofactor to keep GSH 

reduced and in its active form. Glutamine is metabolized to malate in the TCA cycle, after which 

it enters the cytosol where it is metabolized by malic enzyme (ME) to produce NADPH and 

pyruvate (Figure 1-1) 75,82,83 . Hence, glutamine is important for maintaining EC redox balance. 

Additionally, glutamine activates other EC antioxidant responses like heme oxygenase (HO-1), an 

enzyme with cytoprotective and anti-inflammatory functions. Glutamine deamination by GLS 

produces ammonia (NH3), which activates the Nrf2 pathway in ECs to induce HO-1 expression. 

Consequently, HO-1 produces carbon monoxide and bilirubin to overcome oxidative stress 84. 

Consistent with this, Peyton et al. cultured human ECs from different sources (umbilical vein, 

aorta, microvascular) in glutamine depleted conditions or with GLS inhibition for 24 hours. 

Oxidative stress increased by nearly 3 fold and HO-1 decreased by about 60% relative to cells 

incubated with glutamine 85.  

 Additionally, glutamine serves as a precursor to other amino acids. For example, the amide 

nitrogen of glutamine is used by asparagine synthetase (ASNS) together with aspartate to make 

asparagine86. Glutamate is cyclized via pyrroline-5-carboxylate synthase to pyrroline-5-

carboxylate which then can be reduced to proline by pyrroline-5-carboxylate reductase (PYCR1) 

or to ornithine by ornithine aminotransferase (OAT). This process links glutamine metabolism to 
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ornithine cycle in which L-arginine, which is essential for NO production, can be regenerated from 

L-citrulline (Figure 1-1)87,88. 

 Glucose and glutamine metabolism are highly interconnected. Specifically, glutamine 

enters the TCA cycle, intersecting with glucose-derived pyruvate that also fuels TCA cycle 

activity.Glutamine metabolism intersects with the HBP as well. The amide nitrogen of glutamine 

is used by the enzyme GFAT to convert glucose-derived fructose-6-phosphate into glucosamine-

6-phosphate and eventually UDP-GlcNAc, which causes protein O-GlcNAcylation 86,87. O-

GlcNAcylation is dynamically regulated by two enzymes: O-GlcNAc transferase (OGT), which 

adds GlcNAc to serine/threonine residues, and O-GlcNAcase (OGA), which removes it89. O-

GlcNAcylation has both protective and toxic effects on vascular function. Multiple studies in vitro 

have shown that glutamine increases eNOS O-GlcNAcylation, leading to decreased eNOS activity 

and reduced NO90,91 . For example, Wu et al. cultured bovine venular ECs with 0.2 to 2 mM L-

glutamine for 24 hours. They measured a ~ 38% decrease in NO production and a ~10 fold increase 

in UDP-GlcNAc at 2 mM glutamine compared to 0.2 mM glutamine.  Indeed, GFAT inhibition 

using the chemical inhibitor azaserine prevented glutamine's inhibitory effect on NO90 .  On the 

other hand, in vivo studies have shown that glutamine increases endothelium-dependent 

vasodilation. Addabbo et al. induced EC dysfunction by feeding 0.5 mg/mL L-NMMA (NOS 

inhibitor) to mice who were cotreated with 0, 0.5, or 1% L-glutamine in drinking water for 2 

months. L-NMMA impaired vasodilation by 60% in aortic rings, but  1%glutamine restored 

vasodilation so that it was comparable to untreated aortic rings 92. Additionally, a recent in vivo 

study in rats showed that glutamine perfusion before and after myocardial ischemia improved 

cardiac function, linking this beneficial impact to a significant increase in O-GlcNAc 93. Therefore, 

there are conflicting data on whether glutamine improves or reduces vasodilation via increasing 
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O-GlcNAc. In order to better understand glutamine’s role in endothelial function, more detailed 

mechanistic research is required. Indeed, under hyperglycemic conditions, glutamine may have 

beneficial effects on ECs, like reducing oxidative damage and inflammation; however, the precise 

mechanisms are not well defined. 

 

1.5.3 Altered endothelial metabolism in hyperglycemia 

In hyperglycemia, the endothelial metabolic balance is perturbed. As glucose concentration 

increases, cytosolic glycolysis increases, which produces NADH and pyruvate. Pyruvate can enter 

the TCA cycle where it produces additional NADH and FADH2. Increased flux of these electron 

donors to the mitochondrial electron transport chain (ETC) increases proton pumping across the 

inner mitochondrial membrane, generating high mitochondrial membrane potential (ΔΨ). Under 

conditions in which electron input is higher than cellular ATP demand, proton re-entry through 

ATP synthase (Complex V) becomes limiting, leading to abnormally high ΔΨ. At complex I and 

III, elevated mitochondrial membrane potential prolongs the reduced state of flavin and ubiquinone 

intermediates, enabling the one-electron reduction of molecular oxygen to form superoxide. 

(Figure1-1)94. The increased oxidative stress depletes NAD+, a required cofactor for functionality 

of the glycolytic regulatory enzyme glyceraldehyde-3-phosphate dehydrogenase (GAPDH). 

GAPDH activity in bovine aortic endothelial cells incubated in 30 mM glucose was reduced by 

66%, which caused upstream glycolytic metabolites to accumulate 95. The excess metabolites 

increased flux down glycolytic side branch pathways such as the polyol pathway96 and the 

hexosamine biosynthetic pathway (HBP)97 while decreasing flux in the pentose phosphate pathway 

(PPP)98.    
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In the polyol pathway, excess intracellular glucose is diverted away from glycolysis and 

instead reduced to sorbitol by the enzyme aldose reductase. This reaction consumes NADPH and 

generates NADP⁺. NADPH consumption by aldose reductase diminishes its availability to 

regenerate GSH from GSSG, depleting antioxidant capacity in hypergycemia96,99. In addition, 

advanced glycation end product (AGE) formation is increased as fructose generated by the polyol 

pathway can get phosphorylated to fructose-3-phosphate (F3P) which is then broken down to 3-

deoxyglucosone, producing glycation agents. AGEs accumulate on long-lived extracellular matrix 

and plasma proteins, increasing vessel stiffness and basement membrane thickness 100. 

Additionally, in the polyol pathway sorbitol dehydrogenase produces NADH which may feed 

NADH oxidase and produce ROS101. Therefore, polyol pathway activation in hyperglycemia 

increases AGEs and disturbs redox homeostasis by decreasing NADPH and increasing NADH. 

Under chronic hyperglycemia, more fructose-6-phosphate is diverted into the HBP where 

it is converted to glucosamine-6-phosphate by glutamine:fructose-6-phosphate amidotransferase 

(GFAT). Glucosamine-6-phosphate then generates UDP-N-acetylglucosamine (UDP-GlcNAc), 

which is involved in protein post-translational modifications (O-GlcNAcylation). O-GlcNac can 

modify more than 1500 different intracellular proteins, regulating functions that are required for 

regulation of transcription, metabolism, stress signaling, protein hemostasis, and cell survival 93. 

When eNOS is O-GlcNAcylated, it cannot be activated by phosphorylation at ser1177, and 

therefore NO production is reduced 97,102. Bovine aortic endothelial cells lost about 65% of eNOS 

activity in hyperglycemia via increased eNOS-GlcNAcylation103. Thus, the metabolic 

reprogramming towards the HBP induced by hyperglycemia results in reduced NO synthesis, 

ultimately contributing to EC dysfunction. 
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Normally, NADPH is replenished by the PPP98; however, glucose flux in the PPP is 

reduced in hyperglycemia by lowered glucose-6-phosphate dehydrogenase (G6P) activity98. In 

bovine aortic endothelial cells, high glucose (10-25 mM) increased intracellular cAMP stimulated 

by adenylate cyclase activity. This increase in cAMP activated cAMP-dependent protein kinase A 

(PKA), which then induced phosphorylation of G6PD, decreasing its activity104. This reduction in 

G6PD activity and PPP flux is critical in diabetic pathology because it decreases NADPH and 

reduces defense against oxidative stress and cell death.  

Therefore, hyperglycemia alters endothelial metabolism to increase oxidative stress and 

alter flux down glycolytic side branch pathways, which contributes to endothelial dysfunction. 

This pathophysiological sequence links diabetes to CVD, emphasizing the need for a deeper 

understanding of endothelial dysfunction induced by hyperglycemia to prevent diabetic 

cardiovascular complications.  

 

1.6 Red blood cell metabolism in health and hyperglycemia 

1.6.1 Red blood cell glucose metabolism 

Healthy RBCs primarily rely on glucose for ATP production, as they don’t have 

mitochondria105. In RBCs, up to 90% of glucose is metabolized through glycolysis, and about 10% 

shuttles into the PPP 105. Although only ~10% of glucose goes through the PPP, this pathway is 

critical to RBC function (Figure 1-2). Without NADPH generated in the PPP, RBC cannot 

regenerate reduced glutathione, and oxidative stress will stiffen and damage the cell.  
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1.6.2 Red blood cell glutamine metabolism 

While RBCs lack mitochondria, they do contain mitochondrial enzymes to enable 

glutamine metabolism. The RBC membrane is impermeable to glutamate106, the building block for 

GSH, so RBCs need to take up glutamine for oxidative defense in a hemoglobin-rich environment 

(Figure 1-2)107. In sickle cell disease, RBCs depleted of glutamine had perturbed glutathione 

 
Figure 1-2 Schematic of glucose and glutamine metabolism in red blood cells. Glucose and 

glutamine are taken up by RBCs via appropriate transporter and metabolized to produce ATP and 

antioxidant GSH, respectively. RBCs contain functional eNOS that can generate NO and help vascular 

tone.  
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metabolism and higher oxidative stress 108. A phase 3 clinical trial found that glutamine oral 

supplementation improved RBC oxidative balance in sickle cell patients, making the RBC less 

prone to hemolysis and reducing pain crises and hospitalization 109. Additionally, glutamine 

treatment in sickle cell disease decreased RBC adhesion to the endothelium, improved flow, and 

reduced hemolysis, suggesting less RBC damage 110 . Although glutamine is an FDA approved 

drug for sickle cell disease 109, another study showed that glutamine alone is less efficient in 

controlling oxidative stress compared to when glycine and cysteine, two other glutathione building 

blocks, are added as well 111 . RBCs under malaria-like conditions were treated with glutamine 

alone (1 mM) or glutamine mixed with glycine and cysteine (1 mM). Glutamine alone failed to 

reduce ROS in malaria conditioned RBCs, while the glutamine:glycine:cysteine mix reduced ROS 

in RBCs by ~20% and doubled GSH 111.  

In RBCs, glutamine may also increase NO bioavailability, not only through decreased 

oxidative stress, but also through the citrulline-arginine pathway which produces the substrate for 

eNOS. Glutamine is a precursor to citrulline, which in the ornithine cycle regenerates L-arginine, 

the substrate for eNOS-catalyzed  NO production 107; however, whether glutamine 

supplementation directly increases NO production in RBCs has not yet been experimentally 

demonstrated and more research is needed to understand role of glutamine on RBC derived NO.  

 

1.6.3 Altered red blood cell metabolism in hyperglycemia 

Glucose uptake by RBCs increases proportional to blood glucose, and the excess glucose 

disturbs healthy RBC metabolism by changing fluxes into glycolytic side branches to increase 

ROS as described in ECs36. For example, Travis et al. incubated human RBCs for 2 hours in 5 or 

50 mM glucose, and they reported increased sorbitol and fructose at 50 mM 112. Cuinchi et al. 
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measured sorbitol and GSH inside the RBCs of healthy patients and people with diabetes. They 

reported ~67% higher sorbitol and ~34% lower GSH in T2D RBCs compared to healthy RBCs 

113 . Both of these studies confirm polyol pathway upregulation in T2D RBCs, along with 

reduced oxidative defense capacity. Increased oxidative stress subsequently reduces NO 

availability by uncoupling eNOS  and reacting with NO to form peroxynitrite 49,56,114,115. RBCs 

also contain active NADPH oxidase (NOX), which transfers electrons from intracellular NADPH 

to molecular oxygen, generating superoxide. In a healthy environment, RBC oxidative balance is 

maintained by enzymes like superoxide dismutase (SOD) and catalase along with GSH; 

however, when the oxidative defense mechanism is compromised in diabetes, NOX may further 

contribute to increased ROS not only by increasing superoxide formation but by reducing 

NADPH required for GSH regeneration 116. 

1.7 Glutamine supplementation in disease 

Glutamine metabolism has been extensively investigated in diseases like cancer117, sickle 

cell disease118, and cardiovascular conditions119. In cancer, inhibiting glutamine metabolism 

reduced cancer cell viability120. In sickle cell disease, glutamine supplementation reduced RBC 

oxidative stress118. In diabetes, glutamine may be depleted because of chronic hyperglycemia. Yu 

et al. showed in vivo that both diabetic patients and diabetic mice have lower glutamine in their 

aqueous humor compared to healthy controls121. Circulating glutamine is reduced in the plasma of 

patients with type 2 diabetes relative to healthy individuals99,122,123. Alterations in glutamine levels 

in diabetes may reflect metabolic interactions between glucose and glutamine pathways. In a study 

by Zhoa et al., human umbilical vein endothelial cells (HUVECs) were cultured in 25 mM glucose 

for 48 hours or cardiac microvascular endothelial cells were isolated from the hearts of diabetic 

mice. GLS1 protein and mRNA were downregulated in hyperglycemia and diabetes, leading to 
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reduced proliferation and angiogenic capacity124. Such glutamine depletion or metabolic 

disruption in diabetes can contribute to endothelial dysfunction, suggesting that maintaining 

sufficient glutamine levels can ameliorate vascular health. Various in vivo, ex vivo, and in vitro 

studies support that glutamine supplementation can reduce oxidative stress and vascular damage. 

In vitro studies: In cultured human endothelial cells exposed to high glucose, glutamine 

has shown cytoprotective effects. In a study by Safi et al. using HUVECs in high glucose (20 mM) 

culture, addition of glutamine reduced cell death, increased IL-10, suppressed TNF-α, and 

maintained mitochondrial integrity, suggesting cytoprotective effects125. Similarly, in H9c2 

cardiac cells exposed to high glucose plus hypoxia-reoxygenation, glutamine supplementation 

increased both cytosolic and mitochondrial GSH to GSSG ratio and lowered intracellular ROS, 

which was associated with less cytochrome c release, reduced caspase-3 activation, and a 

significant decrease in apoptosis126
. This in vitro evidence suggests that glutamine can boost 

antioxidant defense capacity and cell survival under stress conditions like diabetes.  

Animal models: In vivo studies further support glutamine’s importance and protective 

vascular effects. In mice, GLS deletion in ECs prevented new blood vessel formation127. When 

streptozotocin-induced diabetic mice were supplemented with glutamine, the activity of key 

antioxidant enzymes like catalase, glutathione peroxidase (GPx), glutathione reductase and 

superoxide dismutase (SOD) increased. The GSH:GSSG ratio also increased, favoring more 

antioxidant capacity123. The impact of glutamine on vascular function was also studied using a 

mouse model of high-fat diet-induced obesity with hind limb ischemia. Replacing 25% of protein 

nitrogen with glutamine improved physiological response to ischemic injury through mechanisms 

like increased SOD activity, increased GSH, and lower pro-inflammatory cytokines like IL-6 and 
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TNF-α128. These animal model studies emphasize that glutamine availability and metabolism are 

essential in maintaining vascular function.  

Clinical studies: Glutamine is approved by the United States Food and Drug 

Administration (FDA) to treat sickle cell disease 110 . Although not extensively investigated, early 

clinical research suggests that glutamine may confer cardiometabolic benefits in diabetic patients 

as well. Mansour et al. conducted a randomized trial in patients with type 2 diabetes, in which the 

treatment group received ~30 g of glutamine daily for 6 weeks. Glutamine supplementation 

significantly improved glycemic control and several cardiovascular risk factors. By the end of the 

trial, the glutamine group showed lower fasting blood glucose and HbA1c levels compared to 

placebo, as well as a reduction in systolic blood pressure 129. These results suggest that short-term 

oral glutamine can improve metabolic profiles and body composition in diabetes99. The established 

treatment for sickle cell disease and preliminary clinical findings in diabetes are encouraging, 

suggesting that glutamine therapy, along with other diabetes medications, might help reduce 

oxidative stress and cardiovascular complications in this at-risk population.  

Choosing glutamine over currently available cardioprotective drugs can be attractive for 

several reasons, including minimal side effects and toxicity, physiological compatibility, and broad 

tolerability 74,130. Importantly, glutamine supplementation is not intended to replace established 

therapies such as semaglutide, which primarily target systemic glucose regulation and weight loss. 

Rather, glutamine may serve as a complementary approach that acts at the vascular level. 

The gap in knowledge regarding glutamine’s role in diabetic vascular health provides a 

strong motivation to research how glutamine supplementation might rescue the vascular system 

under pathological conditions like diabetes. By investigating the mechanism by which glutamine 

supports the endothelium and red blood cells, we can better determine the potential of targeting 
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and manipulating glutamine metabolism as a physiologically compatible strategy to prevent 

cardiovascular complications in diabetes.  

1.8 Thesis Goal 

The overall goal of this thesis is to understand how L-glutamine, the most abundant amino 

acid in the body, regulates endothelial cell and red blood cell metabolism and function in health 

and hyperglycemia. I hypothesized that glutamine reduces hyperglycemic oxidative stress in both 

endothelial and red blood cells, and thereby reduces endothelial cell dysfunction. In Aim 1, I 

showed that 0.5 (physiological) or 2 mM (supplemented) glutamine decreased endothelial cell 

oxidative stress in both normal (5.5 mM) and high (15 mM) glucose. Using a chemical inhibitor 

of glutaminase 1 (GLS 1), the rate-limiting enzyme in glutamine metabolism, I further 

demonstrated that glutamine regulates oxidative stress through the synthesis of the antioxidants 

glutathione and NADPH. I also showed that glutamine-treated isolated murine carotid arteries 

dilated more in response to acetylcholine, suggesting that glutamine-induced reductions in 

oxidative stress increase vasodilation. In Aim 2, I traced glutamine metabolism inside endothelial 

cells using heavy isotope-labeled glutamine and liquid chromatography - mass spectrometry to get 

detailed insight into how increasing media glutamine impacts its metabolism. I identified that 

glutamine metabolism in the forward direction of the TCA cycle increased as extracellular 

glutamine concentration increased, while no changes were observed in the reverse direction, 

referred to as reductive carboxylation. Interestingly, unlike other TCA metabolites, I observed 

reduced succinate with increasing media glutamine concentration, which may relate to elevated 

succinate dehydrogenase activity. I also identified that glutamine increased UDP-GlcNAc 

synthesis and ornithine cycle flux, while decreasing polyunsaturated fatty acids and one-carbon 

metabolites.. In Aim 3, I showed that glutamate and antioxidant capacity are reduced in red blood 
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cells (RBCs) of diabetic subjects. Unlike in endothelial cells, glutamine did not reduce oxidative 

stress and may even have further reduced RBC antioxidant capacity. Finally, I showed that RBC-

EVs generated by stimulation of the mechanosensitive ion channel piezo1 were taken up by ECs 

but did not increase inflammation and may even have decreased oxidative stress. 

1.9 Thesis Organization 

This thesis is composed of five chapters. 

Chapter 1 introduces the dissertation objectives and structure. It describes the clinical 

motivation for the study and reviews the relevant literature on endothelial and red blood cell 

metabolism in health and hyperglycemia, with focused discussion on glutamine metabolism and 

supplementation in physiological and pathological conditions. 

Chapter 2 investigates the impact of altered glutamine concentrations on endothelial cell 

function under normal and hyperglycemic conditions. HCAECs were incubated with 0, 0.5, or 2 

mM glutamine in 5.5 or 15 mM glucose. A fluorescence based reactive oxygen species (ROS) 

assay showed that glutamine decreases oxidative stress in both normal and hyperglycemic 

conditions, while a luminescence based assay showed that GSH and NADPH levels increase in 

both normal and hyperglycemic HCAECs. Using a chemical inhibitor of GLS1, I demonstrated 

that glutamine increases GSH and NADPH through GLS1 activity leading to decreased oxidative 

stress. Finally, ex vivo mice aortas were incubated in 0 or 2 mM glutamine, and using a pressure 

myograph, I showed that vasodilation increased in the presence of 2 mM glutamine compared to 

no glutamine. 

Chapter 3 investigates systemic glutamine metabolism in endothelial cells. Endothelial 

cells were incubated in 0–10 mM glutamine for 24 hours. Using a YSI bioanalyzer, I showed that 

glutamine uptake increases with extracellular glutamine concentration, while glutamate secretion 
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plateaus at 2 mM glutamine. The impact of glutamine on mitochondrial activity was then assessed 

using a Seahorse Analyzer and isotope-assisted metabolomics via liquid chromatography-mass 

spectrometry. Glutamine increased flux through the forward TCA cycle but not the reverse TCA 

cycle. Isotope distribution analysis additionally showed increased amino acids and glutathione 

synthesis with increasing glutamine. Total metabolite abundance measured by LC-MS showed 

decreased succinate, unsaturated fatty acids, and one carbon metabolites, suggesting increased 

succinate dehydrogenase activity and enhanced one carbon metabolism.  

Chapter 4 investigates the impact of diabetes and glutamine on red blood cell (RBC) 

oxidative stress. RBCs were obtained from diabetic and non-diabetic subjects. Using a YSI 

bioanalyzer, I showed that glutamate is significantly decreased in RBCs from diabetic subjects. 

Fluorescence based ROS measurements revealed no significant difference in baseline ROS 

between diabetic and non-diabetic subjects; however, antioxidant capacity was reduced in diabetic 

patients. Treatment of RBCs from both diabetic and non-diabetic subjects with glutamine showed 

no change in ROS and potentially a decrease in antioxidant capacity. Unlike endothelial cells, a 

luminescence based assay demonstrated no changes in RBC GSH with increasing glutamine. 

Chapter 5 concludes the dissertation by highlighting the major discoveries, emphasizing 

my contributions to the field, and discussing future directions for this work. 

 

 

 

 

Chapter 2: Impact of glutamine supplementation on EC function 

This chapter is based on the published article: 
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Kheradmand M, Sangha G, Sissons CM, et al. Glutamine enhances endothelial cell survival and 

vasodilation by increasing glutathione to reduce oxidative stress. Physiol Rep. 2026;14(2):e70737. 

doi:10.14814/phy2.70737 

 

2.1 Introduction: 

Hyperglycemia, which is a characteristic of both type 1 and type 2 diabetes, plays a critical 

role in endothelial dysfunction, a key initiating step in CVD. Hyperglycemia induced metabolic 

alterations to glycolytic side branches and mitochondrial respiration lead to increased oxidative 

stress. Specifically, when more glucose-derived pyruvate is oxidized in the mitochondrial TCA 

cycle, more superoxide is produced which, in turn, can activate other superoxide production 

pathways 103,131. Many aspects of endothelial cell dysfunction observed in hyperglycemic 

conditions and diabetes are linked to elevated oxidative stress.  

Glutamine metabolism in ECs has the potential to ameliorate endothelial dysfunction 

induced by hyperglycemia. As described in detail in chapter 1, glutamine is first metabolized by 

glutaminase 1 (GLS1), which converts glutamine to glutamate and ammonia. Glutamate can then 

be converted to α-ketoglutarate and enter the TCA cycle, or glutamate can be converted to the 

antioxidant glutathione (GSH) 78,132–134. Glutamine is required for endothelial cell proliferation, 

survival and oxidative hemostasis78,132,133. However, reported effects of glutamine on NO and 

vasodilation in vitro and in vivo are contradictory. In vitro, glutamine impairs recycling of L-

arginine, a key substrate for nitric oxide production by endothelial nitric oxide synthase (eNOS). 

Glutamine also increases HBP flux, which can lead to eNOS O-GlcNAcylation and subsequent 

impaired activation through phosphorylation at serine 1177 133,135–138. In vivo, glutamine increases 

vasodilation in most animal and human studies. For example, glutamine supplementation partially 



 

31 

 

restored vasodilation in mice with induced endothelial dysfunction, and six months of glutamine 

supplementation enhanced flow-mediated vasodilation in older adults 92,139.  

Several studies have shown the potential of glutamine as a therapeutic for diabetic CVD. 

Glutamine levels are reduced in the blood of people with diabetes 134,140. Reduced GLS1 expression 

was found in skin wounds and cardiac endothelial cells from diabetic patients 134. In vitro, 

glutamine reduced mitochondrial dysfunction in human umbilical vein endothelial cells cultured 

in high glucose, while supplementation with α-ketoglutarate and nonessential amino acids restored 

proliferation and tube formation in endothelial cells cultured in both high glucose and high fat 

134,141. In vivo, oral glutamine supplementation significantly improved CVD risk factors in patients 

with type 2 diabetes, including those linked to endothelial dysfunction such as systolic blood 

pressure 140. 

Glutamine supplementation has therapeutic potential to ameliorate endothelial dysfunction 

caused by high glucose. However, the mechanisms by which glutamine impacts hyperglycemia-

induced endothelial dysfunction are not well understood. I hypothesized that glutamine promotes 

endothelial cell survival and vasodilation by increasing the biosynthesis and recycling of the 

antioxidant glutathione to reduce hyperglycemia-induced oxidative stress. To investigate this 

hypothesis, I first measured proliferation, oxidative stress, and survival when primary human 

coronary artery endothelial cells were cultured in varied glutamine levels in normal and high 

glucose. I further measured vasodilation ex vivo in murine carotid arteries and nitric oxide 

production in endothelial cells in vitro in the presence or absence of glutamine. I then measured 

the antioxidant glutathione and the reducing agent NADPH in cells cultured in varied glutamine 

levels in normal and high glucose. Finally, I chemically inhibited GLS1 to determine if glutamine 

conversion to glutamate enhanced endothelial cell survival by regulating oxidative stress through 
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glutathione. These studies deepen our understanding of how glutamine metabolism impacts 

oxidative stress and nitric oxide in endothelial cells in high glucose, revealing new strategies to 

reduce CVD in diabetic patients. 

 

2.2 Materials and methods 

2.2.1 Cell culture:  

Primary human coronary artery endothelial cells (HCAEC, passage 5-9) were purchased 

from Lifeline Cell Technology. HCAECs were cultured in Endothelial Growth Medium-2 (EGM-

2; Lonza) supplemented with 1% penicillin-streptomycin (PS; ThermoFisher, 15140163), 10% 

fetal bovine serum (FBS; Cytiva, SH30088) and 10 mM glutamine (Fisher Scientific, 25-030-081) 

until 90% confluent. The growth medium was then removed, cells were rinsed with phosphate 

buffered saline (PBS, ThermoFisher, 70011069), and Dulbecco's Modified Eagle Medium 

(DMEM without phenol red, glucose, or glutamine, Gibco, A1443001) supplemented with EGM-

2 Endothelial SingleQuots (Lonza, CC-4176), 5.5 or 15 mM D-glucose (Sigma-Aldrich, G8270), 

and 0, 0.5, or 2 mM glutamine was added for 24 hours. These glucose and glutamine concentrations 

were selected to model physiologically relevant and common experimental conditions. 

Specifically, 5.5 mM glucose represents normal plasma glucose, whereas 15 mM glucose 

represents hyperglycemia. 0 mM glutamine represents glutamine depletion, 0.5 mM glutamine 

represents physiological plasma glutamine, and 2 mM glutamine represents supplemented 

endothelial cell culture media 142–144. Media with no glutamine and L-glucose (Sigma-Aldrich, 

G5500) at 2 or 11.5 mM was the osmotic control (OC) for glutamine in 5.5 mM glucose media 

and glucose and glutamine in 15 mM glucose media, respectively. Bis-2-(5-phenylacetamido-

1,2,4-thiadiazol-2-yl)ethyl sulfide (BPTES, Sigma-Aldrich, SML0601, 10 µM) was used to inhibit 
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glutamine metabolism to glutamate. BPTES binds to an allosteric site on glutaminase 1 (GLS1) to 

keep it in an inactive confirmation, thereby inhibiting glutamine hydrolysis 145. 

 

2.2.2 Cell viability: 

Endothelial cell viability was assessed using ethidium homodimer (EthD-1, ThermoFisher, 

E1169), which enters permeabilized dead cells and fluoresces red after it binds to DNA. I used 

Hoechst to count the total number of cells (live and dead), since the live cell label Calcein AM 

fluoresced even in dead cells due to ROS 146. To assess viability in response to stress, cells were 

cultured in varied glucose and glutamine media for 24 hours and then stressed with 50 µM tert-

butyl hydroperoxide (tBHP; Sigma-Aldrich, 458139), an inducer of oxidative stress 147 for another 

24 hours. After a PBS wash, 2 µM EthD-1 and Hoechst (ThermoFisher, 62249, 1:2000) were 

added in DMEM supplemented with 10% FBS and 1% PS for 30 minutes at room temperature. 

50% methanol was added for 10 minutes to some wells as a positive control for cell death. After 

washing with PBS, cells were imaged using a Nikon Eclipse Ti2 spinning disk confocal 

microscope at 10× magnification. Nuclei (blue) and dead (red) cells were quantified using NIS 

software, and the percentage of dead cells was calculated as: 
𝒏𝒖𝒎𝒃𝒆𝒓 𝒐𝒇 𝒅𝒆𝒂𝒅 𝒄𝒆𝒍𝒍𝒔

𝒕𝒐𝒕𝒂𝒍 𝒏𝒖𝒎𝒃𝒆𝒓 𝒐𝒇 𝒏𝒖𝒄𝒍𝒆𝒊
× 𝟏𝟎𝟎. 

2.2.3 Cell proliferation: 

Cell proliferation was assessed by labeling for Ki67, a protein found in the nucleus of 

actively dividing cells, as well as cell counts. For Ki67 labeling, HCAECs were seeded at 75,000 

cells per well on glass coverslips in 12-well plates and allowed to adhere overnight. Cells were 

serum-starved in EBM-2 with 1% PS for 24 hours, followed by treatment with varied glucose and 

glutamine media. Human fibroblast growth factor-2 (hFGF-2; Peprotech, 100-18B) at 1 ng/mL 
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served as a positive control. After 24 hours, cells were fixed in 4% paraformaldehyde (Millipore 

Sigma, P6148) for 15 minutes and then permeabilized and blocked in 0.2% Triton X-100 (Alfa 

Aesar, A16046) with 0.5% BSA (Sigma-Aldrich, A7906) in PBS for 40 minutes. A Ki67 primary 

antibody (Abcam, ab15580) was applied overnight at 4°C (1:200 in 0.2% Triton X-100 with 0.5% 

BSA in PBS). The next day, cells were incubated for 1 hour with donkey anti-rabbit IgG Alexa 

Fluor 488-conjugated secondary antibody (ThermoFisher, A-21206, 1:1000) and DAPI 

(ThermoFisher, 62248, 1:2000). Samples were rinsed with PBS and coverslips were mounted and 

imaged on a Revolve microscope (ECHO) at 20× magnification. Ki67 co-localization with nuclei 

was quantified using a custom Python script. The percentage of Ki67-positive cells was calculated 

as: 
# 𝒐𝒇 𝒌𝒊𝟔𝟕 𝒑𝒐𝒔𝒊𝒕𝒊𝒗𝒆 𝒏𝒖𝒄𝒍𝒆𝒊

𝒕𝒐𝒕𝒂𝒍 # 𝒐𝒇 𝒏𝒖𝒄𝒍𝒆𝒊
× 100.   

For cell counts, HCAECs were seeded at 50,000 cells per well in a 24-well plate in varied 

glucose and glutamine media. After two days, cells were detached using trypsin (ThermoFisher, 

25300120) and counted using a Countess II FL (ThermoFisher). hFGF-2 (1 ng/mL) was included 

as a positive control. 

2.2.4 Reactive oxygen species (ROS): 

5-(and-6)-chloromethyl-2′,7′-dichlorodihydrofluorescein diacetate, acetyl ester (CM-

H2DCFDA, Invitrogen, C6827), which becomes fluorescent after oxidation by intracellular ROS, 

was used as a general ROS indicator. HCAEC cultured in varied levels of glucose and glutamine 

for 24 hours were treated with 2 µM CM-H2DCFDA and Hoescht (1:2000, to visualize nuclei) in 

DMEM for 1 hour at 37°C. Cells treated with 0.5 mM tBHP in EGM-2 media for 1 hour were the 

positive control. Cells were then washed with PBS and imaged on a Nikon Eclipse Ti2 spinning 

disk confocal microscope with a 10x objective. After rolling ball background subtraction, mean 

fluorescence intensity was quantified in ImageJ and normalized to number of nuclei. 
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2.2.5 Glutathione:  

Intracellular glutathione was measured using a GSH/GSSG Glo assay (Promega, V6612) 

and liquid chromatography-mass spectrometry (LC-MS). For the Glo assay, HCAEC were seeded 

in a white bottom 96-well polystyrene plate (Sigma-Aldrich, CLS3917) at 50,000 cells/well. The 

next day, cells were treated with varied glucose and glutamine media for 24 hours. On the day of 

the assay, cells were rinsed with Hanks’ Balanced Salt solution (HBSS, Millipore Sigma, 55037C) 

and then lysed for 30 minutes at room temperature in the presence of luciferin NT substrate and 

glutathione S-transferase enzyme. Luciferin detection reagent was then added for 15 minutes, after 

which luminescence was measured using a Spark multimode plate reader. Glutathione 

concentration was determined using a standard curve. 

For LC-MS, metabolites were extracted from confluent HCAECs treated with varied 

glucose and glutamine media for 24 hours using 80% HPLC grade methanol (Sigma-Aldrich, 

G6025-11VL) and 20% HPLC grade water (Midland Scientific, Wooo6-4L) at -80°C for 15 

minutes. Cells were then scraped, transferred to 1.5 mL centrifuge tubes (Cell Treat, 229443), and 

centrifuged at 17,000 xg for 10 minutes. The supernatant was transferred to a new 1.5 mL tube, 

and the cell pellet was stored at -80°C for protein concentration measurement. The supernatant 

was dried using a CentriVap Vacuum Concentrator (Labconco), resuspended in 200 µL 5% 

methanol and 95% water, and transferred to mass spectrometry vials (Waters, 600000670). Quality 

control samples were prepared by adding 50 μL of each sample to a separate vial. Reduced L-

Glutathione (GSH, Sigma-Aldrich, G4251) was used to establish a standard curve. 3 µL of each 

sample was analyzed in duplicate using a Shimadzu LCMS-8045 CL Triple Quad LC-MS/MS 

with an attached Nexera HPLC/UHPLC Pump (LC-20AD XR) and a Luna Omega Polar C18 

reverse-phase column (2.1 × 50 mm, 1.6 µm; Phenomenex). Mobile phases consisted of HPLC 
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grade water with 1% formic acid (mobile phase A) and HPLC grade acetonitrile with 1% formic 

acid (mobile phase B). The flow rate was maintained at 0.45 mL/min. A gradient elution was 

applied as follows: 5% B for 0.6 min, linearly increased to 20% B at 1.80 min, ramped to 50% B 

at 1.81 min, and then linearly increased to 100% B from 3.00 to 5.00 min. The column was re-

equilibrated with 5% B from 6.00 to 8.00 min. Mass spectrometry was performed in positive 

electrospray ionization mode (ESI+) with a capillary voltage of 4 kV. Nebulizing gas and drying 

gas flows were set to 3 L/min and 10 L/min, respectively. Desolvation and interface temperatures 

were set to 250°C and 300°C. GSH was quantified using multiple reaction monitoring (MRM) 

with a mass transition of m/z 307.9 → 179. Data were processed in Skyline Software for peak 

identification and ion count integration.  

 

2.2.6 NADPH/NADP+ ratio: 

The NADP/NADPH-Glo assay (Promega, G9082) was used to measure the 

NADPH/NADP+ ratio, which is one indication of intracellular reducing capacity. Briefly, 

confluent HCAECs in a white bottom 96-well polystyrene plate were treated with varied glucose 

and glutamine media. After 24 hours, the cells were lysed in 1% dodecyl trimethyl azanium 

bromide (Sigma, D-8638-25). 50 µL cell lysate was then transferred to an empty well and treated 

with 25 µl 0.4 N HCl to measure NADP+, while the base only wells were used to measure NADPH. 

Each group was mixed with equal volume of NADP/NADPH-Glo detection reagents. After 

30 minutes, luminescence was recorded using a Spark multimode plate reader, and the 

NADPH/NADP+ ratio was calculated. 
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2.2.7 Pressure myography:  

The animal protocol was approved by the University of Maryland Institutional Animal 

Care and Use Committee (IRBNet ID: 1932985-6). Twelve-week-old male (n=5) and female (n=5) 

C57BL/6J mice were obtained from Jackson Laboratory (Bar Harbor, ME) and allowed to 

acclimate for three days. Standard chow diet was provided ad libitum. Mice were euthanized by 

exsanguination. The carotid arteries were excised and placed in cold HEPES physiological saline 

solution (HEPES-PSS) supplemented with either 0 or 2 mM glutamine for 24 hours at 4°C. 

For pressure myography, the carotid artery was cannulated with stainless steel micropipettes in a 

pressure myograph chamber (114P; DMT) containing cold HEPES-PSS. The myograph chamber 

was slowly warmed to 37°C and aerated with carbogen (5% CO2, 95% O2). Arterial pressure was 

increased from 0 to 40 mmHg at increments of 10 mmHg every 5 minutes. The carotid artery was 

then equilibrated at 50 mmHg for an additional 15 minutes. Vessel viability was confirmed by 

superfusing arteries with high potassium PSS (KPSS) for 5 minutes. Carotid arteries were 

considered viable if at least 10% constriction was achieved. Carotid arteries were then 

submaximally constricted 10-15% using 10-5 M phenylephrine (61-76-7; Acros Organics) prior to 

vasodilation experiments. Vasodilation was measured by treating carotid arteries with 10-9 M to 

10-5 M acetylcholine (A6625; Sigma-Aldrich). Endothelial-independent vasodilation was 

measured by pre-incubating carotid arteries with eNOS inhibitor NG-Nitroarginine methyl ester 

hydrochloride (L-NAME, 10-5M; HY-18729A; Med Chem Express) for 1 hour. Vasodilation to 

acetylcholine was then measured as previously described. 
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2.2.8 Nitrate/Nitrite: 

Nitrates and nitrites in endothelial cell media were measured as a nitric oxide byproduct 

using the Nitrate/Nitrite Colorimetric Assay Kit (Cayman Chemical, 780001) as per manufacturer 

instructions. Confluent HCAECs were treated with varied glucose and glutamine media. After 24 

hours, 40 μL media from each condition was added to a 96-well plate in duplicate and mixed with 

nitrate reductase to convert nitrates into nitrites. Plates were incubated for 2 hours at room 

temperature, followed by addition of Griess reagents for 10 minutes. Absorbance was measured at 

550 nm using a Spark multimode plate reader (TECAN), and a standard curve was used to obtain 

nitrite concentration. 

 

2.2.9 Statistical analysis:  

GraphPad Prism 10 was used to analyze all data. Due to small sample sizes (n < 30), I 

assumed non-normal distributions for all datasets and used non-parametric statistical tests. When 

two conditions were compared, a Mann-Whitney non-parametric test was used to determine 

statistical significance. When the same vessel was measured multiple times during pressure 

myography, a repeated measured ANOVA was used. In all other cases, a two-way ANOVA with 

post-hoc Tukey test was used to determine statistical significance. A ROUT method outlier test 

(5% aggressive) was used to identify and exclude outliers. The specific test used is indicated in 

each figure caption. All data are represented as mean ± standard deviation. Statistical significance 

was determined at p < 0.05. 
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2.3 Results  

2.3.1 Glutamine enhanced endothelial cell proliferation in normal and high glucose. 

I first determined the effect of glutamine on endothelial cell proliferation in normal and 

high glucose culture, since previous studies showed that glutamine increases endothelial cell 

proliferation in normal glucose culture 133. Phase contrast microscopy images showed similar 

morphology for HCAECs cultured in 5.5 mM or 15 mM glucose with 0, 0.5, or 2 mM glutamine 

(Figure 2-1 A). However, glutamine significantly increased endothelial cell proliferation. A two-

way ANOVA showed a significant main effect of glutamine (p<0.0001) and interaction between 

glutamine and glucose (p=0.0251) on proliferation, with no significant main effect of glucose 

(p=0.4826). 0.5 and 2 mM glutamine increased proliferating Ki67⁺ cells by ~2.5 fold compared to 

0 mM glutamine in normal glucose culture (p=0.0023 and p=0.0091, respectively; Figure 2-1 B, 

C). In high glucose culture, Ki67⁺ cells increased by more than 3.5 fold (p=0.0005) only at 2 mM 

glutamine relative to 0 mM glutamine (Figure 2-1 B, C). Furthermore, there were twice as many 

Ki67⁺ cells in normal glucose at 0.5 mM glutamine as compared to in high glucose (Figure 2-1 B, 

C). To confirm glutamine effects on endothelial cell proliferation, I quantified cell number over 

two days in cells cultured with 0, 0.5, or 2 mM glutamine in normal and high glucose. Two-way 

ANOVA only showed a significant main effect of glutamine (p<0.0001) on cell number, with no 

significant effect of glucose (p=0.4752) or interaction (p=0.9565). I observed approximately 50% 

more cells in both normal and high glucose in 2 mM as compared to 0 mM glutamine (Figure 2-1 

D; p=0.0182 in 5 mM glucose, and p=0.0036 in 15 mM glucose). These data suggest that although 

endothelial cells maintained their morphology and adhesion in normal and high glucose culture 

without glutamine, glutamine was required for endothelial cell proliferation in both normal and 

high glucose. 
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2.3.2 Glutamine decreased endothelial cell oxidative stress in normal and high glucose. 

Glutamine has previously been shown to decrease endothelial cell oxidative stress in 

normal glucose 85. To evaluate how glutamine impacts endothelial cell oxidative stress in high 

glucose, I measured ROS in HCAECs cultured with 0, 0.5, and 2 mM glutamine in normal or high 

glucose. Two way ANOVA indicated a significant main effect of glutamine (p<0.0001) on 

oxidative stress with no significant effect of glucose (p=0.6570) or interaction (p=0.1548; Figure 

2-2). HCAECs in 0 mM glutamine showed significantly elevated ROS, with more than 2-fold 

higher H₂DCFDA fluorescence compared to HCAECs cultured in 0.5 mM glutamine (p<0.0001) 

and more than 3-fold higher compared to HCAECs cultured in 2 mM glutamine (p<0.0001; Figure 

2-2 A,B). No significant differences in ROS were observed between HCAEC in normal and high 

glucose. Thus, these data support the possibility that glutamine reduces endothelial cell oxidative 

stress in both normal and high glucose conditions. 
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Figure 2-1: Glutamine increased HCAEC proliferation in normal and high glucose. HCAECs 

were cultured with 0, 0.5, or 2 mM L-glutamine in 5.5 and 15 mM glucose for 24 h. L-glucose at 2 mM 

(for glutamine in normal glucose) or 11.5 mM (for glutamine and glucose in high glucose) was 

included as osmotic control (OC). A) Representative phase contrast images. Scale bar = 500 µm, B) 

Representative fluorescent microscopy images (20x). Green = Ki67, blue = nuclei. Scale bar = 100 µm. 

C) Quantification of % Ki67+ nuclei. n = 12 samples. D) Cell count after 2 days of incubation in varied 

glucose and glutamine media. n=10 samples. Data shown as mean ± standard deviation. Statistical 

significance determined by two-way ANOVA followed by Tukey’s post hoc test.  

 



 

42 

 

 

 

 

 
 
Figure 2-2: Glutamine decreased oxidative stress. HCAECs were cultured with 0, 0.5, or 2 mM L-

glutamine in 5.5 and 15 mM glucose for 24 h. L-glucose at 2 mM (for glutamine in normal glucose) or 

11.5 mM (for glutamine and glucose in high glucose) was included as osmotic control (OC). A) 

Representative confocal microscopy images of HCAEC labeled with 2 µM CM-H2DCFDA (green) 

with B) quantification of mean fluorescent intensity. All samples were normalized to 0 mM glutamine 

in 5.5 mM glucose. n = 12 samples, scale bar = 500 μm. Data shown as mean ± standard deviation. 

Statistical significance determined by two-way ANOVA followed by Tukey’s post hoc test. 
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2.3.3 Glutamine increased endothelial cell survival in oxidative stress in normal and high glucose.  

I then measured how glutamine impacted endothelial cell survival under oxidative stress. I 

used 50 μM tBHP to induce oxidative stress in HCAECs cultured with 0, 0.5, and 2 mM glutamine 

in normal and high glucose. Two way ANOVA indicated significant main effects of glutamine 

(p<0.0001) and glucose (p=0.0283) on cell survival but no significant interaction (p=0.1743; 

Figure 2-3). Endothelial cells in 0 mM glutamine showed around 15-fold higher cell death 

compared to those treated with 0.5 or 2 mM glutamine (p<0.0001; Figure 2-3 A,B) and this effect 

was independent of glucose conditions. However, there were statistically significantly more dead 

cells with 0 mM glutamine in 15 mM glucose culture as compared to 5.5 mM glucose culture 

(p=0.0018; Figure2-3 A,B). These data suggest that glutamine is essential for endothelial cell 

survival during oxidative stress in both normal and high glucose. 
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Figure 2-3: Glutamine increased HCAEC survival in moderate oxidative stress. HCAECs were 

cultured with 0, 0.5, or 2 mM L-glutamine in 5.5 and 15 mM glucose for 24 h. L-glucose at 2 mM (for 

glutamine in normal glucose) or 11.5 mM (for glutamine and glucose in high glucose) was included as 

osmotic control (OC). Oxidative stress was induced by adding 50 μM tBHP for 24 hours. A) 

Representative confocal microscopy images of HCAEC labeled with DAPI (nuclei, blue) and  ethidium 

homodimer-1 (EthD-1, dead cells, red). Scale bar = 500 μm. B) Percentage of dead cells. n = 12 

samples. Data shown as mean ± standard deviation. Statistical significance determined by two-way 

ANOVA followed by Tukey’s post hoc test. 
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2.3.4 Glutamine increased vasodilation without changing eNOS phosphorylation.  

ROS can scavenge vasodilatory nitric oxide produced by endothelial cells. I therefore 

evaluated the impact of glutamine on murine carotid artery vasodilation in response to 

acetylcholine using pressure myography. Male and female carotid arteries that were incubated with 

2 mM glutamine for 24 hours showed elevated vasodilation in response to acetylcholine as 

compared to carotid arteries incubated with 0 mM glutamine by repeated measures ANOVA 

(p=0.035; Figure 2-4A and Figure 2-5 A,B). This change was likely nitric oxide dependent, since 

carotid arteries incubated in both 0 and 2 mM glutamine did not vasodilate when pre-treated with 

the eNOS inhibitor L-NAME (Figure 2-5 C). However, when I measured eNOS phosphorylation 

in endothelial cells cultured with 0 and 2 mM glutamine in normal glucose, I did not observe any 

significant changes (p=0.7045; Figure 2-4 B). Two-way ANOVA indicated a significant effect of 

glucose on nitrites (p=0.0281; Figure 2-4 C), with nitrites trending lower in 15 mM glucose media 

at 2 mM glutamine as compared to 5.5 mM glucose media (p=0.0510). However, there was no 

significant effect of glutamine (p=0.2360) or interaction (p=0.7220) between glucose and 

glutamine. Thus, glutamine may increase vasodilation without changing eNOS activation or nitric 

oxide production.   
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Figure 2- 4: Glutamine increased vasodilation ex vivo but did not impact eNOS phosphorylation 

or nitric oxide in vitro. A) Mouse carotid artery vasodilation in response to acetylcholine with an 

intact endothelium. Isolated mouse carotid arteries were incubated at 4°C overnight in physiological 

saline containing either 0 or 2 mM glutamine. Vasodilation was measured the following day by 

pressure myography. n=4-5 arteries per condition. B) representative Western blot with quantification of 

eNOS and p-eNOS in HCAEC cultured in 0 and 2 mM glutamine. n=10-11 samples per condition. C) 

HCAECs were treated with 0, 0.5, and 2 mM glutamine in 5.5 and 15 mM glucose. L-glucose at 2 mM 

and 11.5 mM was included as positive control for glutamine and glucose respectively. After 24 hours 

cells were treated with 20 µM of yoda1 and then the nitrites in the culture media was measured using a 

Griess assay. n = 9 samples. Data shown as mean ± standard deviation. Statistical significance 

determined by repeated measures ANOVA (A), Mann-Whitney non-parametric test (B), and two-way 

ANOVA followed by Tukey’s post hoc test. 
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2.3.5 Glutamine increased total endothelial cell glutathione and NADPH in normal and high 

glucose.  

The antioxidant glutathione can be derived from glutamine after it is converted to glutamate 

by GLS1. I therefore measured glutathione in endothelial cells cultured with and without glutamine 

in normal and high glucose using a GSH/GSSG Glo assay. Two-way ANOVA indicated a 

 

 
 
Figure 2-5. Glutamine increased vasodilation in male and female arteries and in an NO-

dependent manner. Mouse carotid artery vasodilation in response to acetylcholine with an intact 

endothelium. Isolated male (A) and female (B) mouse carotid arteries were incubated at 4°C overnight 

in physiological saline containing either 0 or 2 mM glutamine. For male mice, 0 mM glutamine: n = 4 

arteries; 2 mM glutamine: n = 1 artery. For female mice, 0 mM glutamine: n = 1 artery; 2 mM 

glutamine: n = 4 arteries. Vasodilation was measured the following day by pressure myography. C) 

Mouse carotid artery vasodilation in response to acetylcholine after eNOS was inhibited using 10-5 M 

L-NAME, as measured by pressure myography. n = 1 artery per condition. 
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significant effect of glutamine (p<0.0001) and interaction between glucose and glutamine 

(p=0.0025) on glutathione but no significant effect of glucose (p=0.5301; Figure 2-6 A). In 

HCAECs cultured under normal glucose, total glutathione increased by more than 2 fold with both 

0.5 mM and 2 mM glutamine compared to 0 mM glutamine (p < 0.0001; Figure 2-6 A). In HCAEC 

cultured in high glucose, total glutathione was 25% higher with 0.5 and 2 mM glutamine as 

compared to 0 mM glutamine (p=0.0124 for 0.5 mM; Figure 2-6 A). I further found that 

glutathione was statistically significantly lower in HCAECs cultured in 15 mM glucose and 2 mM 

glutamine as compared to 5.5 mM glucose (p=0.0205). I validated these findings using LC-MS. 

Glutathione trended 5 to 6.5-fold higher in HCAEC cultured with 0.5 and 2 mM glutamine 

(p=0.0543) in normal glucose as compared to cells cultured without glutamine (Figure 2-6 B). 

Similarly, glutathione trended 6 to 8.5-fold higher in cells cultured with 0.5 and 2 mM glutamine 

in high glucose compared to cells cultured without glutamine (p=0.0111 and p=0.0566, 

respectively; Figure 2-6 B). Notably, while the increase in intracellular glutathione was modest, it 

was biologically meaningful. Around 2 fold GSH increase (from ~1 µM to ~2 µM) was sufficient 

to significantly reduce oxidative stress (Fig. 2-2 and Fig. 2-6), suggesting that relatively small 

changes in glutathione availability can have substantial functional impact on endothelial redox 

balance. 

Since NADPH is a key cofactor for regenerating glutathione from its oxidized form, I 

measured NADPH in HCAECs cultured in normal and high glucose and varied glutamine. Two-

way ANOVA indicated a significant effect of glutamine (p<0.0001) and glucose (p=0.0015) on 

NADPH but no interaction (p=0.7069; Figure 2-6 C). NADPH increased 30-60% in HCAEC 

cultured with glutamine in both normal and high glucose (p=0.0059 and p=0.0005 for 0.5 and 2 

mM glutamine in normal glucose; p=0.0002 and p<0.0001 for 0.5 and 2 mM glutamine in high 
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glucose). NADPH was also statistically significantly higher in HCAEC cultured without glutamine 

in 5.5 mM glucose as compared to 15 mM glucose (p=0.0170; Figure 2-6 C). I also calculated the 

NADPH/NADP⁺ ratio, an indicator for cell reducing capacity 148. Two-way ANOVA indicated a 

significant effect of glutamine (p<0.0001) but no effects of glucose (p=0.8575) and interaction 

(p=0.7143; Figure 2-6 D). Glutamine increased the NADPH/NADP+ ratio by more than 50% in 

cells cultured in both normal and high glucose as compared to 0 mM glutamine (Figure 2-6 D). 

These results suggest that glutamine increases glutathione and NADPH to enhance ROS 

scavenging and cellular reducing power in both normal and high glucose. 
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Figure 2-6: Glutamine increased endothelial cell antioxidants, including glutathione and 

NADPH. HCAECs were cultured in 5.5 and 15 mM glucose with 0, 0.5, or 2 mM L-glutamine for 24 

h. L-glucose at 2 mM (for glutamine in normal glucose) or 11.5 mM (for glucose and glutamine in high 

glucose) was included as osmotic control (OC). A) Total glutathione concentration measured using 

GSH-GSSG Glo assay (n=11 samples). B) Glutathione area under the curve (AUC) measured by LC-

MS (n= 11 samples). C) NADPH measured using NADPH/NADP+ Glo assay (n=12 samples). D) 

NADPH/NADP+ ratio was calculated and normalized to its value at 5.5 mM glucose and no glutamine 

for each experiment (n= 12 samples). Data shown as mean ± standard deviation. Statistical significance 

determined by two-way ANOVA followed by Tukey’s post hoc test.  
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2.3.6 Glutaminase-induced glutathione production regulates endothelial cell oxidative stress and 

survival in normal and high glucose.  

To determine how glutamine metabolism to glutathione through GLS1 contributes to 

reduced oxidative stress and enhanced cell survival and vasodilation, I inhibited GLS1 using 

BPTES 149. 10 µM BPTES effectively decreased glutamine uptake, glutamate secretion, and 

glutathione concentration. BPTES also reduced HCAEC reducing capacity. Two-way ANOVA 

indicated a significant effect of BPTES treatment on NAPDH (p<0.0001), a significant effect of 

glucose (p=0.0031), and no interaction (p=0.3330; Figure 2-7 A). HCAEC NADPH in 2 mM 

glutamine with BPTES in both normal and high glucose was comparable to NADPH in HCAEC 

in 0 mM glutamine. BPTES also attenuated glutamine’s antioxidant effects. Two-way ANOVA 

indicated a significant effect of BPTES treatment (p<0.0001) and glucose (p=0.0427) but no 

significant interaction (p=0.0833; Figure2-7 B,C). Glutaminase inhibition in HCAEC cultured in 

2 mM glutamine increased ROS to a comparable level as HCAEC cultured in 0 mM glutamine. 

Finally, the percent of dead cells for HCAEC in 2 mM glutamine and BPTES was comparable to 

that of HCAEC in 0 mM glutamine in both normal and high glucose (Figure 2-7 D,E). Cell death 

was higher in BPTES treated cells in 15 mM glucose as compared to 5.5 mM glucose (p=0.0028). 

Thus, glutamine metabolism to glutamate may regulate NADPH and ROS in endothelial cells and 

improves their survival under moderate oxidative stress, especially in high glucose. 

 

 

 



 

52 

 

 

 
 
Figure 2-7: Glutamine-derived glutathione regulates endothelial reducing capacity, oxidative 

stress, and survival. HCAECs were cultured 0 or 2 mM glutamine in 5.5 or 15 mM glucose for 24 h. 

Some cells in 2 mM glutamine were also treated with the glutaminase inhibitor BPTES (BP, 10 μM). 

A) NADPH measured using NADPH/NADP+ Glo assay. n=9 samples. B) Representative confocal 

microscopy images of HCAECs labeled with ROS indicator CM-H2DCFDA (green). Scale bar = 500 

μM. C) Quantification of ROS mean fluorescence intensity normalized to normal glucose samples 

cultured with 0 mM glutamine. n=12 samples. D) Representative confocal microscopy images of 

HCAECs labeled with DAPI (nuclei, blue) and ethidium homodimer-1 (EthD-1, dead cells, red). Scale 

bar = 500 μm. E) Percentage of dead cells. n = 12 samples. Data shown as mean ± standard deviation. 

Data were analyzed using ordinary Two-way ANOVA followed by Tukey’s post hoc test. 
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2.4. Discussion: 

 Glutamine is known to reduce oxidative stress in vitro and in vivo 150,151; however, its effect 

on hyperglycemia-induced oxidative stress in the vasculature, which contributes to cardiovascular 

complications in diabetes, was not known. I therefore investigated how glutamine impacted 

endothelial cells cultured in normal and high glucose. Our data suggest that glutamine is required 

for endothelial cell proliferation and reduces endothelial cell oxidative stress in both normal and 

high glucose conditions. Glutamine enhanced endothelial cell survival under moderate oxidative 

stress by increasing intracellular glutathione and NADPH through glutamine deamination to 

glutamate by GLS1. Glutamine also improved endothelium-dependent vasodilation ex vivo, likely 

by reducing oxidative stress. These findings highlight glutamine metabolism, particularly GLS1-

mediated glutathione synthesis, as a critical regulator of endothelial redox balance, which in turn 

may improve vasodilation by reducing nitric oxide scavenging. Glutamine metabolism may offer 

a therapeutic strategy to maintain endothelial redox balance under stressful conditions, which 

could reduce cardiovascular complications associated with diabetes. 

Our data expand upon prior studies by supporting that glutamine promotes endothelial cell 

proliferation in both normal and high glucose. Although endothelial cells are highly glycolytic, 

most TCA cycle carbons come from glutamine. Both glutamine deprivation and glutaminase 

inhibition reduced human umbilical vein endothelial cell proliferation in vitro and murine 

angiogenesis in vivo by preventing the formation of TCA cycle intermediates and non-essential 

amino acids such as asparagine 78,132. Peyton et al. further showed that glutamine-derived 

asparagine was essential for cyclin A expression and cell cycle progression in human umbilical 

vein, aortic, and microvascular endothelial cells in normal glucose133. Our findings extend these 



 

54 

 

observations to primary human coronary artery endothelial cells and suggest that glutamine is 

essential for endothelial cell proliferation even under conditions of excess glucose.  

Our data also indicate that glutamine reduced oxidative stress in both normal and high 

glucose conditions and that this effect was mediated through glutamine deamination by GLS1 into 

glutamate and ammonia. Others had previously shown that glutamine deprivation and GLS1 

inhibition increased endothelial oxidative stress via reduced ammonia, which then decreased 

expression of antioxidant heme-oxygenase-1 (HO-1) 133,152. However, the other product of 

glutamine deamination, glutamate, is converted to the antioxidant glutathione by glutamate-

cysteine ligase (GCL) and glutathione synthetase (GS) 153. Our data demonstrate that glutamine 

deprivation and glutaminase inhibition also decrease glutathione. Interestingly, both HO-1 and 

glutathione are regulated by the transcription factor nuclear factor erythroid 2-related factor 2 

(Nrf2). Nrf2 binds to antioxidant response elements in the HO-1 promoter to upregulate its 

transcription, and it additionally increases GCL transcription 154,155. 

I also measured decreased NADPH in endothelial cells deprived of glutamine or with 

inhibited GLS1. NADPH acts as a reducing agent for glutathione reductase, which converts 

oxidized glutathione back to its reduced form. Glutamine can increase NADPH formation in 

several ways. After its initial conversion to glutamate, glutamine can be converted to α-

ketoglutarate and eventually to malate in the mitochondrial TCA cycle. This malate is then 

transported to the cytosol, where malic enzyme 1 (ME1) catalyzes its conversion to pyruvate, a 

reaction that reduces NADP⁺ to NADPH. Glutaminase inhibition with BPTES decreased NADPH 

regeneration in control cells but did not impact ME1 knockout cells, linking glutamine metabolism 

via ME1 to NADPH production 156. Alternatively, glutamine-derived α-ketoglutarate can be 

converted to citrate and then isocitrate in the reverse TCA cycle. Isocitrate is then exported to the 
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cytosol, where isocitrate dehydrogenase 1 (IDH1) regenerates α-ketoglutarate while producing 

NADPH156. Nrf2 can also increase NADPH-related gene expression, including ME1 and IDH1 157. 

Thus, Nrf2 may be a common pathway by which glutamine enhances endothelial antioxidant 

capacity.  

In addition to increasing cell survival, glutamine enhanced acetylcholine-mediated 

vasodilation of murine carotid arteries. Glutamine has previously been shown to enhance 

vasodilation in both animals and humans. In mice with endothelial-dysfunction induced by L-Nω-

methyarginine (L-NMMA), supplementation with glutamine for 2 months reversed impaired aortic 

ring vasorelaxation 92. Similarly, 6 months of β-hydroxy-β-methylbutyrate, glutamine and arginine 

supplementation increased flow mediated vasodilation by 27% in older adults 139. Epidemiological 

studies further report that higher plasma glutamine concentration or a higher glutamine:glutamate 

ratio is associated with reduced CVD incidence and mortality158,159. Our data support these studies 

and indicate that glutamine supplementation improves vascular function even in a healthy mouse 

model.  

Intriguingly, glutamine enhanced vasodilation but did not impact eNOS phosphorylation 

(p-eNOS) or nitric oxide production in cultured endothelial cells. Prior studies showed that 

glutamine decreased endothelial cell nitric oxide synthesis, in part by increasing glucose flux 

through the HBP to O‑GlcNAcylate eNOS and prevent its phosphorylation at Ser‑1177 90,160–163. 

Our different results could come from a change in cell type or culture conditions. In our hands, 

without a change in eNOS or nitric oxide in vitro, our ex vivo increase in vasorelaxation is likely 

to have resulted from decreased ROS scavenging nitric oxide.  

Interestingly, I did not detect an increase in ROS with high glucose culture alone, which 

has been shown in other studies including those from our laboratory 164,165. Our observations may 
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reflect different experimental conditions (e.g., cell type, media, glucose concentration) or ROS 

assay sensitivity. I hypothesize that the high glucose conditions I used (15 mM), while 

physiologically relevant, were not high enough to induce oxidative stress in our cells over short-

term culture, as compared to other studies that used extremely high glucose concentrations (> 25 

mM). I did observe some detrimental effects of our high glucose culture on the endothelial cells, 

including decreased cell proliferation, increased cell death, and decreased glutathione and NAPDH 

at specific glutamine concentrations. Therefore, even though 15.5 mM glucose did not increase 

endothelial oxidative stress, it did have negative effects on endothelial cell function and oxidative 

capacity. 

2.5 Limitations: 

 While our study suggests that glutamine regulates ROS in both normo- and hyperglycemia 

and may have cardiovascular protective effects, it is not without limitations. We studied 

hyperglycemic conditions on the order of days, although diabetes is a chronic condition. Short-

term supraphysiological high glucose exposure is commonly used in vitro to model key early 

molecular events associated with hyperglycemia in diabetes, including increased oxidative stress, 

mitochondrial dysfunction, and reduced nitric oxide bioavailability. However, this study, only 

modeled hyperglycemia and did not incorporate hemodynamic stimuli on the endothelial cells 

(e.g., shear stress) or other vascular changes in diabetes such as increased inflammatory cytokines 

and free fatty acids166,167. Prior to clinical translation, these data would need to be validated in a 

more complex diabetic model to confirm the beneficial impact of glutamine.  
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2.6. Conclusions: 

 This chapter expands upon previous work by suggesting that GLS1-dependent glutamate 

production from glutamine supports endothelial cell glutathione biosynthesis and NADPH 

generation, which is essential for maintaining endothelial viability and potentially improve 

vasodilation in both normo- and hyperglycemic conditions. While these findings establish a critical 

role for glutamine metabolism via GLS1 in redox homeostasis, the broader metabolic network 

reprogramming in cells induced by changes in glutamine concentration remains poorly defined. In 

the following chapter, I investigated how extracellular glutamine concentration rewires endothelial 

cell metabolism at a systems level, with a specific focus on the TCA cycle, amino acid metabolism, 

and fatty acid pathways, and how these changes may contribute to metabolic disorders. 
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Chapter 3: Glutamine systematically changes endothelial cell metabolism 

3.1 Introduction 

Endothelial cell dysfunction is a hallmark of cardiovascular disease (CVD), the leading 

cause of mortality among subjects with diabetes 67. Endothelial dysfunction is characterized by an 

imbalance between vasodilation and vasoconstriction, driven by reduced bioavailability of nitric 

oxide (NO) as well as increased oxidative stress 168. Endothelial dysfunction promotes 

atherosclerotic plaque formation through increased permeability and inflammation 169. 

Hyperglycemia causes endothelial cell dysfunction in diabetes. Even when glycemic control is 

achieved through appropriate medication in diabetic subjects, they still experience higher risk of 

cardiovascular disease.   

Endothelial function is tightly linked to metabolic activity. Endothelial cells rely on 

glycolysis for up to 85% of their ATP production, even in the presence of oxygen 78. However, 

glutamine metabolism is crucial for endothelial biomass production during processes such as 

vascular sprouting and for maintaining redox homeostasis 170,171. Glutamine is transported into 

endothelial cells through specific transporters, including SLC1A5 (ASCT2) as well as SLC38A1 

and SLC38A2 172. SLC1A5 is a Na⁺-dependent transporter that functions as an exchanger, trading 

extracellular glutamine for intracellular neutral amino acids. In contrast, SLC38A1 and SLC38A2 

belong to the System A transporter family and are Na⁺-coupled symporters. Rather than 

exchanging glutamine, they use the inward sodium electrochemical gradient to power net 

glutamine uptake into the cell 173–175. Once glutamine enters the cell, it can serve as an exchange 

substrate for SLC7A5 (LAT1), a Na⁺-independent obligate antiporter that exports intracellular 

glutamine in exchange for extracellular essential amino acids such as leucine 172. 
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Glutaminase 1 (GLS-1) hydrolyzes glutamine into glutamate and ammonia 78,87. Glutamate 

is further metabolized into alpha-ketoglutarate (α-KG) either through glutamate dehydrogenase 

(GLUD1) or via transamination reactions.  α-KG then enters the tricarboxylic acid (TCA) cycle 

for ATP and macromolecule production 176. Glutamine-derived glutamate contributes to the 

formation of other amino acids, including asparagine via asparagine synthetase and proline from 

pyrroline-5-carboxylate (P5C) via P5C reductase 87 . Glutamine-derived glutamate is also essential 

for glutathione (GSH) synthesis for antioxidant defense. Glutamate, through the enzyme 

glutamate–cysteine ligase (GCL), conjugates with cysteine to form the dipeptide γ-

glutamylcysteine. Glutathione synthetase (GS) then adds glycine to γ-glutamylcysteine, resulting 

in the final tripeptide, γ-L-glutamyl-L-cysteinylglycine, known as GSH 80 . 

Glutamine metabolic pathways are highly interconnected with additional biosynthetic 

networks, including the hexosamine biosynthetic pathway (HBP), ornithine cycle, and one carbon 

(1C) metabolism among others. The HBP integrates glucose and glutamine metabolism to generate 

UDP-N-acetylglucosamine (UDP-GlcNAc), a substrate required for protein O-GlcNAcylation and 

regulation of cellular signaling. 178Glutamine availability directly impacts the production of UDP-

GlcNAc by providing the essential amide group required for the activity of glutamine:fructose-6-

phosphate aminotransferase (GFAT). Glutamine also provides other carbon substrates necessary 

for UDP-GlcNAc synthesis, including acetyl-CoA and UTP 177. In the HBP, glucosamine-6-

phosphate is acetylated using acetyl-CoA to form N-acetylglucosamine-6-phosphate. After 

conversion to N-acetylglucosamine-1-phosphate, UTP is incorporated by UDP-GlcNAc 

pyrophosphorylase to generate UDP-GlcNAc178. UDP-GlcNAc influences cell signaling through 

post-translational protein modification via GlcNAcylation, which often occurs at the same serine 

and threonine residues targeted by phosphorylation. Increased O-GlcNAcylation of endothelial 
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nitric oxide synthase (eNOS) has been shown to decrease NO synthesis and impair vasodilation 

138,160,162. 

Glutamine can also contribute to the ornithine cycle, which serves as a pathway for 

synthesizing several essential molecules including polyamines and citrulline that regulate cell 

growth, structural integrity, and detoxification cycle 179 . Glutamine-derived glutamate can be 

converted into Δ1-pyrroline-5-carboxylate (P5C) by the enzyme P5C synthase, and subsequently 

into ornithine by ornithine aminotransferase (OAT) 87. Ornithine is a substrate for production of 

polyamines, which are indispensable for cell proliferation. Ornithine can also increase proline 

synthesis by converting back to P5C. Proline is essential for collagen synthesis and integrity of 

vascular extracellular matrix 90,180, Wu_2000]. So glutamine can regulate ornithine metabolism to 

impact proliferation and structural integrity in endothelial cells.   

1C metabolism, mediated by the folate cofactor, activates and transfers one carbon units 

for essential biological processes involved in cellular defense, amino acid homeostasis, and purine 

and thymidine biosynthesis181. 1C metabolism and glutamine availability are interconnected 

through biosynthetic pathways, cellular stress responses, and redox homeostasis. It has been shown 

in cancer cells that under conditions of glutamine deprivation or inhibition of glutamine 

metabolism, cells activate 1C metabolism as a compensatory survival strategy182. 

Glutamine supplementation may protect against cardiovascular disease and related 

complications through metabolic and anti-inflammatory mechanisms. In pulmonary artery 

endothelial cells, glutamine supplementation reduced hydrogen peroxide–induced injury, helping 

to maintain cellular ATP and viability during high oxidative stress183. In animal models of 

endotoxin shock and severe injury, glutamine supplementation improved survival rates, enhanced 

immune function, and supported gut barrier integrity 184. However, inconsistent reports exist for 
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the effects of glutamine on endothelial function, as glutamine has been shown to reduce NO and 

vasodilation in certain contexts while improving vasodilation in others. Results vary based on the 

experimental model 139,161,162. For instance, in vitro, 0.2 to 2 mM glutamine in cultured bovine 

aortic and venular endothelial cells significantly reduced the release of endothelium-derived 

relaxing factor while in a mouse model of chronic endothelial dysfunction, glutamine 

supplementation improved acetylcholine-induced relation of aortic rings 92,162. 

Although glutamine supplementation is used clinically to enhance vascular health, the 

precise metabolic adaptations that occur in endothelial cells in response to altered glutamine are 

not fully understood. In this study, I therefore examined how physiological and supplemented 

glutamine affected endothelial metabolism. I hypothesized that increasing glutamine concentration 

will increase TCA cycle flux in the forward and reverse directions, and also amino acid synthesis 

and HBP pathway flux. I supplemented endothelial cell culture media with 0–10 mM glutamine 

and measured changes in glutamine and glutamate levels over 24 hours. I then used a Seahorse 

Mito Stress Test to measure oxidative respiration and a glutamine isotope-labeled tracer to track 

glutamine-derived carbon flow to determine how increased glutamine concentrations influence 

endothelial cell metabolic activity. Understanding how glutamine systematically impacts 

endothelial cell metabolism may help identify novel metabolic targets for the prevention of 

cardiovascular disease. 

 

3.2 Materials and methods 

3.2.1 Endothelial cell culture 

Primary human coronary artery endothelial cells (HCAEC, passage 5-9) were purchased 

from Lifeline Cell Technology. HCAECs were cultured in 100 mM dishes in Endothelial Growth 
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Medium-2 (EGM-2; Lonza) supplemented with 1% penicillin-streptomycin (PS; Thermo Fisher 

Scientific, 15140163), 10% fetal bovine serum (FBS; Cytiva, SH30088) and 1% glutamine (Fisher 

Scientific, 25-030-081) until confluent. At confluency, cells were passaged into the appropriate 

well plates and incubated in EGM-2 media until 90% confluent. Cells were then switched to 

Dulbecco's Modified Eagle Medium (DMEM) without phenol red, glucose, or glutamine (Gibco, 

A1443001) supplemented with Endothelial SingleQuots (Lonza, CC-4176), 5.5 or 15 mM D-

glucose (Sigma-Aldrich, G8270), and 0, 0.5, 1, 2, 5, or 10 mM glutamine for 24 hours. 

 

3.2.2 Glutamine uptake and glutamate secretion 

A YSI 2950 Biochemistry Analyzer (Yellow Springs Instruments, 527690) was used to 

measure media glucose, lactate, glutamine, and glutamate concentration. At 0 and 24 hours of 

glutamine treatment, 150 μL media was collected and placed in a 96 well-plate (CELLTREAT; 

229196) for analysis by YSI. Glucose and glutamine uptake and lactate and glutamate secretion 

were calculated as the difference between the 0 and 24 hour concentrations.  

 

3.2.3 Glutaminase analysis 

A Western blot was used to detect changes in HCAEC glutaminase. After glutamine 

treatment, cells were washed with phosphate buffered saline (PBS; Thermo Fisher Scientific; 

70011069) and lysed with RIPA buffer (Thermo Fisher Scientific; 89901) containing Halt protease 

and phosphatase inhibitor cocktail (Thermo Fisher Scientific; 78440) and 

ethylenediaminetetraacetic acid (EDTA; Sigma-Aldrich; E9884). The cell lysate was centrifuged 

for 15 minutes at 17,000 × g at 4°C to remove cellular debris. The supernatant was collected, and 
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the protein concentration was quantified using a BCA assay (Thermo Fisher Scientific; 23225). 

3.5 μg protein was loaded into each well of a NuPAGE 4%-12% Bis-Tris gel (Thermo Fisher 

Scientific; NP0323BOX) for separation by SDS-PAGE. Proteins were then transferred to a 

polyvinylidene difluoride membrane (Thermo Fisher Scientific; IB34001X3) using an iBlot 3 

(Thermo Fisher Scientific). Membranes were blocked in 5% bovine serum albumin (BSA; Sigma-

Aldrich; A7906) in tris buffered saline (TBS; Fisher Scientific; BP24711) with 0.5% Tween (TBS-

T; Thermo Fisher Scientific; 85115) for 1 hour at room temperature. Blots were then incubated 

with primary antibodies in 1% BSA in TBS-T overnight at 4°C. Primary antibodies included 

glutaminase-1 (1:1000; Abcam; EP7212) and β-actin (1:1000; Santa Cruz Biotechnology; sc-

47778). The next day, membranes were washed with TBS-T and incubated with the appropriate 

anti-rabbit (Promega; W4011) or anti-mouse (Promega; W4021) secondary antibodies (1:2000) 

for 2 hours. Protein bands were visualized by SuperSignal West Pico PLUS Chemiluminescent 

Substrate kit (Thermo Fisher Scientific; 34578) and imaged using an Alpha Innotech Fluorchem 

Imager. AlphaView SA 3.4.0 was used to quantify band intensity.   

 

3.2.4 Oxidative respiration 

HCAEC oxidative respiration was measured using a Seahorse Mito Stress test (Agilent; 

103015). HCAEC were seeded at 50,000 cells/well in Seahorse XF96 cell culture plates and 

incubated overnight to allow cells to adhere to the plate. The next day, DMEM with 0, 0.5, and 2 

mM glutamine and 5.5 or 15 mM glucose was added to the appropriate wells. After 24 hours, the 

assay was performed on a Seahorse XFe96 (Agilent) according to the manufacturer’s protocols. 

Wave software (Agilent) was used to calculate basal respiration, maximal respiration, spare 
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capacity, and non-mitochondrial oxygen consumption from the measured oxygen consumption 

rate (OCR).   

 

3.2.5 Isotope tracing via liquid chromatography-tandem mass spectrometry (LC-MS/MS) 

To gain detailed insights into glutamine metabolism, we designed a parallel isotope-

labeling experiment. 1-¹³C-glutamine was used to trace glutamine entry into the reductive (reverse) 

carboxylation pathway, as the C1 label is released as CO₂ during forward TCA cycle flux. 5-¹³C-

glutamine was used to identify forward TCA–derived metabolites. 0, 1, 2, or 5 mM 1-13C-

glutamine (CLM-3612, Cambridge Isotope Laboratory) or 5-13C-glutamine (CLM-1166, 

Cambridge Isotope Laboratory) were added to confluent HCAECs in 6 well plates in supplemented 

DMEM (5.5 mM glucose) for 24 hours. Endothelial cells were previously determined to reach 

isotopic steady state by this time 73. Metabolites were then extracted in 500 μL ice-cold 80:20 

methanol:water at -80°C for 15 minutes. Cell lysates were scraped in the extraction solvent, 

transferred to 1.7 mL micro centrifuge tubes, and centrifuged at 17,000 × g for 15 minutes at 4°C 

to pellet cell proteins. The supernatant was collected, stored at -80°C and analyzed by LC-MS/MS 

in the University of Colorado School of Medicine Metabolomics Core. Finally, the pellet was lysed 

in 50 μL RIPA buffer, and protein concentration was measured by BCA and used for 

normalization.  

 

3.2.6 Mass spectrometry data analysis 

Natural abundance correction, multivariate analysis, and univariate analysis were 

performed in RStudio. The IsoCorrector 1.22.0 package was first used to correct the isotopologue 
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natural abundance for each metabolite from the LC–MS/MS raw data. The mixOmics 6.28.0 

package was then applied to conduct multivariate analyses, including principal component analysis 

(PCA). Univariate analyses, including the Kruskal–Wallis test and post-hoc pairwise Wilcoxon 

tests, were also performed in RStudio. The p-values obtained from these statistical analyses were 

adjusted using the Benjamini–Hochberg (BH) method. Score and loading plot for PCA was 

generated using the ggplot2 package in RStudio, and stackplots and barplots were created using 

GraphPad Prism 10.  

After correction, the labeled fraction was calculated by dividing the signal from labeled 

metabolites by the total signal (labeled + unlabeled).  

 

3.2.7 Media succinate 

Media was collected from HCAEC cultured in 5.5 mM glucose DMEM with 0 or 5 mM 

glutamine for 24 hours. Media was centrifuged for 10 minutes at 17,000 × g at 4°C to remove cell 

debris. 200 µL of supernatant was added to 800 µL of ice cold 100% HPLC grade methanol, 

vortexed and centrifuged at 17,000 × g at 4°C for 15 minutes. The supernatant was transferred to 

a new tube and dried overnight using a CentriVap Vacuum Concentrator (Labconco). Samples 

were resuspended in 100 µL 80% methanol (Sigma-Aldrich, G6025-11VL) and transferred to mass 

spectrometry vials (Waters, 600000670). Extracellular succinate was analyzed using a Bruker 

maXis-II QTOF mass spectrometer (Bruker Daltonics) coupled to a Waters ACQUITY UPLC 

system. Chromatographic separation was performed on an Atlantis BEH C18 AX column (2.1 × 

100 mm, 1.7 µm; Waters) maintained at 30°C, with the sample manager held at 6°C. A 5 µL 

injection volume was used. The mobile phases consisted of solvent A: water containing 0.1% 

formic acid and solvent B: acetonitrile containing 0.1% formic acid. The flow rate was 0.25 
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mL/min. The gradient program was as follows: 0–2 min, 2% A; 2–11 min, linear increase to 90% 

A; 11–16 min, hold at 90% A; 16–17 min, return to 2% A; 17–20 min, re-equilibration at 2% A. 

Mass spectrometric detection was performed in negative electrospray ionization (ESI−) mode with 

a capillary voltage of 4,500 V. Data were acquired in full scan mode over an m/z range of 80–400 

without MS/MS fragmentation. A 10 µM sodium succinate dibasic hexahydrate standard (Sigma-

Aldrich; S2378-100MG) was injected at the beginning of each sequence to confirm both mass and 

retention time prior to sample analysis. Succinate was identified based on accurate mass and 

retention time relative to the standard. Extracted ion chromatograms were generated at m/z 

116.9967 ± 0.02 Da, and the succinate peak eluted at 1.4 min.  

 

3.2.8 Succinate dehydrogenase activity assay 

Succinate dehydrogenase (SDH) activity was measured using a commercially available 

SDH Activity Assay Kit (Abcam; ab228560) according to the manufacturer’s instructions. 

HCAECs were seeded in 100 mm culture dishes and grown in EGM-2 medium to approximately 

90% confluence. Cells were rinsed with PBS and then switched to DMEM supplemented with 1% 

PS, 10% FBS, 5.5 mM glucose, and either 0 or 5 mM glutamine for 24 hours. Following treatment, 

cells were detached using trypsin, washed with cold PBS, and resuspended in 100 µL SDH assay 

buffer supplemented with 1% protease inhibitor cocktail and EDTA. Cells were lysed using a 

D1000 homogenizer (Benchmark Scientific), incubated on ice for 10 minutes, and then centrifuged 

at 10,000 × g for 5 minutes at 4°C. The supernatant was collected for analysis. Protein 

concentration was determined using a BCA assay. 75 µg protein for each sample was loaded into 

a 96-well plate and adjusted to a final volume of 50 µL. The standard curve and reaction mixture 

were prepared according to the manufacturer’s protocol and added to the designated wells. 
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Absorbance was measured at 600 nm in kinetic mode for 60 minutes at 2 minute intervals using a 

Spark multimode plate reader (TECAN). SDH activity was calculated according to the 

manufacturer’s instructions using the linear portion of the kinetic curve. 

 

3.2.9 Statistical analysis 

All statistical analyses were performed using GraphPad Prism 10. Data are presented as 

mean ± standard deviation (SD) unless otherwise indicated. The number of biological replicates 

(n) for each experiment is specified in the corresponding figure legends. For experiments 

comparing multiple glutamine concentrations, statistical significance was determined using an 

ordinary one-way ANOVA followed by Tukey’s post hoc multiple comparisons test. When 

comparisons were made against a single control group (e.g., 0 mM glutamine), a one-way ANOVA 

followed by Dunnett’s multiple comparisons test was used. For comparisons between two groups 

with unequal variance (e.g., extracellular succinate measurements), a Mann Whitney non-

parametric test was used. Principal component analysis (PCA) was performed on labeled fraction 

data to assess global metabolic differences among conditions. Statistical significance was defined 

as p < 0.05. The specific statistical test used for each dataset is indicated in the corresponding 

figure legend. 
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3.3 Results: 

3.3.1 Glutamine uptake increased with glutamine concentration; however, glutamate secretion 

plateaued above 2 mM glutamine. 

I first determined how HCAECs take up glutamine in both 5.5 mM (normal) and 15 mM 

(high) glucose by adding 0 to 10 mM glutamine to the cell culture media. HCAECs took up 

significantly more glutamine as media glutamine concentration increased in both normal and high 

glucose conditions, as analyzed by one-way ANOVA (p<0.0001; Figure 3-1A, D). In normal 

glucose, HCAECs took up 5 and 10 times more glutamine, respectively, at 5 and 10 mM glutamine 

than at the physiological level of 0.5 mM glutamine (p<0.0001; Figure 3-1A). Similarly, in high 

glucose, HCAEC took up more than 4 times more glutamine in 5 and 10 mM glutamine as 

compared to 0.5 mM glutamine (p<0.001; Figure 3-1D). Glutamine uptake was only statistically 

different between normal and high glucose at 10 mM glutamine, where glutamine uptake in high 

glucose was around half the uptake in normal glucose (p=0.0280; Figure 3-1G).   

I then measured secretion of the primary glutamine-derived metabolite, glutamate, into the 

cell culture media. Glutamate secretion also increased with increasing media glutamine 

concentration in both normal and high glucose conditions (p<0.0001 by ANOVA; Figure 3-1B, 

E). In normal glucose, glutamate secretion was about 10 times higher for HCAEC in 0.5 mM as 

compared to 0 mM glutamine (p=0.0001) and about 2 times higher for HCAEC in 2, 5, or 10 mM 

glutamine as compared to 0.5 mM glutamine (p=0.0004, 0.0010, and <0.0001, respectively). In 

both normal and high glucose, HCAEC glutamate secretion did not change above 2 mM glutamine. 

There were no statistically significant differences in glutamate secretion for HCAEC in normal 

and high glucose at any glutamine concentration. 
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I calculated the ratio of glutamate secreted to glutamine uptake as a measure of 

glutaminolysis. From 0.2 to 2 mM glutamine, the glutamate:glutamine ratio remained statistically 

similar at around 0.7 for HCAEC in normal and high glucose. At 5 and 10 mM glutamine, the 

glutamate:glutamine ratio decreased to around 0.2 for HCAEC in normal glucose (p<0.0001; 

Figure 3-1C, F) and around 0.3 for HCAEC in high glucose (p=0.0534 at 5 mM and p=0.0159 for 

10 mM glutamine). There were no statistically significant differences in the glutamate:glutamine 

ratio for HCAEC in normal and high glucose.  

Glutaminase 1 (GLS-1) catalyzes the deamidation of glutamine to glutamate in endothelial 

cells. I therefore determined how extracellular glutamine concentration affected GLS-1 protein by 

Western blot (Figure 3-1H-J). As I did not observe significant changes in glutamate secretion at 

glutamine concentrations higher than 2 mM, I measured glutaminase protein levels at 0, 0.5 and 2 

mM glutamine. HCAEC in normal glucose and 0.5 or 2 mM glutamine had twice as much GLS-1 

compared to HCAEC in 0 mM glutamine (p=0.0006 and p=0.0015, respectively; Figure 3-1I). 

Similarly, HCAEC in high glucose and 0.5 or 2 mM glutamine had 50% more GLS-1 compared 

to HCAEC in 0 mM glutamine (p=0.0088 and p=0.0289, respectively; Figure 3-1J). GLS-1 protein 

did not increase above 0.5 mM glutamine for HCAEC in normal or high glucose. These data 

suggest that ECs take up more glutamine as extracellular glutamine concentration increases but 

reach a limit of glutamate secretion, possibly due to a lack of additional GLS-1. 

Since endothelial cells are also dependent on glycolysis, I assessed glucose uptake and 

lactate secretion in HCAECs in increasing extracellular glutamine. Glutamine supplementation did 

not significantly alter glucose uptake (Figure 3-2A,C). Lactate secretion increased with 

extracellular glutamine for HCAEC in both normal and high glucose (p=0.0007 and p<0.0001 by 

ANOVA for normal and high glucose, respectively; Figure 3-2B, D). Lactate secretion at 10 mM 
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glutamine was about 25% higher for HCAEC in normal and high glucose as compared to HCAEC 

in 0.5 mM glutamine. These data show that extracellular glutamine did not significantly change 

glycolysis, suggesting that the two metabolic pathways remain distinct. 

 

3.3.2 Glutamine increased oxidative respiration.  

Glutamine is a primary carbon source for the endothelial TCA cycle. As I did not measure 

changes in glutamate secretion above 2 mM glutamine, I measured how 0, 0.5, or 2 mM 

extracellular glutamine impacted mitochondrial activity (Figure 3-3A) using a Seahorse Mito 

Stress test. HCAEC oxygen consumption rate (OCR), a measure of mitochondrial oxidative 

respiration, increased with glutamine (p=0.0016 for basal OCR and p<0.0001 for all others by 

ANOVA). Basal OCR was five time higher for cells in 0.5 and 2 mM glutamine compared to 0 

mM glutamine (p=0.0342 and 0.0013, respectively; Figure 3-3B). Maximal respiration, which 

measures mitochondrial ability to meet increased energy demand185 , and spare capacity, which is 

the difference between maximal and basal respiration, more than doubled for cells in 0.5 (p=0.008) 

and 2 mM (p<0.0001) glutamine relative to 0 mM glutamine (Figures 3-3C, D). Similarly, cells in 

0.5 and 2 mM glutamine had double the non-mitochondrial oxygen consumption of cells in 0 mM 

glutamine (p=0.0003 and p<0.0001, respectively; Figure 3-3E), indicating increased cellular 

oxidase activity. Only spare respiratory capacity was statistically significantly higher for cells in 

2 mM as compared to 0.5 mM glutamine (p=0.0058). I observed a similar OCR response to 

glutamine in HCAECs cultured in high glucose (Figure 3-4A-E). Taken together, these data 

support evidence in the literature that glutamine fuels endothelial mitochondrial activity, although 

the effect is limited at higher glutamine concentrations. 
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Figure 3-1: Glutamine uptake and glutamate secretion increased with glutamine concentration; 

however, glutamate secretion plateaued above 2 mM glutamine. HCAEC were incubated with 0-10 

mM glutamine in normal (5.5) and high glucose (15 mM) for 24 hours. Glutamine uptake and 

glutamate secretion were measured in normal (A, B) and high (D, E) glucose using a YSI bioanalyzer. 

The glutamate:glutamine ratio was determined for each condition in (C) normal and  (F) high 

glucose.(G) Comparison of glutamine uptake in normal vs high glucose at 10 mM glutamine. n=9 

biological replicates. (H) Representative glutaminase-1 (GLS-1) and β-actin Western blots, with  

quantification of (I) normal glucose and (J) high glucose. n=9 biological replicates. Data were analyzed 

using an ordinary one-way ANOVA with a Dunnett post-hoc multiple comparisons test.  
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3.3.3 Increasing glutamine increased isotope enrichment through the forward TCA cycle with 

limited impact on reverse carboxylation.   

Since extracellular glutamine increased endothelial TCA cycle activity, I used isotope-

assisted tracing to get a more detailed understanding of how glutamine contributes to TCA cycle 

metabolites. Since I observed no TCA cycle differences for HCAEC in normal and high glucose, 

I conducted all labeling experiments in normal glucose. I used 1 mM glutamine instead of 0.5 mm 

glutamine to model physiological glutamine concentration due to concerns about our ability to 

detect isotope labeling at the lower concentration. I used 2 mM glutamine to model commonly 

 
Figure 3-2: Extracellular glutamine increased lactate secretion without affecting glucose uptake. 

HCAEC were incubated with 0-10 mM glutamine in normal (5.5) and high glucose (15 mM) for 24 

hours. Glucose uptake and lactate secretion were measured in normal (a, b) and high (d, e) glucose 

using a YSI bioanalyzer. n=3-12 biological replicates. Data were analyzed using an ordinary one-way 

ANOVA with a Dunnett post-hoc multiple comparisons test, following an ROT outlier test. 
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used endothelial cell culture media concentration and 5 mM glutamine to observe changes with 

additional glutamine. I used 1-13C-glutamine and 5-13C-glutamine parallel labeling to understand 

glutamine entry into the forward and reverse TCA cycle. In the forward TCA cycle, 1-13C-

glutamine loses its labelled first carbon when it is converted from α-KG to succinate while 5-13C-

glutamine retains its labelled fifth carbon, enabling us to trace forward glutamine movement. In 

the reverse TCA cycle (reverse carboxylation), 1-13C-glutamine retains its labelled first carbon 

when it is converted from α-KG to citrate and therefore enables us to trace glutamine in the reverse 

TCA cycle.  

Our LC-MS data (Figure 3-5) showed that nearly all intracellular glutamine was labeled in 

HCAEC treated with 1, 2, or 5 mM 1-13C-glutamine or 5-13C-glutamine. 5-13C-glutamate 

enrichment increased from 69% to 76% and 5-13C-α-KG enrichment increased from 64% to 71% 

with increasing extracellular glutamine. TCA metabolites in the forward TCA cycle also increased 

in a concentration dependent manner as extracellular glutamine increased from 1 to 5 mM, 

including succinate from 4% to 12%, fumarate from 31% to 50%, malate from 40% to 55%, and 

citrate from 39% to 49%. However, 1-13C-citrate enrichment was less than 5% across all glutamine 

concentrations, indicating limited reverse carboxylation. Interestingly, succinate had the highest 

unlabeled pool among all TCA cycle metabolites, which could indicate a stable intracellular 

succinate pool or succinate generation from other carbon sources. 

3.3.4 Increasing glutamine increased the total abundance of all TCA metabolites except for 

succinate, which decreased. 

Next, I analyzed the total abundance of glutamine, glutamate, and TCA metabolites by 

determining the integrated peak area, which is proportional to the concentration. For HCAEC in 2 

or 5 mM glutamine, intracellular glutamine total abundance was 2 and 5 times higher than for 
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HCAEC in 1 mM glutamine (p=0.0056 and p<0.0001, respectively; Figure 3-6A). Intracellular 

glutamate total abundance was 20 times higher for HCAEC cultured in 1 mM glutamine as 

compared to 0 mM glutamine (p<0.0001) and then an additional 50% higher for HCAEC in 5 mM 

glutamine as compared to 1 mM glutamine (p<0.0001; Figure 3-6B). The glutamate:glutamine 

ratio for HCAEC in 2 and 5 mM glutamine declined by 50% and 75%, respectively, as compared 

to the ratio for HCAEC in 1 mM glutamine (p=0.0003, and <0.0001, respectively; Figure 3-6C). 

These data confirm that the endothelial cells continued to take up more glutamine as extracellular 

 
Figure 3-3: Glutamine increased endothelial oxidative respiration. HCAECs were incubated for 24 

hours with 0, 0.5, or 2 mM glutamine in normal (5.5 mM) glucose culture. (A) Representative oxygen 

consumption rate (OCR) as measured by Seahorse Mito Stress test. (B) Basal respiration, (C) maximal 

respiration, (D) spare capacity, and (E) non-mitochondrial oxygen consumption from three 

experiments, normalized to the 0 mM glutamine condition. n=10-16 biological  replicates. Data were 

analyzed using ordinary one-way ANOVA with a Tukey post-hoc multiple comparisons test.  
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glutamine concentration increased but did not produce more glutamate, as previously shown 

(Figure 3-1).  

Similar to the labeled fraction data, total TCA metabolite abundance increased in the 

presence of extracellular glutamine, except for succinate which decreased. α-KG, fumarate, citrate, 

and malate total abundance increased between 3 and 5 times for HCAEC cultured in 1 mM as 

compared to 0 mM glutamine (Figure 3-6D-G). While α-KG and citrate total abundance did not 

change at higher glutamine concentrations, malate and fumarate demonstrated small increases with 

glutamine concentration. Malate was 35% higher at 2 mM glutamine (p=0.0024) and 46% higher 

at 5 mM glutamine (p=0.0001) as compared to 1 mM glutamine, and fumarate was 29% higher at 

2 mM glutamine (p=0.0426) and 51% higher at 5 mM glutamine (p=0.0007) as compared to 1 mM 

glutamine. In contrast to the other TCA metabolites, succinate total abundance decreased by 34%, 

44%, and 56% in HCAEC cultured in 1, 2, and 5 mM glutamine compared to 0 mM glutamine 

(p=0.0078, 0.0002, and <0.0001, respectively; Figure 3-6H).  

I then analyzed several mechanisms by which succinate concentration could decrease with 

increasing glutamine. Succinate accumulated inside the cells can get transported into the 

extracellular environment via MCT1 and OAT transporters169,186 . Therefore, I examined whether 

glutamine increased succinate release from cells. However, when I measured succinate in the 

media by LC-MS after 24 hours of HCAEC incubation with 0 or 2 mM of glutamine, I did not 

observe any increase in extracellular succinate (Figure 3-6I). Glutamine deprivation has also been 

shown to cause deSUMOylation of succinate dehydrogenase (SDH), leading to reduced SDH 

activity and therefore reduced succinate oxidation to fumarate 187,188. I therefore measured how 

increasing extracellular glutamine affected SDH activity. SDH activity was 24% higher in HCAEC 

in 5 mM and compared to 0 mM glutamine (p=0.0117; representative experiment in Figure 3-6J, 
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sum of three experiments in Figure 3-6K). These findings suggest that reduced intracellular 

succinate with increased extracellular glutamine may, at least in part, reflect enhanced SDH 

activity. 

 

 
Figure 3-4: Glutamine increased endothelial oxidative respiration in high glucose. HCAECs were 

incubated for 24 hours with 0, 0.5, or 2 mM glutamine in high (15 mM) glucose culture.(a) 

Representative oxygen consumption rate (OCR) as measured by Seahorse Mito Stress test. (b) Basal 

respiration, (c) maximal respiration, (d) spare capacity, and (e) non-mitochondrial oxygen consumption 

from three experiments, normalized to the 0 mM glutamine. n=10-16 samples. Data were analyzed 

using an ordinary one-way ANOVA with a Tukey post-hoc multiple comparisons test.  
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Figure 3-5: Increasing glutamine increased isotope enrichment through the forward TCA cycle; 

reverse carboxylation also increased with glutamine but was limited overall. HCAECs were 

cultured with 0, 1, 2, or 5 mM 1-13C- or 5-13C-glutamine for 24 hours, after which cells were collected 

and the isotope distribution was determined using LC-MS. Isotope labeled fractions for 5-13C-

glutamine metabolites are shown in blue. Isotope labeled fractions for 1-13C-glutamine metabolites are 

shown in red with diagonal hatching. 5-13C-glutamine was used to measure glutamine flux through the 

forward TCA cycle, since α-KG loses its first carbon as CO2 when it converts to succinate, thereby 

retaining the M1 label. 1-13C-glutamine was used to measure reverse carboxylation, since when α-KG 

is converted to citrate in the reverse TCA cycle, the first labeled carbon is preserved. n=3 biological 

replicates. 
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Figure 3-6: Increasing glutamine increased total abundance of all TCA metabolites except for 

succinate which decreased. HCAECs were treated with 0, 1, 2, or 5 mM of 1-13C- or 5-13C-glutamine 

for 24 hours and then analyzed by LC-MS. (A-C) Total abundance of L-glutamine, L-glutamate and 

glutamate:glutamine ratio. Total abundance of TCA cycle metabolites (D) α-KG, (E) fumarate, (F) 

citrate, (G) malate, and (H) succinate. n=6 samples for 1, 2, and 5 mM glutamine and n=3 for 0 mM 

glutamine. All data points were normalized to the average value at 0 mM glutamine. Data were 

analyzed using ordinary one-way ANOVA with a Dunnett post-hoc multiple comparisons test. (I) 

Succinate was measured in media by LC-MS after 24 hour HCAEC incubation with 0 or 2 mM 

glutamine. n= 5 biological replicates. (J) Representative curve and summation of (K) succinate 

dehydrogenase activity for HCAEC cultured in 0 and 5 mM glutamine for 24 hours. All data points 

were normalized to average value at 0 mM glutamine. n=10 biological replicates. Data were analyzed 

using Mann Whitney test.  
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3.3.5 Glutamine enriched amino acids and glutathione in addition to TCA metabolites.  

Since our data showed that ECs took up more glutamine as extracellular concentration 

increased but did not secrete more glutamate or proportionally increase TCA metabolite labeling, 

I investigated where the extra glutamine is metabolized using our LC-MS data. A principal 

component analysis (PCA) score plot of the 5-13C-glutamine metabolite labeled fractions revealed 

clear separation of samples along component 1 (PC1=51.6%), with the 0 mM glutamine condition 

clustering distinctly from glutamine-treated groups (Figure 3-7A). To identify the metabolites 

driving the separation observed in the PCA score plot, I next examined the PCA loading plot 

(Figure 3.7B). In addition to glutamine, glutamate, and TCA cycle metabolites, the amino acids L-

proline, L-aspartate, and GABA along with the tripeptide glutathione were the metabolites that 

contributed the most to the separation of glutamine-treated cells (Figure 3-7B). A heatmap of the 

glutamine-labeled fractions of metabolites that most strongly contributed to the separation further 

indicated that HCAEC treated with 1, 2, or 5 mM glutamine are metabolically distinct from 

HCAEC treated with 0 mM glutamine but not different from each other (Figure 3-7C). The PCA 

score plot of the 1-13C-glutamine metabolite labeled fractions also showed 0 mM glutamine 

condition clustering distinctly from glutamine-treated groups (Figure 3-8A) and the metabolites 

identified using PCA loading plot was similar to data from 5-13C-glutamine metabolite (Figure 3-

8B-C) 

 

3.3.6 Glutathione and proline were enriched with glutamine-derived carbons.  

HCAEC cultured with glutamine separated from HCAEC cultured without glutamine due 

to glutamine-derived glutamate contributing carbon to both glutathione and proline. Glutamate 

becomes part of glutathione through the ATP-dependent addition of cysteine and glycine, 
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catalyzed by glutamine-cysteine ligase (GCL) and glutathione synthetase (GS). Glutathione 

isotopic enrichment from 1-¹³C-glutamine and 5-¹³C-glutamine increased from no detectable 

enrichment at 0 mM glutamine to 63% enrichment at 1 mM glutamine, respectively (Figure 3-9B). 

Glutathione enrichment increased by an additional ~5% at 2 and 5 mM glutamine. Total 

glutathione abundance increased by more than 6 times when glutamine was increased from 0 mM 

to 1, 2, or 5 mM (p < 0.0001; Figure 3-9F); however, no differences in glutathione were observed 

among HCAEC cultured in 1, 2, or 5 mM glutamine. 

Glutamate can also be metabolized to pyrroline-5-carboxylate (P5C), which can then be 

directed toward either proline synthesis or the ornithine cycle. Isotopic enrichment of proline 

increased by 36%, 43%, and 48% at 1, 2, and 5 mM 1-¹³C-glutamine and 5-¹³C-glutamine, 

respectively, compared to 0 mM glutamine (Figure 3-9B). Total proline abundance doubled in 

HCAEC cultured in 1 mM glutamine as compared to 0 mM glutamine (Figure 3-9G; p = 0.0002). 

Similar to glutathione, no difference in proline abundance was observed in HCAEC cultured in 1, 

2, and 5 mM glutamine. In contrast, there was no detectable carbon enrichment in ornithine cycle 

metabolites (Figure 3-9C-E). However, total metabolite abundance in this pathway was altered by 

glutamine (Figure 3-9H-J). Increasing extracellular glutamine from 0 to 2 or 5 mM decreased total 

citrulline abundance by 47% (p= 0.0153) and 53% (p=0.0039), respectively. Similarly, increasing 

glutamine decreased total arginine abundance by 39% at 2 mM glutamine (p= 0.0161) and 46% at 

5 mM glutamine (p=0.0050) compared to 0 mM glutamine. Total ornithine abundance remained 

unchanged across glutamine concentrations. Together, these data suggest that glutamine 

contributes carbon to glutathione and proline but not to ornithine cycle metabolites. Reduced 

arginine and citrulline abundance suggest that glutamine increased their utilization.  
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Figure 3-7: Glutamine carbons were incorporated into amino acids and glutathione in addition to 

TCA metabolites. HCAECs were cultured with 0, 1, 2, or 5 mM 5-¹³C-glutamine for 24 hours, after 

which metabolites were extracted and profiled by LC–MS. (A) PCA score plot of the labeled fraction 

of each metabolite, showing a separation between cells cultured with versus without glutamine but 

minimal differences with increasing glutamine concentration. (B) PCA loading plot of the labeled 

fraction, with the top 11 loadings labeled. (C) Heatmap of metabolite labeled fractions. 
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3.3.7 Glutamine derived aspartate contributed carbons to UDP-GlcNAc. 

Since I also observed isotope enrichment of aspartate, I next examined how increasing 

extracellular glutamine concentration impacts pathways downstream of aspartate such as UDP-

GlcNAc synthesis. Glutamine-derived α-KG becomes oxaloacetate, which is then transaminated 

to form aspartate. Aspartate is incorporated into orotate, which becomes uridine triphosphate 

(UTP) and is then incorporated into UDP-GlcNAc (Figure 3-10). LC-MS analysis showed 

increased isotopic enrichment of aspartate from 5-¹³C-glutamine, with enrichment increasing by 

 
Figure 3-8: 1-13C-glutamine carbons were incorporated into citrate through the reverse TCA 

cycle, as well as glutathione and L-proline. HCAECs were cultured with 0, 1, 2, or 5 mM 1-¹³C-

glutamine for 24 hours, after which metabolites were extracted and profiled by LC–MS. (A) PCA score 

plot of the labeled fraction of each metabolite, with the top 7 loadings labeled. (B) PCA loading plot of 

the labeled fraction. (C) Heatmap of metabolite labeled fractions. n=3 samples 
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45%, 56%, and 60% at 1, 2, and 5 mM glutamine, respectively, compared to no glutamine (Figure 

3-10A). Total aspartate abundance increased by 33-, 44-, and 70-fold as glutamine increased from 

0 mM to 1, 2, and 5 mM, respectively (p=0.0003, <0.0001; Figure 3-10B). Isotopic distribution 

analysis from 5-¹³C-glutamine revealed a progressive increase in labeled carbon incorporation into 

UDP-GlcNAc, with enrichment increasing by 7%, 9%, and 16% at 1, 2, and 5 mM glutamine, 

respectively (Figure 3-10C). In parallel, total UDP-GlcNAc abundance increased by around 50% 

as glutamine concentration increased from 0 to 2 or 5 mM glutamine (p=0.0276, and 0.0070, 

respectively; Figure 3-10D), with no differences observed between 2 and 5 mM glutamine. 

Collectively, these data suggest that glutamine enhanced UDP-GlcNAc synthesis through 

increased aspartate availability.  

 

3.3.8 Glutamine altered fatty acid content and enhanced one-carbon metabolism.  

Finally, I observed that the total abundance of poly unsaturated fatty acids (PUFA) 

eicosapentaenoic acid (EPA) and icosatrienoic acid decreased with increasing glutamine 

concentration. EPA abundance decreased by 70% for HCAEC in 1 mM glutamine as compared to 

0 mM glutamine (p<0.0001, Figure 3-11A) and decreased an additional 12% for HCAEC in 5 mM 

glutamine (p=0.0101). Similarly, icosatrienoic acid abundance decreased by 48% for HCAEC in 

1 mM glutamine as compared to 0 mM glutamine (p=0.0034, Figure 3-11A), with no additional 

decrease at higher glutamine concentrations.   

I also observed significant alterations in metabolites associated with one-carbon (1C) 

metabolism, a process that supports purine biosynthesis, DNA and protein methylation, and redox 

homeostasis among others181. In the folate cycle, which supports one-carbon metabolism, the 

biologically active form of folate (tetrahydrofolate, THF) and its reduced form (5-methyl-THF) 
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serve as carriers for 1C units. New 1C units enter the folate cycle from the amino acids serine, 

glycine, and histidine among others. In our LC-MS data, increasing glutamine concentration from 

0 to 2 mM decreased total folate abundance by 25% (p=0.0078), while increasing glutamine 

concentration from 0 to 5 mM decreased total folate abundance by 60% (p=0.0001, Figure 3-11B). 

Similarly, increasing glutamine concentration from 0 to 1, 2, or 5 mM decreased total histidine 

abundance by 51%, 61%, or 77% (p<0.0001 for all). Both glycine and serine showed smaller 

changes with increasing glutamine, with glycine 38% lower at 5 mM glutamine compared to 1 

mM glutamine (p=0.01870). These data suggest that glutamine enhances 1C metabolism, perhaps 

to support endothelial cell proliferation. 

 

3.4 Discussion: 

Glutamine supplementation shows potential both in vitro and in vivo to preserve 

endothelial function under diverse stress conditions. However, how extracellular glutamine 

availability reprograms the endothelial cell metabolic network remains poorly defined. In this 

study, I systematically examined the metabolic fate of glutamine in human coronary artery 

endothelial cells over increasing concentrations (0 to 10 mM). I showed that endothelial cells 

continue to increase glutamine uptake as extracellular glutamine concentration increases, but 

glutamate secretion and oxidative respiration saturate above 2 mM glutamine, suggesting a limited 

capacity for glutaminolysis. Glutamine’s carbons primarily enter the forward TCA cycle, with 

minimal contribution to reverse carboxylation, and support glutathione and non-essential amino 

acid synthesis. Although total TCA metabolite abundance increased with extracellular glutamine, 

succinate, PUFAs, and 1C metabolite levels declined. Together, these findings indicate that while  
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Figure 3-9: Glutathione and proline were enriched with glutamine-derived carbons. HCAECs were 

cultured with 0, 1, 2, or 5 mM 1-13C- or 5-13C-glutamine for 24 hours, after which cells were collected, and 

the isotope distribution and total abundance of metabolites were determined using LC-MS. (A-E) Glutathione, 

proline, ornithine, citrulline, and arginine isotope labeled fractions. n= 6 biological replicates. Quantification 

of total abundance of (F-J) proline, glutathione, ornithine, citrulline, and arginine. n=6 biologic replicates for 

1,2,and 5 mM glutamine and n=3 biologic replicates for 0 mM glutamine. Data were analyzed using ordinary 

one-way ANOVA with a Tukey post-hoc multiple comparisons test.  
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endothelial cells take up more glutamine when it is available, excess glutamine is stored 

rather than metabolized. The presence of glutamine, but not its excess, sustains the TCA cycle, 

amino acid synthesis, redox balance, and 1C metabolism flux.  

In both normal and high glucose conditions, glutamine uptake and intracellular glutamine 

increased with extracellular glutamine concentration. While others have shown that increasing 

extracellular glutamine from 0 to 2 mM increased intracellular glutamine, for example in bovine 

 

Figure 3-10: Glutamine derived aspartate contributed carbons to UDP-GlcNAc. Schematic of 

glutamine-derived aspartate incorporation into UDP-GlcNAc. Isotope enrichment from 5-13C-

glutamine into (A) aspartate, and (C) UDP-GlcNac. n=3 biological replicates. Quantification of total 

abundance of (B) aspartate, and (D) UDP-GlcNAc. n=6 biologic replicates for 1, 2, and 5 mM 

glutamine and n=3 biologic replicates for 0 mM glutamine. Data were analyzed using ordinary one-

way ANOVA with a Tukey post-hoc multiple comparisons test.  
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venular endothelial cells 161 and in human diploid fibroblasts189 , our study is the first to our 

knowledge to examine the extremely high glutamine concentrations often used in in vitro cell 

culture. Excess glutamine uptake would come at a cost to the endothelial cell, given that the 

primary glutamine importer ASCT2 (SLC1A5) imports sodium and exports a neutral amino acid 

(e.g., serine, threonine). Glutamine uptake would increase energy use, since the cell must use the 

Na⁺/K⁺ ATPase to maintain the sodium gradient. This excess energy likely comes from oxidative 

respiration, since I did not observe an increase in glycolysis. The net export of amino acids by 

ASCT2 would also need to be countered by amino acid import from system A and N transporters 

(SNAT1-5). It remains unclear why the endothelial cells take up excess glutamine.  

In contrast, intracellular glutamate and glutamate secretion plateaued above 2 mM 

glutamine. Intracellular glutamate saturation may occur due to limitations in its production, while 

extracellular glutamate saturation may occur due to limitations in its export. Glutamine is 

metabolized to glutamate by GLS-1. I measured an increase in GLS-1 as glutamine increased from 

0 to 0.5 mM but no further increase up to 2 mM glutamine.  Furthermore, intracellular glutamate 

binds to and reduces GLS-1 activity 190. Thus, GLS-1 availability and activity may limit glutamine 

conversion to glutamate despite continued glutamine uptake. The observed extracellular glutamate 

plateau may reflect limits in amino acid exchange. Glutamate export is functionally coupled to 

cystine uptake through the cystine–glutamate antiporter xCT. In human diploid fibroblasts, 

extracellular glutamate increased with extracellular cystine, indicating that extracellular cystine is 

essential for glutamate efflux 189. Therefore, glutamine-derived intracellular glutamate could be 

exported in exchange for extracellular cystine up to the point at which cystine availability becomes 

limiting. These data suggest that glutamine supplementation alone may not be sufficient to fully  
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Figure 3-11:Glutamine decreased fatty acids and enhanced one-carbon metabolism. HCAECs 

were treated with 0, 1, 2, and 5 mM 1-13C- or 5-13C-glutamine for 24 hours, after which cells were 

collected, and the total metabolite abundance was determined using LC-MS. Total abundance for (A) 

eicosapentaenoic acid (EPA) and icosatrienoic acid and (B) one carbon metabolites (folate, histidine, 

serine, glycine). n=6 samples for 1, 2, and 5 mM glutamine and n=3 samples for 0 mM glutamine. 

Data were analyzed using ordinary one-way ANOVA with a Tukey post-hoc multiple comparisons 

test.  
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 exploit the protective effects of glutamine, including enhanced antioxidant capacity and 

inflammation reduction 85,191–193. Increasing GLS-1 expression or activity or promoting glutamate  

efflux through increased extracellular cystine may be required. 

Our data confirm work by others showing that glutamine is a major mitochondrial substrate 

for endothelial cells, primarily in the forward TCA cycle but also in reductive carboxylation 77,171. I 

measured lower glutamine reductive carboxylation than in other studies (5% vs. 13%) 77,171. This 

difference could relate to variations in experimental conditions, including cell type (HUVEC vs. 

HCAEC) and culture conditions, specifically nutrient and oxygen availability. For example, in the 

A549 cell line cultured with glutamine conditions for 24 hours, reductive carboxylation increased 

from around 10% to 80% in hypoxia 194.  I also observed higher non-mitochondrial oxygen 

consumption with glutamine, which could indicate increased NOX activity 195. I previously 

showed that glutamine increases HAEC NADPH production, providing more substrate for NOX 

191 . Additionally, in rat neutrophils, 2 mM glutamine increased NOX activity by 74% 196. Together, 

our data confirm that glutamine contributes carbons to the forward and reverse TCA cycle and 

increases non-mitochondrial oxygen consumption, likely through increased NADPH production 

and NOX activity.    

In contrast to other TCA metabolites, which increased with extracellular glutamine, 

succinate decreased as glutamine concentration rose. I measured a large unlabeled intracellular 

succinate pool in our HCAEC, which is consistent with studies in HUVEC and iPSC-derived brain 

microvascular endothelial cells 73,197. The large succinate pool suggests incomplete mitochondrial 

oxidation in endothelial cells, perhaps due to adequate energy production from glycolysis or a need 

to reduce oxidative stress generation from succinate oxidation 198. In HepG2 cells, glutamine 

deprivation promoted deSUMOylation of succinate dehydrogenase substrate A (SDHA), 
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impairing SDH assembly and activity188. Consistent with this, our data showed that glutamine 

enhanced SDH activity, which likely increased succinate consumption and reduced the 

intracellular succinate pool. Intracellularly, succinate stabilizes HIF-1α and alters DNA and 

histone methylation, while extracellularly succinate activates SUCNR1 (GPR91) on endothelial 

and immune cells to promote angiogenesis and inflammation 199. Indeed, elevated succinate has 

been linked to cardiometabolic disease 200,201. I did not observe increased media succinate with 

glutamine, suggesting that glutamine does not reduce intracellular succinate via succinate release. 

However, glutamine could blunt succinate-induced inflammatory responses by reducing the 

intracellular succinate pool.  

I and others demonstrated that glutamine reduces intracellular oxidative stress through 

glutathione (GSH) synthesis 133,191. However, increasing glutamine above 1 mM did not further 

increase GSH concentration. The first step of GSH synthesis, in which glutamate and cysteine are 

combined in a reaction catalyzed by glutamate cysteine ligase (GCL), is rate-limiting and may 

explain the plateau in GSH production 153 . The glutamate concentration at which this reaction rate 

is half of its maximum velocity (Km) is 1.8 mM, which is much lower than the estimated 

intracellular glutamate concentration (~21 mM in fibroblasts). Thus GCL is likely already 

saturated with glutamate, so additional glutamine-derived glutamate would not increase GSH 

production 189. Furthermore, GSH itself binds to the glutamate site on GCL to inhibit its activity 

(Ki=2.3 mM), meaning that high GSH can also reduce GSH production 202. Thus, high extracellular 

glutamine alone is not sufficient to increase endothelial GSH.  

I also observed proline enrichment from glutamine-derived carbon, which aligns with 

endothelial ¹³C-glutamine tracing by others77 . Glutamate is converted to 1-pyrroline-5-carboxylate 

(P5C) and then reduced to proline via a reversible metabolic cycle. Proline is critical for synthesis 
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of collagen, an essential component of the vascular basement membrane and extracellular matrix 

203. ¹⁴C-proline added to calf aortic endothelial cells resulted in 10% hydroxy-¹⁴C-proline in 

collagen isolated from the culture medium 204. Enhanced collagen synthesis capacity with 

glutamine could support vessel integrity and remodeling, as well as vessel stiffening in aging and 

disease. Proline can also be converted back to glutamate to support mitochondrial metabolism and 

redox balance. In this way, proline both in the extracellular matrix and inside the cells could serve 

as a carbon and redox reservoir.  

Ornithine cycle metabolites were not labeled with glutamine-derived carbons, but both 

citrulline and arginine decreased in abundance with extracellular glutamine. Ornithine 

aminotransferase (OAT) catalyzes the reversible reaction between P5C and ornithine. Given the 

lack of 13C labelled ornithine, this reaction appears to be primarily in the direction of P5C 

production from ornithine in our endothelial cells. Reduction of citrulline and arginine abundance 

can be explained by inhibited citrulline transport and reduced citrulline to arginine conversion. In 

bovine endothelial cells, extracellular glutamine reduced intracellular citrulline by inhibiting 

citrulline transport, likely because they share some of the same neutral amino acid transporters 205. 

Furthermore, 2 mM glutamine inhibited arginine production from citrulline via argininosuccinate 

in bovine aortic endothelial cells 163. Some studies also suggest that cultured endothelial cells do 

not have detectable carbamoyl-phosphate synthase I (CPS-I) activity, which is essential to 

transform ornithine into arginine 87.The decreased arginine with increasing glutamine may lead to 

decreased substrate availability for NO synthesis and impaired NO bioavailability. Thus, 

glutamine supplementation must be carefully titrated to maintain the endothelial cell arginine pool.     

The observed increase in UDP-GlcNAc abundance and isotopic enrichment from 5-13C-

glutamine shows that glutamine and its carbons contribute to the endothelial cell HBP. Glutamine 
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provides a nitrogen to convert fructose-6-phosphate into glucosamine-6-phosphate early in the 

HBP 172, and glutamine abundance correlates with UDP-GlcNAc synthesis206 . However, UDP-

GlcNAc synthesis integrates many metabolic inputs, one of which is uridine supplied by 

pyrimidine nucleotide metabolism 181. I observed increased aspartate total abundance and 

glutamine-derived isotopic enrichment, suggesting that glutamine-derived aspartate contributes to 

UDP-GlcNAc formation207. 
Increased endothelial UDP-GlcNAc can lead to eNOS O-

GlcNAcylation reduced NO availability 90,138,160–162.  

Increased extracellular glutamine decreased the long-chain polyunsaturated fatty acids 

(PUFAs) EPA and eicosatrienoic acid, which incorporate into cell membrane phospholipids to 

increase membrane fluidity. As the ω3 PUFA concentration increased for cultured HUVEC, 

polyunsaturated to saturated membrane fatty acid ratio increased by 33%, confirming PUFA 

incorporation into endothelial cell membranes 208. Decreased PUFA quantity could relate to 

increased consumption or decreased uptake or liberation from membrane. PUFAs can be used for 

energy generation; however, this usually occurs compensatorily when other TCA metabolites such 

as glutamine are low 209. PUFAs can be precursors for eicosanoids (e.g., prostaglandins, 

thromboxanes), which are essential vascular signaling molecules. Decreased PUFA quantity with 

glutamine could relate to increased eicosanoid synthesis. While additional experimental data are 

needed to determine the mechanism by which PUFA content decreased, as well as its effect on 

endothelial cell function, decreased endothelial PUFA content could reduce cell membrane fluidity 

and be detrimental for vascular health168. 

Finally, increasing glutamine decrease folate and histidine abundance, suggesting 

increased 1C metabolism flux. 1C metabolism is essential for nucleotide and amino acid 

biosynthesis, methylation reactions, and redox balance 181 . In the 1C pathway, folate serves as the 
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central carrier by accepting and transferring single-carbon units. Histidine and serine contribute 

1C units to folate in the cytosol, while serine and glycine contribute 1C units to folate in 

mitochondria 181 . The increased 1C metabolism flux could relate to glutamine-induced enhanced 

cell proliferation via nucleotide synthesis 85 or to enhanced antioxidants 85,191. Indeed, glutamine-

derived aspartate activated mTORC1 signaling in HUVEC and human breast tumor endothelial 

cells, which then led to overexpression of 1C metabolism enzymes 210. Additional experiments 

would be required to investigate this mechanism.   

3.5 Limitations: 

While our study shows the impact of glutamine on endothelial cells in culture, it is not without 

limitations. I treated endothelial cells near confluence, when endothelial cells are predominantly 

quiescent; however, I did not directly control and assess cell cycle phase. Because metabolic fluxes 

and isotopic labeling patterns differ between proliferating and quiescent endothelial cells 207, it 

would be interesting to compare glutamine metabolism across defined cell cycle states. In addition, 

while stable isotope tracing provided insight into glutamine carbon use in the forward and reverse 

TCA cycle, the use of single-position ¹³C tracers limited our ability to resolve all possible carbon 

and nitrogen entry routes into downstream pathways. Finally, our analyses were performed at 

isotopic steady state following 24 hour incubations and therefore reflect net metabolic outcomes 

rather than dynamic flux changes. Dynamic tracing experiments would be useful to capture 

transient metabolic reprogramming with glutamine availability. 
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3.6. Conclusion: 

In summary, our work expands upon prior studies to define how increasing extracellular 

glutamine reprograms endothelial metabolism across a higher than physiological range, including 

concentrations commonly used in cell culture media. Using functional and isotope assisted 

metabolomics, I show that endothelial cells increase glutamine uptake with increased availability, 

while glutamate secretion and glutaminolysis saturated above 2 mM glutamine. Glutamine 

increased most TCA cycle metabolites, glutathione, proline, aspartate, and UDP-GlcNAc, while 

reducing succinate, citrulline, arginine, PUFAs, folate, and histidine. Together, these findings 

highlight glutamine as a metabolic regulator that supports the endothelial TCA cycle, endothelial 

redox homeostasis, reduced inflammation, vascular stability, and proliferation; however, 

glutamine also could reduce endothelial NO and stiffen cell membranes. Thus, glutamine 

supplementation should be used in moderation, with a full understanding of its widespread effects.  

 

 

 

 

 

 

 

 

 

 

 



 

95 

 

 

Chapter 4: Impact of diabetes on red blood cells and their interaction 

with endothelial cells via extracellular  vesicles.  

 

4.1 Introduction 

Diabetes increases oxidative stress 211, with diabetic subjects showing elevated oxidative 

damage to serum lipids and proteins 212. While research into the effects of diabetic oxidative stress 

mainly focuses on vascular and immune cells, red blood cells (RBCs) have emerged as active 

regulators of vascular homeostasis 67,122,213. Beyond their role as oxygen carriers, RBCs influence 

endothelial signaling through ATP release and regulation of nitric oxide (NO) bioavailability 

47,67,122. In diabetes, RBCs undergo significant pathological alterations, including increased 

oxidative stress, increased adhesiveness to the endothelium, and impaired deformability, which all 

together increase the risk of cardiovascular disease 214,215. 

Under normal physiological conditions, RBCs generate reactive oxygen species (ROS) 

through non-enzymatic mechanisms such as hemoglobin auto-oxidation and enzymatic reactions 

like NADPH oxidase (NOX) 216,217. In diabetes, increased intracellular glucose 

accelerates glycation of hemoglobin and other RBC proteins, increasing hemoglobin redox 

instability, altering membrane or cytosolic enzyme activities, and increasing the probability of 

heme/iron liberation and oxidative stress 213. Additionally, hyperglycemia can directly increase 

ROS through the formation of advanced glycation end-products (AGEs). It has been shown that 

diabetic patients have higher AGE levels in their serum compared to non-diabetic controls 218. 

Once AGE binds to its receptor, RAGE, it activates NOX, leading to further ROS production 219. 
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Thus diabetes alters enzyme activity and pro-oxidant signaling that can increase net ROS 

production, with clinical and ex vivo type 2 diabetes studies directly showing elevated RBC ROS 

and redox-mediated vascular effects 67,213,214.  

RBCs possess a robust antioxidant defense system, including superoxide dismutase (SOD), 

catalase, and glutathione (GSH), which help maintain redox homeostasis217. However, in diabetes, 

the balance between ROS generation and scavenging by the antioxidant system is perturbed. In 

chronic hyperglycemia, glucose and its alpha-hydroxy aldehydes undergo auto-oxidation, leading 

to the generation of methylglyoxal, glyoxal, and 3-deoxyglucosone. These can glycate proteins 

such as SOD, resulting in its inactivation and impairment of the oxidative defense system 220. 

Additionally, a significant reduction in GSH in diabetic patients has been reported 221. GSH is a 

tripeptide composed of glutamate, cysteine, and glycine and represents one of the most abundant 

intracellular antioxidants. GSH serves as a critical reducing equivalent for enzymes such as 

glutathione peroxidase and glutaredoxin, and its regeneration from its oxidized form (GSSG) by 

glutathione reductase requires NADPH. Hyperglycemia also reduces NADPH availability for 

GSH regeneration through increased glucose flux into the polyol pathway, which consumes 

NADPH 220. Thus, hyperglycemia in diabetes induces RBC oxidative stress by impairing 

antioxidant defense, contributing to the development of vascular complications. 

One strategy to increase RBC GSH is to incubate RBC with extracellular glutamine. 

Glutamate is a major building block of GSH; however, the RBC membrane is impermeable to 

glutamate 222,223. Consequently, RBCs must take up glutamine, which is then converted 

intracellularly to glutamate via glutaminase-1 (GLS-1). Reduced serum glutamine has been 

reported in diabetic subjects, which may impair RBCs ability to maintain GSH 129. In sickle cell 

disease, oral L-glutamine supplementation is an FDA approved therapy that is hypothesized to 
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reduce oxidative stress by increasing intracellular NADPH and GSH regeneration 111,224. However, 

whether such supplementation can restore antioxidant capacity in diabetic RBCs remains 

uncertain.  

RBCs communicate with other cells in the vascular wall through extracellular vesicles 

(RBC-EVs) 67,225. RBCs shed EVs under shear stress and oxidative conditions, and RBC-EVs carry 

bioactive cargo such as hemoglobin, heme, and pro-oxidant enzymes like arginase-1 that can be 

taken up by endothelial cells 46,67,69. In diabetes, both the quantity and cargo of these EVs may be 

altered. A recent study suggests that RBC-EVs from diabetic subjects are internalized more by 

endothelial cells, where they induce ROS production and impair vascular relaxation by transferring 

arginase-1. However, in this study, RBC-EVs were generated through storage, which is not 

physiological 67. There are multiple ways to generate EVs from RBCs in vitro, including storage, 

calcium ionophore treatment, and mechanical stimulation 46. While storage derived EVs are often 

pathogenic, the impact of EVs generated under physiological shear stress remains less understood 

46. In this study, I determined the impact of RBC-EVs generated via a more physiologically 

relevant method (mechanical stimulation) on endothelial cell function in vitro. 

In this chapter, I studied how glutamine supplementation impacted RBCs from non-

diabetic and diabetic subjects. I also generated RBC-EVs from diabetic and non-diabetic subjects 

by stimulating the mechanosensitive ion channel Piezo1 and determined their internalization and 

impact on endothelial cell function. I hypothesized that RBC glutamine supplementation would 

increase their antioxidant defense via increased GSH synthesis. I further hypothesized that RBC-

EVs from diabetic subjects would carry more pro-oxidant and pro-inflammatory molecules 

compared to RBC-EVs from non-diabetic subjects, leading to increased endothelial cell 

inflammation and oxidative stress. 
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4.2 Methods 

 

4.2.1 Red blood cell isolation 

Blood was collected from human subjects under protocols approved by the University of 

Maryland, Baltimore (UMB) Institutional Review Board (IRB) (IRB#: HP-00107788, and 

1385293-7). All participants provided written informed consent prior to enrollment. Venous blood 

was collected from diabetic and non-diabetic men and women between 18 and 88 years of age. 

Participants were excluded if they had severe anemia (hemoglobin < 8 g/dL), blood dyscrasias, 

end-stage renal disease, cirrhosis, splenomegaly, active tobacco or nicotine use, body weight < 

110 lbs, body mass index (BMI) > 40 kg/m², pregnancy, illicit drug use, or alcohol abuse. Men 

and women were recruited irrespective of race or socioeconomic status (Table 1). Blood was 

collected into ethylenediaminetetraacetic acid (EDTA) tubes (BD), gently inverted 10 times to 

prevent coagulation, and placed on ice until red blood cell (RBC) isolation on the same day. To 

collect RBC, whole blood was centrifuged at 600 ×g for 5 minutes at room temperature. Plasma 

was collected and stored at −80°C until further use. The buffy coat was removed, and the packed 

RBCs were then washed three times with Hank’s Balanced Salt Solution (HBSS; MilliporeSigma, 

55037C). 

4.2.2 RBC-EV generation and isolation 

RBCs were resuspended at 18% hematocrit (Hct) in HBSS. RBC-EVs were generated by treating 

RBCs with 10 μM of the Piezo-1 agonist Yoda1 (Sigma-Aldrich, SML1558) in a humidified 5% 

CO₂ incubator at 37°C for 30 minutes, as previously described46. Cell debris was removed by 

sequential differential centrifugation at 600 ×g for 20 minutes, 1,500 ×g for 15 minutes, and 3,200 
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×g for 15 minutes at room temperature, followed by centrifugation at 10,000 ×g for 30 minutes at 

4°C. The resulting supernatant was passed through a 0.22 μm polyethersulfone syringe filter 

(Advangene, SD Filter-PES-0/22-30-S). The filtrate containing EV-rich HBSS was then 

ultracentrifuged at 100,000 ×g for 70 minutes. The final RBC-EV pellet was resuspended in 200 

μL HBSS, aliquoted, and stored at −80°C until use. 

4.2.3 RBC-EVs size and concentration 

Tunable resistive pulse sensing (TRPS) was used to quantify RBC-EV concentration and 

size distribution (50–330 nm) using a qNano Gold (Izon Science) equipped with NP100 nanopore 

membranes (Izon, NP100). The system was calibrated using CPC100 beads with a known mean 

diameter of 100 nm (Izon, CPC100). Prior to analysis, RBC-EV samples were filtered through 

0.22 μm Ultrafree-MC centrifugal filter unit (MilliporeSigma, UFC30GV) to remove large 

particles that could clog the nanopore. The TRPS voltage was set between 0.5–0.7 V to achieve a 

stable baseline current of approximately 130 nA. RBC-EVs were diluted 1:100 in measuring 

electrolyte (ME) solution (Izon, PK3). Particles were recorded when the root mean square (RMS) 

noise was below 10 pA and the particle rate was stable and linear. At least 500 particles were 

counted per sample at particle rates between 200–1,500 particles/min under applied pressures of 5 

or 10 mbar. 

4.2.4 Plasma and RBC intracellular metabolites  

A YSI 2950 Bioanalyzer (Yellow Springs Instruments, 527690) was used to measure 

glucose, lactate, glutamine, and glutamate concentrations in plasma and RBC samples. For 

intracellular RBC metabolite measurements, isolated RBCs were lysed by mixing with deionized 

(DI) water at a 1:1 ratio (e.g., 300 μL RBCs with 300 μL DI water) and vortexed to ensure complete 
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lysis. 150 μL of the lysate was then loaded into individual wells of a 96-well plate 

(CELLTREAT,229196) for analysis. Plasma samples from each participant were similarly loaded 

into individual wells of a 96-well plate. Metabolite concentrations in plasma and RBC lysates were 

quantified using the YSI bioanalyzer according to the manufacturer’s instructions. 

4.2.5 RBC reactive oxygen species (ROS) 

Intracellular ROS were measured using 5-(and-6)-chloromethyl-2′,7′-

dichlorodihydrofluorescein diacetate, acetyl ester (CM-H₂DCFDA; Invitrogen, C6827), a general 

ROS-sensitive fluorescent probe that becomes fluorescent upon intracellular oxidation. 

Fluorescence was quantified using a plate reader or by flow cytometry. Isolated RBCs from each 

participant were resuspended in HBSS at 0.02% Hct (plate reader) or 1% Hct (flow cytometry). 

CM-H₂DCFDA was added at a final concentration of 1 μM, and cells were incubated for 30 

minutes at 37°C. To assess antioxidant capacity, a subset of RBCs was pre-treated with 60 μM 

tert-butyl hydroperoxide (tBHP; Sigma-Aldrich, 458139) for 30 minutes at 37°C prior to addition 

of CM-H₂DCFDA. A positive control treated with 200 μM tBHP was included. Following 

incubation with CM-H₂DCFDA, RBCs were centrifuged at 600 ×g for 1 minute to remove excess 

dye, washed once with HBSS, and resuspended in an equal volume of HBSS.  

For plate reader measurements, 200 μL of each sample was transferred to a black 96-well 

plate (Greiner Bio-One, 655090). Fluorescence was measured using a Spark multimode plate 

reader (TECAN) at 492–495 nm excitation and 517–527 nm emission. After fluorescence 

measurement, RBCs were lysed using RIPA buffer (Thermo Fisher Scientific, 89901) to determine 

protein concentration by bicinchoninic acid (BCA) assay (Thermo Fisher Scientific, 23225). 

Fluorescence intensity was normalized to total protein concentration for each sample.  
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For flow cytometry measurements, samples were transferred to 5 mL round-bottom 

polystyrene FACS tubes (Corning, 352008) and analyzed using a FACSCelesta flow cytometer 

(BD Biosciences). FITC fluorescence was excited with the 488-nm blue laser and detected using 

a 530/30 band-pass filter. Samples were acquired at a medium flow rate (35 µL/min) using sheath 

fluid according to the manufacturer’s settings. To ensure single-cell analysis, RBCs were first 

identified based on FSC-A and SSC-A characteristics, and debris was excluded by gating the main 

RBC population. Doublets and aggregates were excluded using FSC-A vs FSC-H, and a gate was 

applied to include only linear events. For each condition, 10,000 single-cell events were collected. 

RBCs without CM-H2DCFDA and RBCs treated with 200 μM TBHP were included as background 

and positive controls, respectively. The mean fluorescence intensity (MFI) of the gated single RBC 

population in the FITC channel was calculated and used as a quantitative measure of intracellular 

ROS levels. 

4.2.6 RBC glutamine treatment 

Isolated RBCs were resuspended at 10% Hct in HBSS supplemented with 1% PS, 5.5 mM 

D-glucose, and 0, 2, 10, or 20 mM glutamine. Cells were incubated at 37°C in a humidified 5% 

CO₂ incubator for 1 or 2 days. Following incubation, RBCs were diluted to 1% Hct for ROS and 

GSH measurements or lysed for YSI analysis as described. To determine the impact of glutamine 

on nicotinamide adenine dinucleotide phosphate (NADPH) oxidase (NOX) activity, RBCs were 

treated with diphenyleneiodonium chloride (DPI). DPI inhibits NOX by reacting with its flavin 

and heme prosthetic groups, forming stable adducts 226. RBCs were incubated with 10 μM DPI for 

1 hour at 37°C in a 5% CO₂ incubator.  
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4.2.7 Total glutathione analysis 

RBCs were incubated with 0 or 2 mM glutamine, with or without 250 µM glycine and 25 

µM L-cysteine hydrochloride monohydrate (Sigma-Aldrich, 30129), on an orbital shaker plate at 

37°C in a humidified 5% CO₂ incubator for 24 hours. Total glutathione was measured using the 

GSH-GSSG Glo assay (Promega, V6612) according to the manufacturer’s protocol for cells in 

suspension. Briefly, RBCs at 1% Hct were loaded into a white-bottom 96-well polystyrene plate 

(Sigma-Aldrich, CLS3917) and lysed for 5 minutes at room temperature. Following lysis, 

luciferin-NT substrate, glutathione S-transferase, and luciferin generation reagent were added, and 

samples were incubated for 30 minutes at room temperature. Luciferin detection reagent was then 

added, and samples were incubated for an additional 15 minutes before luminescence was 

measured using a Spark multimode plate reader. Glutathione concentration was determined using 

a standard curve generated according to the manufacturer’s instructions. 

4.2.8 Endothelial cell culture 

Primary human coronary artery endothelial cells (HCAECs; passages 5–9) were purchased 

from Lifeline Cell Technology. HCAECs were cultured in Endothelial Growth Medium-2 (EGM-

2; Lonza) supplemented with 1% penicillin-streptomycin (PS; ThermoFisher, 15140163), 10% 

fetal bovine serum (FBS; Cytiva, SH30088), and 1% glutamine (Fisher Scientific, 25-030-081) 

until approximately 90% confluent. HCAEC were rinsed with phosphate-buffered saline (PBS; 

Thermo Fisher Scientific, 70011069), and then 1×10¹⁰ RBC-EVs particles/mL in EBM-2 

supplemented with 1% PS were added to the HCAEC monolayer and incubated for 24 hours at 

37°C in a humidified 5% CO₂ incubator. To confirm that observed changes in HCAECs were due 

to RBC-EVs and not RBC-EV contents released into the extracellular media, 1×10¹⁰ RBC-EVs 

were incubated in EBM-2 supplemented with 1% PS for 24 hours at 37°C in a 5% CO₂ incubator. 
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The RBC-EV conditioned media (EV-CM) was then collected after ultracentrifugation at 100,000 

× g to remove intact RBC-EVs. 

4.2.9 Western blot 

Western blot was used to detect EV-specific markers in isolated RBC-EVs and to assess 

the impact of RBC-EVs on HCAEC protein expression. For RBC-EV lysate preparation, RBC-

EVs were adjusted to 2×10¹⁰ particles and brought to a final volume of 39 µL with PBS. Sample 

buffer (15 µL; Thermo Scientific, NP0008) and reducing agent (6 µL; Thermo Fisher Scientific, 

NP0009) were added, and samples were heated at 70°C for 5 minutes. Proteins were then loaded 

into each well of a Bolt™ 4–12% Bis-Tris gel (Thermo Fisher Scientific, NW04120BOX) and 

separated by SDS-PAGE. 

For endothelial cell lysate preparation, HCAECs were washed with PBS after 24 hours of 

incubation with RBC-EVs and lysed in RIPA buffer (Thermo Fisher Scientific, 89901) containing 

Halt protease and phosphatase inhibitor cocktail (Thermo Fisher Scientific, 78440) and EDTA. 

Lysates were centrifuged at 17,000 ×g for 15 minutes at 4°C to remove cellular debris. The 

supernatant was collected, and protein concentration was determined using a BCA assay. 3.5 µg 

protein was loaded into each well of a NuPAGE 4–12% Bis-Tris gel (Thermo Fisher Scientific, 

NP0323BOX) for separation by SDS-PAGE. 

Proteins were transferred to a polyvinylidene difluoride membrane (Thermo Fisher 

Scientific, IB34001X3) using an iBlot 3 (Thermo Fisher Scientific). Membranes were blocked in 

5% bovine serum albumin (BSA; Sigma-Aldrich, A7906) in tris-buffered saline (TBS; Fisher 

Scientific, BP24711) containing 0.5% Tween (TBS-T; Thermo Fisher Scientific, 85115) for 1 hour 

at room temperature. Blots were incubated overnight at 4°C with primary antibodies diluted in 1% 

BSA in TBS-T. Primary antibodies included ALIX (Santa Cruz Biotechnology, sc-53538), 
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TSG101 (Santa Cruz Biotechnology, sc-7964), CD9 (Santa Cruz Biotechnology, sc-13118), band3 

(Santa Cruz Biotechnology, sc-133190), hemoglobin-α (Santa Cruz Biotechnology, sc-514378), 

glutaminase-1 (Abcam, EP7212), HO-1 (Cell Signaling, 43966), GAPDH (Cell Signaling, 14C10), 

and β-Actin (Santa Cruz Biotechnology, sc-47778). Membranes were washed with TBS-T and 

incubated with appropriate anti-rabbit (Promega, W4011) or anti-mouse (Promega, W4021) 

secondary antibodies (1:2000) for 2 hours at room temperature. Protein bands were visualized 

using SuperSignal West Pico PLUS Chemiluminescent Substrate (Thermo Fisher Scientific, 

34578) and imaged with an Alpha Innotech FluorChem SP Digital Imaging System. Band intensity 

was quantified using Fiji ImageJ by measuring mean gray intensity. 

4.2.10 Viability 

Endothelial cell viability after RBC-EV treatment was assessed using ethidium homodimer (EthD-

1; ThermoFisher, E1169), which fluoresces red upon binding to DNA of permeabilized dead cells. 

Calcein AM (Thermo Fisher Scientific, C34852) was used as a live cell marker. Calcein AM is 

non-fluorescent and enters cells, where it generates green fluorescence following acetoxymethyl 

ester hydrolysis by intracellular esterases. After rinsing HCAECs with PBS, 5 µM EthD-1 and 10 

µM Calcein AM were added in EBM-2 media supplemented with 1% PS and incubated for 30 

minutes at room temperature. As a positive control for cell death, 50% methanol was added to 

selected wells for 10 minutes. Following washing with PBS, cells were imaged using a Revolve 

microscope (ECHO) at 20× magnification. Live (green) and dead (red) cells were quantified using 

ImageJ software. Percent viability was calculated as: 

Viability (%) =
Number of live cells

Total number of live + dead cells
× 100 

 



 

105 

 

4.2.11 HCAEC ROS Measurement 

HCAECs treated with RBC-EVs were rinsed once with PBS. 2 µM CM-H2DCFDA and 

Hoechst (ThermoFisher, 62249; 1:2000) were added in EBM-2 supplemented with 1% PS and 

incubated for 1 hour at 37°C to assess intracellular ROS and visualize nuclei, respectively. 0.5 mM 

tBHP was added to designated wells as a positive control and incubated for 1 hour prior to the 

addition of CM-H2DCFDA. After staining, cells were washed with PBS and imaged using a 

Revolve microscope (ECHO) at 20× magnification. Following rolling ball background subtraction, 

the mean fluorescence intensity of the green channel was quantified using ImageJ software and 

normalized to the number of nuclei for each treatment group. 

4.2.12 Leukocyte adhesion assay 

Leukocytes were used to assess HCAEC inflammation induced by RBC-EVs. Leukocytes 

were isolated from freshly drawn blood under IRB protocol 1385293-7 using Acrodisc WBC 

Syringe Filters (Cytiva, AP-4952). Isolated leukocytes were stained with Calcein AM (1:1000) in 

EGM-2 for 30 minutes at 37°C, washed, and resuspended at 2×10⁶ cells/mL in EGM-2. HCAECs 

were washed with PBS and incubated with 2×10⁶ leukocytes for 10 minutes at 37°C. After 

thorough washing to remove non-adherent cells, images were acquired using an ECHO Revolve 

microscope at 10× magnification. The number of adherent leukocytes was quantified using 

ImageJ. 

4.2.13 Statistical analysis 

GraphPad Prism 10 was used for all statistical analyses. When two independent groups 

were compared (e.g., non-diabetic vs diabetic), a Mann–Whitney non-parametric test was applied. 

Correlation analyses between intracellular metabolites and ROS measurements were assessed 
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using simple linear regression, and Pearson correlation coefficients (R) were reported. Outliers 

were identified using the ROUT method (Q = 5%) in GraphPad Prism and excluded from analysis 

when applicable. An ordinary two-way ANOVA was performed to assess the effects of group (ND 

vs DM) and treatment (−Gln vs +Gln), followed by Tukey’s post hoc test for multiple comparisons. 

The specific statistical test used for each dataset is indicated in the corresponding figure legend. 

All data are presented as mean ± standard deviation. Each data point represents an individual 

biological replicate (patient or independent experiment). Statistical significance was defined as p 

< 0.05. 

4.3 Results 

4.3.1 Study population characteristics.  

Characteristics of the diabetic and non-diabetic individuals participating in this study are 

shown in Table 4.1. Diabetic patients had higher glucose and HbA1c levels compared to non-

diabetic controls; however this difference didn’t reach statistical significance (p=0.1349, and 

p=0.1310, respectively). The non-diabetic subjects were on average over 15 years younger than 

the diabetic subjects (p<0.001).  Systolic and diastolic blood pressure, weight, BMI, HDL, 

triglycerides, LDL, and total cholesterol were not significantly different between the diabetic and 

non-diabetic subjects. 
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Table 4-1. Study subject characteristics 
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4.3.2 Intracellular glutamate was significantly lower in RBC from diabetic subjects.  

Plasma glutamine levels were reported to be lower in people with diabetes 129. Therefore, 

we measured glutamine and its metabolite, glutamate, in both plasma and RBCs from diabetic and 

non-diabetic subjects. Median plasma glutamine was approximately 0.6 mM in both groups, while 

the median plasma glutamate was 0.017 mM in non-diabetic and 0.025 mM in diabetic subjects 

(Figure 4-1A, B). Similarly, median RBC glutamine was not statistically significantly lower in 

diabetic (1.12 mM) as compared to non-diabetic (0.98 mM) subjects. However, median RBC 

glutamate in diabetic subjects (0.11 mM) was less than half that of non-diabetic subjects (0.25 

mM; p=0.0060; Figure 4-1E, F). Median glutamine and glutamate concentrations in RBCs were 

~1.5 times and 5 times higher, respectively, than in plasma (Figure 4-1I, J; p<0.0001). 

Glucose and lactate measurements in plasma and RBCs revealed that median plasma 

glucose was 32% higher and lactate was 77% higher in diabetic as compared to non-diabetic 

subjects (p=0.0041 and p=0.0114, respectively; Figure 4-1C, D). Similarly, median RBC glucose 

and lactate levels were 38% and 55% higher in diabetic as compared to non-diabetic subjects 

(p=0.0133 and p=0.0563, respectively; Figure 4-1G, H). In contrast to glutamine and glutamate, 

median RBC glucose and lactate concentrations were ~2 times lower than plasma concentrations 

(Figure 4-1K, L). Thus, RBC  glutamate was lower while RBC glucose was higher in diabetic 

RBC, and there were significant gradients between plasma and RBC metabolite concentrations. 

 

Value is expressed as mean ± SD. Statistics were analyzed using Mann Whitney nonparametric test and 

** is p<0.01 and *** is p<0.001. HbA1c, hemoglobin A1c; HDL, high density lipid; LDL, low density 

lipid.   
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4.3.3 Diabetic RBC had similar basal ROS but may have higher induced ROS than non-diabetic 

RBC.  

RBCs from diabetic subjects have been reported to have increased ROS 213. RBCs use 

glutamine-derived glutamate to synthesize glutathione (GSH) to reduce intracellular ROS106. 

Therefore, I measured ROS in RBCs at baseline and after treatment with tBHP, a cell-permeable 

oxidant, using both a plate reader and flow cytometry. I hypothesized that diabetic RBCs would 

have higher ROS due to reduced intracellular glutamate and, consequently, reduced antioxidant 

defense. 
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Figure 4-1 Intracellular glutamine and glutamate were significantly lower in RBC from diabetic 

subjects. Metabolite concentrations in plasma and RBC from diabetic and non-diabetic subjects were 

measured using a YSI bioanalyzer. Plasma: (A) glutamine, (B) glutamate, (C) glucose, and (D) lactate. 

n=7 for non-diabetic and 12 for diabetic subjects. RBC: (E) glutamine, (F) glutamate, (G) glucose, and 

(H) lactate. n=9 for non-diabetic and 22 for diabetic subjects. Plasma to RBC comparison for: (I) 

glutamine, (J) glutamate, (K) glucose, and (L) lactate. Data were analyzed using a Mann Whitney test 

after applying a ROUT (Q=1%) outlier test.  

No significant differences in basal ROS were observed between diabetic and non-diabetic 

RBCs (Figure 4-2A, G). Upon tBHP treatment, RBC ROS increased. While diabetic RBC did 

show more ROS than non-diabetic RBC when treated with tBHP, as measured by both a plate 

reader and flow cytometry, the data were highly variable and did not reach statistical significance 



 

111 

 

(Figure 4-2D, J). When I evaluated correlations between basal and tBHP-induced RBC ROS and 

intracellular glutamine and glutamate concentrations, there was a consistent negative correlation 

between ROS and intracellular glutamine and glutamate; however, these associations did not 

always reach statistical significance (Figure 4-2E, F, K, L). Together, these findings suggest that 

RBCs from diabetic patients may have reduced antioxidant capacity, which may correlate with 

intracellular glutamine and glutamate levels; however, more data or improved processes are 

needed to reduce sample variability. 

I then analyzed the impact of medications, including insulin (I), metformin (M), or GLP-1 

receptor agonists and/or SGLT2 inhibitors (G/S) on RBC ROS levels. With small samples sizes, 

few robust differences could be detected (Figure 4-3). However, the data suggest that RBC from 

subjects taking insulin may have higher ROS in basal and tBHP treated conditions. RBC from 

subjects taking metformin or GLP-1/SGLT2 did not demonstrate consistent differences in basal or 

tBHP-induced ROS compared to RBC from subjects who were not taking that medication. These 

exploratory analyses are hypothesis-generating and suggest that insulin therapy may be associated 

with higher RBC ROS. However, additional investigation is required to establish mechanism and 

causality. 
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Figure 4-2: Diabetic RBC had similar basal ROS but higher induced ROS than non-diabetic 

RBC. RBCs from diabetic and non-diabetic subjects were treated with H2DCFDA and ROS were 

measured with (A) plate reader or (G) flow cytometer. A subset of RBCs were treated with 60 µM 

tBHP for 30 minutes at 37ºC to increase oxidative stress. RBC were then treated with H2DCFDA and 

ROS were measured with (D) plate reader or (J) flow cytometer. Each point represents one subject. n = 

3-12 subjects. Data were analyzed using a Mann Whitney test after applying a ROUT (Q=1%) outlier 

test. Correlation between RBC ROS and intracellular glutamine (B, E, H, K) and glutamate (C, F, I, L). 

Simple regression analysis was used to determine R. p<0.05 only in B and F.  
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Figure 4-3: Insulin may increase ROS in diabetic RBC. RBC ROS data from Figure 4-2 were 

separated to analyze the impact of insulin (I), metformin (M), GLP-1 receptor agonists/SGLT2 

inhibitors (G/S), or no medications (0). A-D) Insulin; E-H) Metformin; I-L) GLP-1/SGLT2 Each point 

represents RBC from one subject. Data were analyzed using ordinary one-way ANOVA with a Tukey 

post-hoc multiple comparisons test.  

 

4.3.4 RBC took up extracellular glutamine, which increased tBHP-induced ROS at 1 day.  

Since diabetic RBCs have low glutamate and yet are impermeable to glutamate 227, I 

investigated how glutamine supplementation impacts RBC ROS in basal conditions and after tBHP 
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treatment. I hypothesized that glutamine supplementation would decrease RBC ROS, as more 

glutamine-derived glutamate would increase RBC GSH. When RBCs were incubated with 10 and 

20 mM glutamine for 24 hours, intracellular glutamine increased by more than 4 and 8 times, 

respectively, compared to 0 mM glutamine (p=0.0058 and p=0.006; Figure 4-4A). Glutamate also 

was 3 times higher at 2 mM glutamine compared to 0 mM glutamine (p=0.0152), while increasing 

glutamine to 10 and 20 mM did not further impact intracellular glutamate (Figure 4-4B). RBC 

lactate and glucose did not change with increasing extracellular glutamine concentration (Figure 

4-4C, D). 

I then incubated RBCs from diabetic and non-diabetic subjects with 0 or 10 mM glutamine 

for 1 or 3 days and measured ROS. I did not detect any changes in basal ROS (Figure 4-4E, G). 

When RBC were also treated with tBHP, 1 day of 10 mM glutamine treatment increased RBC 

oxidative stress (Figure 4-4F). 3 days of 10 mM glutamine decreased ROS in RBCs from diabetic 

subjects but not in RBCs from non-diabetic subjects (Figure 4-4H). When I measured RBC 

intracellular GSH, I did not observe any change in GSH for RBC treated with 2 mM glutamine as 

compared to 0 mM glutamine (Figure 4-5A). Even when RBC were supplemented with the other 

two building blocks of GSH, cysteine and glycine, which may be required to increase RBC GSH 

synthesis 111, I still did not detect an increase in RBC intracellular GSH (Figure 4-5B). 

These data suggest that although glutamine is transported into RBCs and significantly 

increases intracellular glutamate levels, GSH did not increase and oxidative stress increased.  
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Figure 4-4: RBC glutamine uptake increased as media glutamine increased; glutamine treatment 

increased tBHP-induced ROS in 1 day and decreased it at 3 days. RBCs were incubated with 0-20 

mM glutamine for 24 hours, lysed, and intracellular metabolites were measured using a YSI 

Bioanalyzer. A) glutamine, B) glutamate, C) glucose, and D) lactate. Data were analyzed using 

ordinary one-way ANOVA with a Tukey post-hoc multiple comparisons test. RBCs from diabetic and 

non-diabetic subjects were treated with 10 mM glutamine for 1 day (E, F) or 3 days (G, H). A subset of 

cells were treated with 60 µM tBHP for 30 minutes, and ROS was measured using a flow cytometer. 

n=5-7 patients. Each point represents RBC from an individual subject. Purple and blue thick lines 

represent mean for ND and DM, respectively. Data were analyzed using ordinary two-way ANOVA 

with a Tukey post-hoc multiple comparisons test. 
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4.3.5 NOX inhibition reduced ROS in RBCs.  

 Since RBC ROS increased with glutamine, I investigated how glutamine increases ROS 

in RBCs via NOX 216. I hypothesized that glutamine elevates ROS by enhancing NADPH 

availability, thereby increasing NOX activity. The NOX inhibitor DPI decreased RBC ROS by 9-

23% across all glutamine conditions (p=0.0045), with no significant interaction between glutamine 

and DPI (Figure 4-6). Thus, NOX is unlikely to be the source of the increased RBC ROS with 

glutamine.  

 

Figure 4-5: Glutamine treatment did not increase RBC GSH even with addition of glycine and 

cysteine. RBCs were treated with glutamine for 24 hours, lysed, and intracellular GSH was measured 

using the GSH-Glo assay. In some cases, RBCs were also treated with glycine (250 µM) and cysteine 

(25 µM). RBC GSH for A) glutamine treatment (n=3 biological replicates) and B) glutamine, glycine, 

and cysteine treatment (n=2 biological replicates). 
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Figure 4-6: NOX inhibition reduced basal ROS 

in RBCs. RBCs were treated with 0, 1, and 10 

mM glutamine with 0 or 10 µM DPI (NOX 

inhibitor) for 24 hours, labelled with H2DCFDA, 

and ROS was measured using a flow cytometer. 

n=3 biological replicate. Data was analyzed using 

ordinary two-way ANOVA with Tukey post-hoc 

multiple comparisons test.  

4.3.6 Piezo1 stimulation of diabetic and non-diabetic RBCs yielded similar RBC-EVs.  

I next determined how diabetic RBCs could impact endothelial cells via extracellular 

vesicles (RBC-EVs). I generated RBC-EVs using yoda-1, a Piezo-1 channel activist, as has 

previously been shown in my laboratory 46. Using Western blot analysis, I detected EV-specific 

markers including ALIX, TSG101, and CD9 in both non-diabetic and diabetic RBC-EVs. β-actin, 

which should not be in EVs, was not detected (Figure 4-8A). RBC-EVs from both groups showed 

a size distribution ranging from 50 to 200 nm (Figure 4-8B). Although the total concentration and 

mean particle size of non-diabetic and diabetic RBC-EVs were similar at approximately 7×10¹² 

particles/mL and 109 nm, respectively (Figure 4-8C, D), diabetic RBC-EVs had a higher particle 

concentration from 60–120 nm diameter compared to non-diabetic RBC-EVs. 

 

4.3.7 HCAECs took up RBC-EVs, and neither ND-RBC-EV nor D-RBC-EV impacted cell 

viability.  

Next, I determined if RBC-EVs were taken up by HCAECs by analyzing Hb-α and band3 

protein within the HCAECs. HCAECs treated with 1×10¹⁰ RBC-EVs for 24 hours contained band3 

and Hb-α (Figure 4-9A), while untreated and EV conditioned media (EV-CM) treated HCAECs 
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did not (p=0.0079 and p=0.021 for band3 and Hb-α, respectively; Figure 4-9B, C). RBC-EV 

treatment did not impact HCAEC viability after 24 hours, with cell viability remaining around 

97% in both treated and untreated groups (Figure 4-9D, E). 

 

Figure 4-8: Piezo1 stimulation of non-diabetic and diabetic RBCs yielded similar EVs, as 

confirmed by EV specific markers and size distribution. RBCs from diabetic and non-diabetic 

patients were resuspended at 18% hematocrit and treated with 10 μM yoda-1 (piezo1 agonist) for 30 

minutes. The supernatant was then collected and EVs were isolated using ultracentrifugation. A) EV 

specific markers, detected via Western blot. B) representative RBC-EV concentration vs diameter 

measurement, C) RBC-EV concentration, and D) RBC-EV mean particle diameter, all measured by 

TRPS. n=7-10/ group 
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4.3.8 Neither non-diabetic nor diabetic RBC-EVs increased WBC adhesion to HCAECs. 

Finally, I determined how RBC-EVs affected HCAEC inflammation and ROS as 

functional readouts. After 24 hours of treatment with 1×10¹⁰ diabetic or non-diabetic RBC-EVs, 

there were no significant changes in the number of leukocytes adhered to the endothelium (Figure 

4-10A, B). Both diabetic and non-diabetic RBC-EVs decreased HCAEC oxidative stress by 

approximately 40% compared to untreated HCAECs; however, the difference did not reach 

statistical significance (Figure 4-11A, B). Together, these data suggest that RBC-EVs, regardless 

 

Figure 4-9: HCAECs took up RBC-EVs, and neither non-diabetic nor diabetic RBC-EV 

impacted cell viability. HCAECs were treated with 1010 EVs (+EVs), without EVs (-EVs), and with 

EV conditioned media (EV-CM) for 24 hours. HCAEC were lysed and intracellular proteins analyzed 

by Western blot, or cell viability was measured using Calcein-AM and Eth-1 for live and dead cells, 

respectively. Viability was quantified as percent Calcein-AM positive cells (Live). A) Representative 

Western blots with B, C) quantification for band3, hemoglobin, and β-actin (loading control). n=3 

biological replicates D) Representative fluorescent microscopy images of live dead assay with E) 

viability quantification. n=4 subjects/group.  
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of whether they originate from diabetic or non-diabetic individuals, may decrease ROS levels in 

HCAECs. 

 

4.4 Discussion  

Prior studies suggested that RBCs from diabetic subjects had higher oxidative stress, and 

that their RBC-EVs cause more damage to endothelial cells. I therefore measured diabetic and 

non-diabetic RBC oxidative stress, with and without glutamine supplementation, as well as the 

impact of RBC-EVs on cultured endothelial cells. My data do not show increased oxidative stress 

in RBCs from diabetic subjects; however, the data suggest that RBCs from diabetic subjects have 

reduced antioxidant capacity. Diabetic RBCs had higher intracellular glucose and lactate but lower 

intracellular glutamate, despite no difference in plasma glutamate. RBCs overall maintained a 

large gradient between intra- and extra-cellular metabolite concentration. RBCs took up 

extracellular glutamine and produced glutamate with a plateau at 2 mM glutamine, but 

extracellular glutamate did not increase RBC GSH. Instead, extracellular glutamine may have 

increased RBC oxidative stress. Lastly, RBC‐EVs produced via piezo-1 stimulation were 

efficiently taken up by HCAECs, and both non-diabetic and diabetic RBC-EVs reduced 

endothelial ROS without triggering inflammation or cell death. These data show that glutamine 

supplementation alone in RBCs does not improve antioxidant defense system and other strategy 

for increasing GSH inside the RBCs may be required. Additionally, this data show that RBC-EVs 

generated via piezo1 stimulation may not cause endothelial cell dysfunction, unlike those 

generated by storage of RBCs. 

The diabetic subjects had higher blood glucose and HbA1c than the non-diabetic subjects, 

which is consistent with established diabetic glycemic criteria. However, the difference in blood 
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glucose and HbA1c was not as extreme as in other studies, showing that these diabetic subjects 

had relatively well controlled diabetes 213. The non-diabetic subjects were younger, which could 

be confounding as RBCs from older adults differ from RBCs from younger adults 228. However, 

since I did not observe worse function in the diabetic RBCs, the increased RBC age did not seem 

to affect the results, perhaps since RBC are regenerated every 120 days. Other cardiovascular risk 

factors that could impact RBC function (e.g., blood pressure, lipids, BMI) were statistically similar 

across the two groups.  Thus, the primary difference between the groups related to high glucose, 

and therefore any differences in diabetic RBC function can be interpreted principally as 

hyperglycemic effects. 

 

Figure 4-10: Neither D-RBC-EVs nor ND-RBC-EVs increased WBC adhesion to HCAECs. 

HCAECs were incubated with 1010 RBC-EVs from diabetic and non-diabetic patients for 24 hours. 

Leukocytes were isolated from fresh whole blood and stained with 2 µM Calcein AM (green) for 30 

minutes. HCAECs were then incubated with 2 million leukocytes for 10 minutes and imaged by 

fluorescent microscopy at 10X. The number of leukocytes adhered to the HCAECs was counted using 

ImageJ. A) Representative fluorescent microscopy images of leukocytes (green) adhered to HCAECs. 

B) Quantification of adhered leukocytes. n= 6 samples.   

 

 

RBC glutamate was lower in diabetic than non-diabetic subjects despite statistically similar 

plasma glutamate. RBCs do not have membrane transporters for negatively charged amino acids 

such as glutamate, and plasma glutamate enters RBC at <5% the rate of glutamate incorporation 
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into GSH. Instead, RBCs rely on internal synthesis of glutamate from glutamine 222,223. In contrast, 

plasma glucose and lactate followed the same trends as intracellular glucose and lactate, with them 

all being higher in the diabetic subjects. I also observed that plasma glucose and lactate were higher 

than intracellular glucose and lactate, while plasma glutamine and glutamate were lower than 

intracellular glutamine and glutamate. This observation can be explained by their transporters, as 

glucose is transported by GLUT1 which is a diffusive transporter and maintains gradient, while 

glutamine is transported by Na+ coupled transporters that can actively concentrate glutamine inside 

the cells.  

 

Basal ROS was statistically similar in diabetic and non-diabetic RBCs. This contrasts with 

previous studies that reported higher ROS in RBC from diabetic subjects or due to hyperglycemic 

culture 69,213,229. For example, ROS measured ex vivo using fluorescent probe was 39% higher in 

diabetic RBCs (n=12) compared to non-diabetic RBCs (n=9) 213. The difference between my 

results and the existing literature may be due to experimental conditions. Specifically, Turpin et 

 

Figure 4-10: Neither D-RBC-EVs nor ND-RBC-EVs increased WBC adhesion to HCAECs. 

HCAECs were incubated with 1010 RBC-EVs from diabetic and non-diabetic patients for 24 hours. 

Leukocytes were isolated from fresh whole blood and stained with 2 µM Calcein AM (green) for 30 

minutes. HCAECs were then incubated with 2 million leukocytes for 10 minutes and imaged by 

fluorescent microscopy at 10X. The number of leukocytes adhered to the HCAECs was counted using 

ImageJ. A) Representative fluorescent microscopy images of leukocytes (green) adhered to HCAECs. 

B) Quantification of adhered leukocytes. n= 6 samples.   
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al. reported a higher average HbA1c in their diabetic subjects (11± 2.6) than I measured in my 

experiment (7.63±2.28). They also incubated RBCs at 37°C for 5 days after isolation, which may 

have increased Hb-α oxidation leading to superoxide production 230. I measured ROS shortly after 

the blood draw. Additionally, RBCs in my experiments were isolated from plasma and maintained 

under controlled conditions that do not reflect the diabetic condition, like glucose fluctuation, 

increased inflammation or free lipids, which may further change the results. 

Diabetic RBCs challenged with oxidative stress (tBHP) showed a greater increase in ROS 

compared to non-diabetic RBCs. This finding is consistent with prior studies indicating impaired 

RBC antioxidant capacity in diabetes. Dincer et al. observed that RBCs from diabetic subjects that 

were exposed to H2O2 for 2 hours exhibited a greater reduction in GSH compared to RBCs from 

non-diabetic subjects, which may be due to the reduced ability of diabetic RBCs to regenerate 

GSH 221. Our diabetic RBCs may similarly have impaired GSH synthesis and regeneration, which 

would need to be measured in future work. Exposure to oxidative stress could result in elevated 

oxidative damage to diabetic RBCs, which in turn could impact vascular cells such as endothelial 

cells, thereby increasing the risk of cardiovascular complications in diabetic subjects. 

Insulin, metformin, and GLP-1 or SGLT2 medication groups did not show differences in 

baseline ROS. Followed by tBHP treatment, the insulin-treated group showed a greater increase 

in ROS compared to those not taking insulin in their medication. These observations should be 

interpreted cautiously and considered hypothesis-generating due to the limited sample size, the 

fact that most subjects were taking combinations of medications, and potential experimental 

variability. Notably, a higher increase in tBHP treated ROS in insulin-treated subjects was not 

observed in the experiment in which flow cytometry was used. The potential finding of reduced 

antioxidant capacity in the insulin-treated group compared to the non-insulin group aligns with 
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previous research indicating that insulin-dependent diabetic subjects have significant defects in 

their antioxidant defense systems. Maxwell et al. reported that subjects with insulin-dependent 

diabetes mellitus exhibited significantly reduced total serum antioxidant activity compared to non-

diabetic controls 231. Thus, we hypothesize that insulin treatment may be associated with reduced 

antioxidant capacity in RBCs of diabetic subjects; however, further research is required to confirm 

this finding and investigate the underlying mechanisms. 

RBC incubated with glutamine increased intracellular glutamine and glutamate but did not 

increase GSH or reduce oxidative stress. Glutamate increased only up to 2 mM glutamine, which 

is consistent with previous reports indicating that RBCs use glutamine as a precursor to glutamate 

222. The glutamate plateau at higher glutamine concentrations may be due to GLS-1 saturation or 

inhibition by glutamate. Glutamine alone may not have conferred antioxidant protection after 

tBHP treatment, as others have shown that co-treatment with glutamine, cysteine, and glycine was 

required to reduce RBC ROS after treatment with 50 µM H2O2 
111. However, glutamine 

supplementation has been shown to reduce oxidative stress in sickle cell disease. In a study by 

Sadaf et al., increasing oral glutamine from 0.1 g/kg to 0.6 g/kg over 3 weeks decreased ROS in 

reticulocytes (immature RBCs) but not in mature RBCs 224. The differences between our results 

and others may relate to mature RBCs vs reticulocytes, presence of other amino acids, or 

incubation times. 

RBC-EV generation via the piezo1 agonist yoda-1 yielding particles positive for canonical 

EV markers (ALIX, TSG101, CD9), consistent with a previous study from our laboratory 46. 

Diabetic and non-diabetic RBC-EVs were of similar size distribution and concentration. Other 

studies report varied impact of hyperglycemia and diabetes on RBC-EV concentration. A study 

comparing EVs isolated from diabetic and non-diabetic RBCs after 18 hours incubation at 37°C 
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reported significantly lower RBC-EV concentrations from diabetic subjects 67. Another study 

analyzing serum from diabetic and non-diabetic subjects reported increased plasma EVs, 

specifically RBC-EVs, in diabetic subjects 68. Similarly, in vitro incubation of RBCs in 45 and 100 

mM glucose led to increased RBC-EV release compared to RBCs in 5 mM glucose 69. These 

differences may be due to the RBC-EV production mechanisms, which vary from piezo1 

stimulation in my study to RBC storage, plasma isolation, and in vitro hyperglycemic conditions. 

My method of EV isolation is closer to physiological conditions, in which RBCs shed EVs in 

response to shear stress. To our knowledge, this is the first study isolating EVs from diabetic RBCs 

in a physiologically relevant manner.  

RBC-EVs were taken up by HCAECs and did not affect cell viability or leukocyte adhesion 

and actually decreased oxidative stress. Some studies have similarly shown that endothelial cells 

internalize RBC-EVs, even under flow conditions, 232 and that EV treatment did not reduce cell 

viability 67,232. However, other studies have shown that RBC-EVs can have pro-inflammatory 

effects. RBC-EVs carry cell-free Hb or heme, which acts as a ligand for toll like receptor 4 (TLR4). 

When heme binds to TLR4, endothelial cells express pro-inflammatory genes like IL-6, ICAM-1 

and VCAM-1 225. Collado et al. also reported that T2D RBC-EVs induced oxidative stress and 

impaired endothelial function through the transfer of arginase-1 67. RBC-EVs have been 

extensively investigated across other conditions, including pulmonary hypertension, obstructive 

sleep apnea, and acute coronary syndrome and were associated with vascular disorders 60,61. 

Several factors might explain the discrepancy between prior studies and our work. In some studies, 

RBC-EVs were generated after RBC storage, which may alter RBC-EV content. Others also 

included smokers and subjects with cardiovascular complications, whereas we excluded these 

groups. Another possibility is an assay artifact. Hemoglobin in RBC-EVs may quench the 
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H2DCFDA signal in endothelial cell. Additional research is required to clarify the underlying 

mechanisms for reduced ROS in our studies. 

 

4.5 Limitations: 

 This study has some limitations related to our study population. The diabetic subjects who 

donated blood in our study had well-controlled glucose, which could have contributed to the low 

ROS in the diabetic RBCs. In the future, we may need to set a threshold for HbA1c values to better 

understand the impact of chronic hyperglycemia on RBC oxidative stress. In addition, the diabetic 

subjects were older on average than non-diabetic subjects. Since RBC ROS increases with age, 

this could confound our results. 

4.6 Conclusion: 

Diabetic RBCs had less intracellular glutamate and higher ROS following tBHP treatment. 

Although RBCs took up glutamine to make glutamate, this did not reduce RBC oxidative stress. 

Neither diabetic nor non-diabetic piezo1-induced RBC-EVs negatively impacted endothelial cell 

function. Together, these results suggest that diabetic RBCs exhibit impaired redox adaptability 

rather than elevated basal oxidative stress, and that RBC-EVs generated through piezo-1 

stimulation may influence endothelial redox balance differently than RBC-EVs generated via 

storage.  
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Chapter 5: Conclusion and Future work 

5.1 Thesis summary 

Cardiovascular complications are the leading cause of morbidity and mortality in subjects 

with diabetes. Endothelial cells and red blood cells (RBCs) become dysfunctional when exposed 

to hyperglycemia associated with diabetes, partially driven by disruption of redox balance leading 

to increased oxidative stress. The adverse effects of hyperglycemia may be further amplified 

through interactions between dysfunctional RBCs and the endothelium via extracellular vesicles 

(EVs), which can carry pro-oxidant and pro-inflammatory cargo. Glutamine, the most abundant 

amino acid in the body, is reduced in the serum of diabetic subjects, and glutamine 

supplementation has been shown to have anti-inflammatory and antioxidant effects. In this thesis, 

I investigated how glutamine affects the metabolism and function of endothelial cells under 

hyperglycemic conditions and RBCs from diabetic subjects. I further examined how diabetic RBC-

EVs influence endothelial cell function. I demonstrated that glutamine enhanced NADPH and 

glutathione synthesis in endothelial cells, thereby reducing oxidative stress. In contrast, glutamine 

supplementation did not decrease RBC oxidative stress. Glutamine supplementation altered 

endothelial cell systemic metabolism by enhancing oxidative respiration, succinate dehydrogenase 

activity, UDP-GlcNAc formation, and ornithine cycle flux while decreasing membrane fatty acids 

and 1C metabolites. These findings suggest the potential of glutamine supplementation to reduce 

oxidative stress in diabetes while emphasizing the need for cell-type specific considerations to 

optimize its therapeutic impact. 
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5.2 Specific discoveries 

The overall goal of this thesis is to understand how glutamine impacts vascular cells, 

including endothelial cells and RBCs, under diabetic conditions. I modeled hyperglycemia in vitro 

and obtained RBCs from diabetic subjects and measured the impact of glutamine on oxidative 

stress. Maintaining oxidative balance in the vasculature is critical because oxidative stress impairs 

vasodilation and promotes inflammation. I hypothesized that glutamine supplementation above 

physiological concentrations would protect endothelial cells and RBCs from oxidative stress 

induced in diabetic conditions.  

In Chapter 2, I treated endothelial cells with varied glutamine concentrations in both 

normo- and hyper-glycemia. I showed that glutamine deficiency increased oxidative stress 

regardless of glucose concentration, whereas glutamine supplementation significantly decreased 

oxidative stress through increased NADPH and GSH synthesis. I also demonstrated that in normal 

glucose conditions, 2 mM glutamine improved vasodilation ex vivo, with no changes to NO 

synthesis in vitro. These findings suggest that glutamine promotes vascular relaxation primarily 

through reduced ROS and decreased NO scavenging, rather than by increasing NO synthesis. This 

clarifies inconsistencies in the literature regarding the relationship between glutamine and NO. 

Overall, these results support a beneficial role for glutamine in maintaining endothelial antioxidant 

defense under both physiological and hyperglycemic conditions and suggest that glutamine 

depletion or defect metabolism may impair endothelial function. 

In Chapter 3, I further investigated endothelial cell glutamine metabolism in physiological 

and supraphysiological glutamine concentrations. I incubated endothelial cells with 0-10 mM 

glutamine in both normo- and hyperglycemia conditions. While endothelial cells continued to take 

up glutamine, they stopped secreting glutamate above 2 mM glutamine. Using optimized isotope 
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labeling, I traced glutamine carbons through the forward and reverse TCA cycle and demonstrated 

that increasing glutamine concentration enhanced forward TCA cycle activity but did not 

significantly impact reverse TCA cycle flux. The presence of glutamine increased most TCA 

metabolites, glutathione, proline, aspartate, and UDP-GlcNAc; however, glutamine decreased 

succinate, citrulline, arginine, the fatty acids EPA and icosatrienoic acid, and 1C metabolites folate 

and histidine. Decreased total metabolite abundance in the 1C pathway and EPA suggest increased 

pathway activity and fatty acid oxidation, potentially supporting nucleotide and macromolecule 

synthesis. Principal component analysis of glutamine-carbon labeled metabolites showed clear 

separation between endothelial cells cultured with and without glutamine but no separation at 

higher glutamine concentrations. These data suggest that excess glutamine is largely stored by 

endothelial cells, perhaps due to limited GLS-1 enzymatic capacity, and that glutamine provides 

carbon for central metabolic pathways while also impacting interconnected metabolic networks. 

In Chapter 4, I incorporated a clinical model of diabetes by analyzing RBCs collected from 

diabetic and non-diabetic subjects. Diabetic RBCs showed significantly higher intracellular 

glucose and lactate and significantly lower intracellular glutamate compared to non-diabetic 

RBCs. At baseline, oxidative stress was similar between diabetic and non-diabetic RBCs. 

However, upon exposure to the oxidant tBHP, diabetic RBCs exhibited a greater increase in ROS, 

suggesting reduced antioxidant capacity. Unlike endothelial cells, RBCs did not increase GSH or 

reduce oxidative stress in response to glutamine supplementation after 24 hours. This may reflect 

enzymatic constraints within the RBC glutamate and glutathione synthesis pathway. 

I also investigated the interaction between RBCs and endothelial cells through RBC-EVs. 

RBC-EVs were generated through piezo1 stimulation, which mimics physiological shear stress. In 

contrast to storage derived RBC-EVs reported in previous studies, piezo1 stimulated EVs from 
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both diabetic and non-diabetic RBCs did not increase endothelial inflammation and may even have 

reduced oxidative stress. These findings suggest that EV generation methodology significantly 

influences functional outcomes and that physiologically generated RBC-EVs from diabetic 

subjects may not impair endothelial function. 

 

5.3 Contributions to the field 

Although current diabetes treatments are effective in controlling blood glucose levels, 

diabetic subjects continue to experience a higher risk of cardiovascular complications39,67. 

Glycemic control alone is not sufficient to protect diabetic subjects from cardiovascular disease, 

and additional strategies are needed to reduce cardiovascular risk in diabetes. Several in vivo, ex 

vivo, and in vitro studies suggest that glutamine supplementation can reduce oxidative stress and 

vascular damage 128,129,233 However, the impact of glutamine availability on the metabolism and 

function of circulating RBCs and endothelial cells and their interaction under diabetic conditions 

is not fully understood. 

In this thesis, I demonstrated the impact of glutamine availability in an in vitro 

hyperglycemic model and, for the first time, showed that glutamine prevents oxidative stress in 

hyperglycemia through enhanced NADPH and GSH synthesis. Because glutamine and glucose 

metabolism are interconnected, it was important to determine how changes in glutamine 

availability influence endothelial metabolism and function under elevated glucose. While previous 

studies showed that glutamine decreases ROS under normal glucose conditions 85, its role in 

hyperglycemia had not been investigated. In addition, this study used primary HCAECs and 15 

mM glucose, which more closely reflect pathophysiological conditions compared to 

supraphysiological glucose concentrations commonly used in other studies. 
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This work is also the first to systematically investigate glutamine’s metabolic fate across a 

range of concentrations, including supraphysiological levels typically present in cell culture media. 

I demonstrated that increasing glutamine above physiological concentrations does not significantly 

alter major metabolic pathways, likely due to enzymatic limitations. Instead, endothelial cells store 

intracellular glutamine, potentially as a carbon reservoir to account for future nutrient variability. 

These findings suggest that if the goal of glutamine supplementation is to enhance glutamine 

metabolic flux, key glutaminolysis enzymes would also need to be modified to fully benefit from 

glutamine metabolism’s antioxidant and anti-inflammatory effects. 

Furthermore, my data revealed that increasing glutamine availability significantly reduced 

succinate, 1C metabolites, and intracellular membrane fatty acids in endothelial cells. These 

findings suggest novel mechanisms through which glutamine may regulate endothelial function 

by limiting succinate-induced HIF-1α signaling and inflammation 199–201, supporting redox balance 

and biosynthetic capacity through enhanced 1C metabolism 181, and modulating PUFA eicosanoids 

and vascular signaling molecules168,209. 

The findings of this work suggest that glutamine can metabolically support endothelial 

cells by enhancing antioxidant capacity, particularly through promoting glutathione synthesis, 

thereby reducing oxidative stress. In this context, while therapies such as semaglutide address 

upstream metabolic dysfunction, glutamine may act downstream by mitigating oxidative stress–

induced endothelial dysfunction. This distinction highlights a potential role for glutamine in 

targeting vascular-specific mechanisms that are not directly addressed by current systemic 

therapies. 

This study is also the first to demonstrate that intracellular glutamate is significantly 

decreased in RBCs from diabetic subjects, suggesting glutamate restoration as a potential 
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therapeutic target to improve antioxidant capacity. In addition, this is the first study to investigate 

the impact of glutamine supplementation on RBCs isolated from diabetic subjects. Unlike 

endothelial cells, RBCs did not increase GSH synthesis in response to glutamine supplementation, 

suggesting enzymatic constraints in RBCs glutathione metabolism. 

Finally, this work is the first to generate RBC-EVs from diabetic subjects using a 

physiologically relevant piezo1 mediated stimulation method previously established in our 

laboratory 46. In contrast to EVs generated through RBC storage, which may induce cellular stress, 

piezo1 stimulated RBC-EVs did not increase inflammation or oxidative stress in endothelial cells. 

These findings provide new insight into RBC-EV biology in diabetes and highlight the importance 

of EV generation methodology when interpreting functional outcomes. 

 

 

5.4 Future studies 

5.4.1 Incorporation of multifactorial metabolic changes and sex-specific variability. 

Diabetes is associated with metabolic alterations beyond hyperglycemia, including changes 

in lipid profiles and increased inflammatory cytokines 166,167,234. Therefore, future studies should 

incorporate these multifactorial metabolic changes to better reflect the diabetic environment. 

Additionally, the endothelial cells used in this study were derived from a single male donor. 

Given that cardiovascular disease differs in males and female subjects 235, it is important to repeat 

these experiments using cells from multiple donors of different sexes to confirm the robustness 

and generalizability of these findings. 
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5.4.2 Investigating the interplay between glutamine and glucose and transient metabolic 

responses 

In this work, I used 1-¹³C-glutamine and 5-¹³C-glutamine to trace glutamine metabolism. 

However, glutamine and glucose metabolism are interconnected, and changes in one pathway can 

impact the other. Future experiments using U-¹³C-glucose with increasing glutamine concentration 

would provide deeper insight into how glutamine availability influences glucose carbon flux. This 

will be especially important under hyperglycemic conditions, in which both metabolites may be 

altered. 

In addition, the current study assessed glutamine metabolism at steady state. We do not yet 

have information on the transient effects of glutamine on endothelial metabolic activity. This is 

particularly relevant for rapid processes such as glycolysis, where steady-state metabolite levels 

may not accurately reflect real time flux changes. Real time isotope tracing would help clarify 

these dynamic effects. 

 

5.4.3 Overcoming potential enzymatic constraints in RBCs and glutathione loading. 

While RBC intracellular glutamate was lower in RBCs from diabetic subjects, glutamine 

supplementation did not increase RBC GSH or reduce RBC oxidative stress. This may be due to 

limited enzymatic activity within the RBCs. To overcome this potential constraint, direct GSH 

loading into RBCs using hypotonic methods could be explored 236. Hypotonic GSH loading could 

protect RBCs during clinical interventions such as dialysis or heart-lung bypass or in RBC storage. 

Since RBCs shed EVs during circulation, increasing intracellular GSH may also increase GSH 

content within RBC- EVs. This could potentially improve the redox status of recipient cells 

through EV uptake. 
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5.4.4 Integrating metabolic disruption in diabetes with RBC-EV effects. 

In this study, RBC-EVs from both diabetic and non-diabetic subjects did not increase 

endothelial inflammation or oxidative stress under our experimental conditions. This suggests that 

RBC-EVs alone may not be sufficient to induce dysfunction. However, in vivo, RBC-EVs are 

released in the context of hyperglycemia, hyperlipidemia, and systemic inflammation. It is 

therefore possible that RBC-EVs contribute to endothelial dysfunction only in the presence of 

these additional stressors. Future studies should investigate the combined effects of RBC-EVs with 

hyperglycemia, altered lipid profiles, inflammatory cytokines, and inflammatory cells to better 

model the diabetic environment.  
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